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Among the myriads of volumes dedicated to various aspects of photosynthesis, the current
one is singular in integrating an update of the most recent insights on this most important
biological process in the biosphere. While photosynthesis fuels all the life supporting proc‐
esses and activities of all living creatures on Earth, from bacteria though mankind, it also
created in the first place, our life supporting oxygenic atmosphere, and keeps maintaining it.
This volume is organized in four sections: I) Mechanisms, II) Stress effects, III) Methods, and
IV) Applications.
The first section of the present volume, that of Mechanisms, summarizes recent develop‐
ments in our understanding of the photosynthetic process. This is the focus of the chapters
critically reviewing and updating our knowledge and theories regarding the electron trans‐
fer routes (Jurić et al.) and that by Nonomura and Benson who summarize new findings
regarding the Calvin Cycle, presenting an up-to-date scheme of path of carbon in photosyn‐
thesis. The functional properties of the various chlorophylls are regarded from a fresh angle,
made possible by up-to-date physicochemical tools in the chapter by Masami Kobayashi et
al. The new insights of photosynthesis are integrated in the chapter by Matiz et al., describ‐
ing the special mechanisms involved in the CAM version of photosynthesis evolved in Bro‐
meliads and Agaves and its advantages under ambient climatic conditions. Iluz and
Dubinsky present the theoretical definitions and experimental difficulties regarding the esti‐
mation of the quantum yield of photosynthesis in the chapter demonstrating these problems
in the case of the determination of the quantum yields of photosynthesis of phytoplankton
in a marine depth profile.
That section is followed by a review of stressors that affect the photosynthesis rates at the
molecular level. An example of such stressor effects on photosynthesis is provided in the
chapter describing the sensitivity and tolerance of stress in sugarcane varieties by Galon et
al. The acclimation of picophytoplankton to supraoptimal irradiance levels under different
temperatures is illustrated by Kulk et al., who shows the mitigation of stressor impact on
photosynthesis, in the special case of the dominant oceanic phototrophs, cyanobacteria and
prochlorophytes. An example of the toxic effect of heavy metals on photosynthetic perform‐
ance is illustrated by the study of the mechanism of action of hexavalent chromium on spi‐
nach chloroplasts (Pandey et al.). The modus operandi of stressors on the molecular level as
they affect PSI gene transcription is integrated in the chapter by Ozakca.
In the Methods section the reader is introduced to the underexploited potential of EPR spec‐
troscopy in the understanding of the mode of action of stressors on the structure and per‐
formance of the photosynthetic apparatus (Šeršeň and Kráľová), thereby linking the
chapters focusing on stressors with that of emerging methodologies. Photoacoustics, the
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Dubinsky present the theoretical definitions and experimental difficulties regarding the esti‐
mation of the quantum yield of photosynthesis in the chapter demonstrating these problems
in the case of the determination of the quantum yields of photosynthesis of phytoplankton
in a marine depth profile.
That section is followed by a review of stressors that affect the photosynthesis rates at the
molecular level. An example of such stressor effects on photosynthesis is provided in the
chapter describing the sensitivity and tolerance of stress in sugarcane varieties by Galon et
al. The acclimation of picophytoplankton to supraoptimal irradiance levels under different
temperatures is illustrated by Kulk et al., who shows the mitigation of stressor impact on
photosynthesis, in the special case of the dominant oceanic phototrophs, cyanobacteria and
prochlorophytes. An example of the toxic effect of heavy metals on photosynthetic perform‐
ance is illustrated by the study of the mechanism of action of hexavalent chromium on spi‐
nach chloroplasts (Pandey et al.). The modus operandi of stressors on the molecular level as
they affect PSI gene transcription is integrated in the chapter by Ozakca.
In the Methods section the reader is introduced to the underexploited potential of EPR spec‐
troscopy in the understanding of the mode of action of stressors on the structure and per‐
formance of the photosynthetic apparatus (Šeršeň and Kráľová), thereby linking the
chapters focusing on stressors with that of emerging methodologies. Photoacoustics, the
term coned in the 19th century by Bell, has met some application to the study of photosyn‐
thesis in intact leaves in the air phase, but its use and potential in the study of phytoplank‐
ton and aquatic phototrophs is in its infancy as it provides an efficient tool for evaluating the
quantum yields of photosynthesis. Pinchasov-Grinblat and Dubinsky show that the photo‐
synthetic efficiency parameter is a sensitive reporter of the health of photosynthesizers es‐
sential for ecological monitoring as well as for estimating the performance of algal
photobioreators whose economic viability depends to a major extent on the efficiency of
photosynthetic solar energy conversion into valuable products such as biodiesel.
Different aspects of photosynthesis, and in particular factors that affect its performance and
yields, are presented and discussed in the three chapters in the Applications section, demon‐
strating diverse facets of the process’s applications. A generalized overview of the large-
scale energetics of photosynthesis (Tan and Amthor) including natural and agro-ecosystems,
terrestrial and aquatic, is followed by an extensive insightful and detailed discussion of the
pathways channeling photosynthate into economically valuable algal lipids and hydrocar‐
bons, obtained by the latest available tools (Shiraiwa and Baba).
Finally, Grobbelaar presents a detailed analysis of the application of photosynthesis in mi‐
croalgal biotechnology, discusses its physiological basis, while he delineates physical boun‐
daries limiting its yet unfulfilled promises. The author, compares and evaluates different
methods in the large scale culture of algae for the generation of products ranging from bio‐
diesesel and fine chemicals- to mariculture feeds, and underscores the difficulties in its ma‐
terialization.
Prof. Emeritus Zvy Dubinsky
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The Path of Carbon in
Photosynthesis - XXX - α-Mannosides
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1. Introduction
For decades, discoveries have been reported in the series, The Path of Carbon in Photosynthesis,
including a chapter elucidating a competitive mechanism for binding and releasing sugars
from lectins [1], and we present current research that further supports this mode of activity.
From the inception of the series [2] and onward, the program has been based on interdiscipli‐
nary discourse resulting in achievements of the first order [3], legendary advances of the Path
including publications describing the initial products of carbon fixation and with diagram‐
matic summarization [4]. As a result of the search for carbon fixation intermediates by feeding
single carbon fragments (C1) from 14C-methanol to Scenedesmus and Chlorella, methanol was
later applied to improve the growth rate of “Showa” [5]. Colonies of “Showa” were proven to
accumulate in vitro concentrations of 30% to 40% botryococcenes, the highest in the field of
hydrocarbon sources for renewable automobile and aviation fuels [6,7] and, as an adjunct to
C1-cultivation, foliar applications of 15 Molar C1 formulated with fertilizers were developed
[8] and independently verified [9,10]. Consistent with field observations, foliar C1 inhibited
glycolate formation [11]; and thereafter, the application of nuclear magnetic resonance to
follow in vivo metabolism of methanol identified methyl-β-D-glucoside (MeG) [12]. As a
consequence of our survey of substituted glycosides, it was shown that not only do glycosides
improve productivity, but they also are transported in plants from root to shoot and from shoot
to root [13-15]. Furthermore, formulations of polyalkylglycoside and mixed polyacylglyco‐
pyranose (MPG) were far more potent than MeG [1].
Having established a history of consistent responses to these substrates, we had often taken
note of significant differences that were clearly distinguishable to the naked eye; and so we
sought methods to photodocument the events by developing systems for cultivation in glass
microbeads (μBeads). Thus, we present images of plants treated with indoxyl-β-D-glucoside
© 2013 Nonomura and Benson; licensee InTech. This is an open access article distributed under the terms of
the Creative Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits
unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.
© 2013 Nonomura and Benson; licensee InTech. This is a paper distributed under the terms of the Creative 
Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
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(IG) as compared to controls. Previously, significant responses of plants to IG had been
reported [15,16]; therefore, in our applications of μBeads, the purpose of this section is to
exhibit responses of representative plants without further statistical treatment. In addition to
serving as solid support media, μBeads refract light to the improvement of photosynthetic
efficiency. Not only does the boost to solar intensity from μBeads have the potential to improve
productivity, when increased to saturation, it can have the opposite effect of inhibiting growth
by photorespiration. Therefore, in consideration of the critical balance that must be achieved,
we cultivated plants in μBeads with safeners, selecting appropriately structured substituted
sugars.
α-Glycosides have higher binding affinities to lectins over β-glycosides, therefore, we under‐
took experiments comparing mixed α-and β-anomers to α-mannosides. Mannose polyacetates
and methyl-α-D-mannoside were applied to plants because they are closely related to
compounds for which we had established dosing. Additionally, responses to low concentra‐
tions of arylglucosides, such as IG, provided a starting range of dose requirements for an
arylmannoside; and consistent with our hypothesis for specific affinities of lectins, we
discovered the highest potencies with μM α-mannosides.
2. Materials and methods
Plants were cultured in research facilities according to previously described methods [1].
Consistency of response to treatments was achieved by supplementation with chelated Ca and
Mn. Solutions for foliar applications included phytobland surfactants, but formulas for roots
did not. Controls were placed in the same location and all plants were given identical irrigation,
fertigation, and handling. Plants were matched to control populations, treated within a week
of emergence of cotyledon and true leaves. After treatment, individual plants were scheduled
for harvest and analysis. For biomass, plants were dried overnight and weighed. The per‐
formance of compounds was evaluated by comparing statistical means of individual dry
weights of shoots and roots. All plants were regularly given modified Hoagland water-culture
nutrients [17]. Foliar spray applications of identical volumes, either 100 or 186 liters/hectare
(L/ha), were mechanically applied. Manual sprays were spray-to-drip volumes of approxi‐
mately 800 L/ha. For all populations, means of different treatment groups were compared
using two-tailed Student’s t-test with p-values significant within 95% confidence intervals.
Counts of populations are "n" values and standard error is denoted “±SE.” Specialty chemicals
from Sigma (St. Louis, MO, USA), included the following: tetramethyl-β-D-glucoside (TMG);
tetraacetyl-D-glucopyranose (TAG); pentaacetyl-α-D-mannopyranose (MP); p-amino-phenyl-
α-D-mannoside (APM); methyl-α-D-mannoside (MeM) and methylglucoside (MeG). MPG
was synthesized with modification [1,18]; and 2,3,4,6-tetra-O-acetyl-D-mannopyranose mixed
α- & β-anomers was from Toronto Research Chemicals, North York, ON, Canada. As required,
MP and APM were dissolved in a lower aliphatic alcohol prior to dilution in aqueous media.
Vascular plants included Canola Nexera 500, Brassica napus L., a shoot crop; radish ‘Cherry
Belle’ Raphanus sativus L., a root crop; rice, Oryza sativa L., a cereal crop; corn TMF 114, Zea
mays L. ssp. Mays; ryegrass, Lolium multiflorum Lam., cv Gulf; paperwhite, Narcissus papyra‐
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ceus Ker Gawl; ornamental coleus, Solenostemon scutellaroides (L.) Codd; and these species were
maintained as previously described [13,16].
Rapid Radish Assay –Radiolabeled methylglucoside is transported into leaves within minutes
[14], therefore, we developed a bioassay that could be run within a few days. Furthermore, in
the course of surveying different species of plants, we observed germination of radish within
24 h. Therefore, we treated radish with substituted α-mannosides in water culture nutrients
after emergence of hypocotyls as a means of testing our lectin cycle. Radish was sown on 25 -
30 cm Pyrex® dishes with lids or 150 X 15 mm polystyrene Petri dishes filled to depths of seeds
with ½X modified Hoagland water-culture nutrients until emergence of hypocotyls. The
nutrient solution served as the stock diluent and nutrient control. Overnight, approximately
a fifth of the population germinated and those that had shed seed coats were selected for trials.
Sprouts were matched for size of cotyledons and hypocotyl and were transferred to Nutrient
Control solution or experimental α-mannosides. In glass dishes, experiments with MP were
undertaken completely in water-culture solution. Experiments with APM in water-culture
solution were undertaken by sowing sprouted radish seeds on filter paper moistened with
treatment or Nutrient Control solutions. Assays were maintained under environmental
conditions as follow: Photosynthetically active radiation 100 μEin m−2 s−1, diel cycle of 16:8 h
light:dark, 26:26° C.
Glass microbeads - Materials and methods for utilization of clear glass microbeads (μBeads)
were previously described [16]. Briefly, μBeads were obtained with the following specifica‐
tions: Nominal modal diameters 500 - 700 μm; density 2.5 g/cc; pH 9; and sodalime glass.
Reference to the size of a μBead refers to its μm diameter. Reflected light intensity (I) was
measured out-of-doors directly over bare sandy loam as compared to 1 cm layer of μBeads
where solar I was in the range of 1700 to 1800 μEin m-2 sec-1. For drainage, containers were
perforated with holes smaller than the μBeads. Prior to sowing seeds, μBeads were saturated
with pH 6 “nutribead” (modified Hoagland) solution [17] for drip fertigation (<1 L/h) or hourly
misting. After >8 h uptake of treatments, fertigation resumed in a manner consistent with pH-
control and cultures were regularly given equal volumes of nutribead solution. Controls were
placed side-by-side and cultivated likewise. Basal plates of bulbs were immersed into mois‐
tened 700 μm μBeads to initiate rooting, after which they were treated. For photography,
μBeads were saturated with water and individual plants were manually lifted out. When roots
were dipped in a beaker of water, most of the μBeads dropped off. Representative plants were
selected visually from among experimental populations for macrophotography. To avoid
injury from dehydration, plants were photographed within a minute and returned to water.
3. Results
The investigations include summaries of previously described experiments with poly-
substituted glycopyranoses formulated with nutrients [1]. Manual spray-to-drip foliar
treatments were applied to even stands of 5 cm tall radish, as follow: Nutrient Control with 1
g/L surfactants; and 0.3 mM TMG and 1 mM TMG with 1 g/L surfactants. Foliar applications
The Path of Carbon in Photosynthesis - α-Mannosides
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exhibit responses of representative plants without further statistical treatment. In addition to
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discovered the highest potencies with μM α-mannosides.
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nutrients [17]. Foliar spray applications of identical volumes, either 100 or 186 liters/hectare
(L/ha), were mechanically applied. Manual sprays were spray-to-drip volumes of approxi‐
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using two-tailed Student’s t-test with p-values significant within 95% confidence intervals.
Counts of populations are "n" values and standard error is denoted “±SE.” Specialty chemicals
from Sigma (St. Louis, MO, USA), included the following: tetramethyl-β-D-glucoside (TMG);
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α-D-mannoside (APM); methyl-α-D-mannoside (MeM) and methylglucoside (MeG). MPG
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Belle’ Raphanus sativus L., a root crop; rice, Oryza sativa L., a cereal crop; corn TMF 114, Zea
mays L. ssp. Mays; ryegrass, Lolium multiflorum Lam., cv Gulf; paperwhite, Narcissus papyra‐
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ceus Ker Gawl; ornamental coleus, Solenostemon scutellaroides (L.) Codd; and these species were
maintained as previously described [13,16].
Rapid Radish Assay –Radiolabeled methylglucoside is transported into leaves within minutes
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24 h. Therefore, we treated radish with substituted α-mannosides in water culture nutrients
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30 cm Pyrex® dishes with lids or 150 X 15 mm polystyrene Petri dishes filled to depths of seeds
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placed side-by-side and cultivated likewise. Basal plates of bulbs were immersed into mois‐
tened 700 μm μBeads to initiate rooting, after which they were treated. For photography,
μBeads were saturated with water and individual plants were manually lifted out. When roots
were dipped in a beaker of water, most of the μBeads dropped off. Representative plants were
selected visually from among experimental populations for macrophotography. To avoid
injury from dehydration, plants were photographed within a minute and returned to water.
3. Results
The investigations include summaries of previously described experiments with poly-
substituted glycopyranoses formulated with nutrients [1]. Manual spray-to-drip foliar
treatments were applied to even stands of 5 cm tall radish, as follow: Nutrient Control with 1
g/L surfactants; and 0.3 mM TMG and 1 mM TMG with 1 g/L surfactants. Foliar applications
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of 1 mM TMG to radish shoots resulted in a significant (n=36; ±SE 0.07; p=0.05) 27% enhance‐
ment of mean weights of roots over those of the Nutrient Control. The low concentration of
0.3 mM TMG showed no significant difference (n=36; ±SE 0.05; p=0.8) from Control in either
growth of radish shoots or roots. The test was calibrated to deliver a volume typical for row
crops, 186 L/ha, as follows: Nutrient Control as compared to 3 mM TMG, identically supple‐
mented. The application of foliar 3 mM TMG resulted in a significant (n=18; p=0.03) increase
over the Nutrient Control. TAG is similar to TMG except that it is substituted around the
pyranose-ring with four acyls instead of alkyls. Foliar 10 mM TAG and Nutrient Control
solutions were applied to shoots of radish and harvested a week later and results showed a
significant (n=11, p=0.004) 27% increase of root mean dry weight as compared to Nutrient
Control. The growth response of the roots of radish to foliar TAG, therefore, was similar to
that of TMG. Tests were extended to various species of plants and, on Canola, responses to
foliar applications of 3 mM MPG, 4 mM TAG and 309 mM MeG were compared. Results are
graphically depicted in Figure 1. Three treated populations each showed significant (p=0.000)
shoot wet weight increases over Nutrient Control, as follow: 3 mM MPG n=37, 18% increase;
4 mM TAG, n=35, 20% increase; and 309 mM MeG, n=36, 14% increase. Foliar 3 - 4 mM
polyacetylglucopyranoses showed activity comparable to the higher dose of 309 mM MeG.
!
Figure 1. Foliar applications with low concentrations of polyacetylglucopyranoses, 3 mM MPG and 4 mM TAG, were
comparable to treatments with high methylglucosides, 309 mM MeG, resulting in significant shoot enhancements
over Nutrient Control. Error bars indicate ±SE.
Treatment of rice with the application of MPG to roots was compared to MeG. Roots exposed
to formulations of 500 μM MPG and 50 mM MeG showed significant (n=27; p=0.000) increases
in shoot yields of approximately 15% over controls. Roots of corn immersed in 1 mM MPG
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were compared to Nutrient Control, individual shoots were harvested after two weeks, and
results showed significant (n=21; mean dry weight p=0.00; mean wet weight p=0.000) increases
of 12% in vegetative yields of shoots over the population of Nutrient Control.
Rapid Radish Assay – Methods with radish enabled repetitious runs in the laboratory to
determine the range of effective doses and to yield robust data. As mixed α- and β-anomers,
TAM was compared to the α-anomer, MP. Within one day of exposure to 1 mM TAM or 100
μM MP, early greening of the cotyledon leaves was visually discernible from leaves of the
Nutrient Control. After 48 h, sprouts treated to 1 mM TAM or to 100 μM MP showed advanced
growth responses as compared to the nutrient Control. Application of 1 mM TAM in water-
culture to radish sprouts resulted in statistically significant enhancement of mean dry weight
(n=41; 8.8 mg) of whole plants over mean dry weight of the nutrient Control (n=41; 7.4 mg;
p=0.002). At a lower dose, treatment with 100 μM TAM resulted in no significant difference of
mean dry weight (n=41; 8.1 mg; p=0.11) from the nutrient Control. Application of MP to radish
sprouts resulted in significant enhancement of mean dry weight (n=41; 8.2 mg) of whole plants
over the mean dry weight of the nutrient Control (n=41; 7.4 mg; p=0.05). Therefore, the α-
anomer showed higher potency than the mixed anomers and these effective doses of 100 μM
MP and 1 mM TAM are compared to the nutrient Control in Figure 2.
Figure 2. Treatment of radish by 100 μM pentaacetyl-α-D-mannpyranose (MP 100) and 1000 μM tetraacetyl-D-man‐
nopyranose, mixed α/β-anomers (TAM 1000) with nutrients resulted in enhanced whole plant mean dry weight over
that of the nutrient Control after 2 days. The α-mannose was more potent than the mixed α/β-anomers. Error bars
indicate ±SE.
Owing to enhanced growth and deeper pigmentation in response to treatments with manno‐
sides, we sought a higher potency response, therefore, undertaking rapid radish assays with
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methyl-α-D-mannoside. Soon after first morning light, exposure of radish sprouts to 500 μM
MeM resulted in notable greening of the cotyledon leaves within ~24 h. After 48 h, sprouted
germlings treated to 25 μM to 500 μM MeM showed advanced growth responses as compared
to Nutrient Control, roots and shoots showing robust enhancement of growth over the nutrient
Control, as follow: Application of 500 μM MeM to radish sprouts resulted in statistically
significant 11% enhancement of mean dry weight (n=10; 10.3 mg) of whole plants over nutrient
Control mean dry weight (n=10; 7.9 mg; p=0.000). Treatment with 100 μM MeM resulted in a
highly significant 17% enhancement of mean dry weight (n=15; 10.9 mg) over the mean dry
weight of the Nutrient Control (n=35; 8.7 mg; p=0.003); 50 μM MeM resulted in significant 11%
enhancement of mean dry weight (n=10; 11 mg) over mean dry weight of the Nutrient Control
(n=10; 9.9 mg; p=0.03); and 25 μM MeM resulted in a significant 12% enhancement of mean dry
weight (n=20; 10 mg) over mean dry weight of the Nutrient Control (n=35; 8.7 mg; p=0.03).
Results of dosing radish roots with 25 μM and 100 μM MeM are graphically summarized in
Figure 3.
Figure 3. Immersion of radish sprouts in methyl-α-D-mannoside (MeM) resulted in significantly increased whole plant
mean dry weights of approximately 17% and 12% over the population of the Nutrient Control in 48 h. Error bars indi‐
cate ±SE.
Photosynthesis8
Figure 4. Treatment of radish with methyl-α-D-mannoside, right, showed enhanced pigmentation and general
growth as compared to Nutrient Control, left. By harvest time on the 2nd day, expansion of treated cotyledon leaves
and roots was clearly advanced over the Control. Scale bar = 1 cm.
Early on at 24 h, rapid responses were exemplified by visual comparisons of treated and control
radish, shown in Figure 4. In one day, treatments with 500 μM MeM, right, showed deeper
pigmentation, longer roots and larger expansion of cotyledon leaves as compared to the
Nutrient Control, left.
Experience with IG now guided the next experiments to test another arylmannoside, p-amino-
phenyl-α-D-mannoside (APM), for higher potency than the aforementioned 25 μM MeM.
Immersion of radish sprouts in 100 μM APM resulted in a statistically significant 10% increase
of mean dry weight (n=10; 11 mg) over the Nutrient Control (n=10; 9.9 mg; p=0.01). Hydroponic
culture of radish sprouts on filter paper moistened with 10 μM APM in nutrient solution
resulted in a significant 13% increase of mean dry weight (n=20; 10.3 mg) over Nutrient Control
(n=40; 8.7 mg; p=0.01); but, the mean dry weight of 5 μM APM (n=20; 9.4 mg) was not signifi‐
cantly difference to that of the Nutrient Control (n=40; 8.7 mg; p=0.06). Results of the high
potency response of radish roots to 10 μM APM are summarized in Figure 5.
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Figure 5. Treatment of radish sprouts in 10 μM p-amino-phenyl-α-D-mannoside (APM 10) enhanced whole plant
mean dry weight over the nutrient Control after 2 days. The population treated with 5 μM APM showed no significant
difference of mean dry weight as compared to the nutrient Control, but APM 10 showed the highest potency of the
series, thus far. Error bars indicate ±SE.
Representative selections from the population treated with an arylmannoside are compared
to a nutrient Control, exhibited in Figure 6. A radish germling treated with 10 μM APM, right,
showed longer roots and larger expansion of cotyledon leaves as compared to the nutrient
Control, left. Also, healthy root hairs are evident. In this experiment, we established the highest
potency of the currently tested series of compounds and the growth responses that resulted
may be attributable to the specific binding affinities of α-mannosides to lectins.
Glass Microbeads The various μBeads that we tested provided support for hydroponic culture
of plants with erect plants anchored by their roots in μBeads and detailed results were
previously reported [16]. Aeration appeared to be adequate in our container cultures and we
found that the larger the μBeads, the longer the durations of pH-stability. For example, 700
μm μBeads maintained neutrality for a full day or longer, but 100 μm μBeads rose above pH
8 within a few hours. When starting seeds in 700 μm μBeads, maintenance of moisture at the
surface is critical to germination because the top layer tends to drain completely of water,
possibly leaving the seeds to desiccate. At harvest, roots were immersed in full beakers of
water, whereupon, μBeads rolled off of the roots and dropped to the bottom of the beaker.
Cuttings of coleus propagated in 500 μm μBeads with daily exchanges of nutribead solution
showed roots, intact hairs and caps within two weeks, as displayed in Figure 7.
Photosynthesis10
Figure 6. Within 2 days, treatment of radish sprouts by 10 μM p-amino-phenyl-α-D-mannoside, right, showed ad‐
vanced growth as compared to Nutrient Control, left. Scale bar = 1 cm.
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Figure 7. Root hairs of coleus after propagation in 500 μm μBeads are shown. A dip in water rolled μBeads off of
roots, leaving the plant intact. The true color image, left, shows root hairs covering the top two-thirds of the white
root; and the inverted color image, right, displays the root hairs in silhouette.
Paperwhite narcissus, was cultured in 700 μm μBeads in clear plastic 11 cm tall cylinders with
<700 μm diameter perforations for drainage. Roots and shoots are exhibited in Figure 8.
Safety Handling μBeads must be performed according to protocols that include reviews of
Material Safety Data Sheets prior to experimentation. If spilled, these glass spheres are slippery
underfoot. Therefore, spills must be picked up immediately with a vacuum cleaner. Bearing
in mind that glass is over twice as dense as water, when lifting a full sack or a 20 L bucket of
μBeads, take precautions to preserve healthy backs by requesting assistance. For laboratory
utilization, sterilize μBeads separately from liquids, preferably by heating the dry glass in 200°
C ovens overnight. Allow several hours for both μBeads and sterile aqueous solutions to cool
to room temperature. Moisten μBeads only after cooling to <40° C to prevent bumping.
Eruptions of wet μBeads in an autoclave may damage valves, controls, glassware, and
instrumentation. Avoid touching μBeads to mucous membranes and eyes. Wear eye protec‐
tion. Don a dust mask to prevent inhalation of μBeads and glass dust.
Refractive Index In kilns, glass beads are melted to form clear glass spheres with highly
polished surfaces. Each μBead is a micro-lens that refracts light. Moreover, diffuse reflection
of light across the surface of a μBead may send a fraction of the light in all directions. Light
may be directed according to the index of refraction of the glass from which μBeads are
manufactured. For example, a μBead with a high index of refraction exhibits reflex reflectivity,
sending light back toward its source. In contrast, a μBead with a lower index of refraction may
send a beam at a right angle to the incoming ray. In Figure 9, theoretical paths of light through
a μBead of high index of refraction, ~1.9, are compared to a μBead with a lower index of
refraction. Coincidentally, familiarity with reflex reflectivity at night from μBead-coated road
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markers and signs had been the primary barrier to consideration of utilization of μBeads in
the light of the day, but the application improves solar illumination of plants. To be true, the
diagram of Figure 9 is portrayed in two dimensions, but the refractive illuminatory effects of
dispersed layers of μBeads are three-dimensional (3D). Solar illumination is diffuse and,
therefore, a contiguous layer of μBeads refracts spherically in all directions. This 3D charac‐
teristic may be observed by viewing the phenomenon through a polarizing filter by which
millions of refractions from μBeads spread over a 1-m2 concrete pad may be seen as an aura
Figure 8. Cultivation of paperwhite narcissus in μBeads show a representative nutrient control, left, with a crown of
roots up to ~5 cm in length around the basal plate; and, by comparison, when treated with IG, right, with roots elon‐
gated ~7 cm.
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refraction. Coincidentally, familiarity with reflex reflectivity at night from μBead-coated road
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markers and signs had been the primary barrier to consideration of utilization of μBeads in
the light of the day, but the application improves solar illumination of plants. To be true, the
diagram of Figure 9 is portrayed in two dimensions, but the refractive illuminatory effects of
dispersed layers of μBeads are three-dimensional (3D). Solar illumination is diffuse and,
therefore, a contiguous layer of μBeads refracts spherically in all directions. This 3D charac‐
teristic may be observed by viewing the phenomenon through a polarizing filter by which
millions of refractions from μBeads spread over a 1-m2 concrete pad may be seen as an aura
Figure 8. Cultivation of paperwhite narcissus in μBeads show a representative nutrient control, left, with a crown of
roots up to ~5 cm in length around the basal plate; and, by comparison, when treated with IG, right, with roots elon‐
gated ~7 cm.
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of a halo. The refraction of sunlight is exhibited in Figure 10 in which an aura surrounds the
16 mm wide-angle lens of the handheld camera at the center, 15-30 cm above the dome of light.
Out of doors, measurements of intensities directly over substrates at 2.5 cm distance were as
follow: Above sandy loam, 270 to 300 μEin m−2 s−1 and over μBeads, 360 to 380 Ein m−2 s−1;
sunlight refracted upward from the ground at approximately 20% higher light intensity than
sandy loam. The additional light intensity from surface refraction may induce midday wilting
for plants placed under direct sunlight and cultivated in μBeads, but may be corrected by
preparing plants with applications of glycosides.
 
 
Figure 9.  The index of refraction of µBeads determines the paths of beams of light.  A µBead 
with a high index of refraction, approximately 1.9, sends light back in the general direction of 
its source, top, a phenomenon known as reflex reflectivity.  A µBead with a lower index of 
refraction, approximately 1.5, may send light out at approximately a right angle to its ap-
proach, bottom.  In each diagram, the symbol for a point source of light is a triangle in a box, 
labeled, “Beam of Light;” The circle labeled “Glass Microbead” represents a single µBead; and 
“Refraction” of a beam of light through the µBead follows the direction of the linear black ar-
rows. Under environments with diffuse lighting, a µBead with a lower index of refraction may 
be a practical consideration. 
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Figure 10. An aura above a layer of µBeads is shown through polarizing filters. The spectral halo, best described as a
three-dimensional rainbow of colors, was the result of upward projections of light by refraction through millions of
µBeads spread in a 2 – 3 mm layer over a flat 1 m2 level concrete area. A 30 cm ruler spans the diameter of the circle of
light and the black silhouette is of the author’s camera and forearm. The hemisphere is brightest toward its center;
moreover, all points of the 1 m2 covered with µBeads were approximately 20% higher in PAR intensity than adjacent
surfaces.
4. Discussion
Innovative glassware has been a hallmark of research in photosynthesis and the application
of μBeads to refract light to the foliage emphasizes an integral role. At the start, we were faced
with several problems; for example, the raw material source of μBeads, recycled sodalime
glass, is alkaline. In practice, we found that the smaller the μBead, the larger the relative surface
area from which to extract native alkalinity; and their value in daylight had not been considered
previously. As pH-stability became an important consideration, it became evident that the
largest μBeads would be the preferred media for green plants. Treatment of μBeads with
nutribead solution overcame the alkalinity problem while providing a buffered environment
for cultivation. Continuous fertigation is a means of stabilizing the medium; and, ideally,
automated pH controllers may be implemented to efficiently meter flow rates in a manner that
permits high density planting. Such is the case exhibited in Figure 11, showing five paperwhite
narcissus plants in a small container with their bulbs nearly apressed. As well, dense cultiva‐
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tion is applicable to protistans as previously demonstrated on “Showa” [1] where frequent
flow through of a pH-adjusted nutribead solution is matched by even drainage. Features of
daylight enhancement are demonstrated in Figure 10, and because I was enhanced, application
of μBeads to crops may entail broadcasting a thin 1-10 mm layer over the ground. As the index
of refraction may be specified to direct light at different angles, μBeads of a lower index of
refraction may be useful to start crops at subpolar latitudes during seasons for which the angle
of solar illumination is low and bending light to a wider angle may distribute illumination
advantageously. The application of μBeads in conjunction with glycoside formulations may
be requisite to the continued growth of plants exposed to saturated-I, whether or not the
overexposure is intentional. It is also important for this system of dual treatments with μBeads
and glycoside formulations to maintain a soil at a pH that is amenable for growth. Clearly, for
the cultivation of plants, μBeads may be of benefit significant enhancements of ambient light
may be achieved by refraction through a multitude of glass spheres.
Figure 11. Five bulbs were planted in close proximity and the paperwhites blossomed while cultivated in 700 μm
µBeads. Roots showed through µBeads in the bottom half of the container. Colors from fluorescent illumination con‐
tributed to the blue and red hues of the moist µBeads that filled the container.
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Applications of polyalkylglucopyranose to shoots of radish resulted in significant root en‐
hancements over controls and, conversely, applications of polyacylglucopyranoses to roots
of corn resulted in significant increases of shoots as compared to controls. Similar to find‐
ings of our previous experiments with C1 fragments and various glycosides [8,13,15], poly‐
alkyl- and polyacylglycopyranoses required supplementation with nitrogen for significant
improvements of growth. The production of ninhydrin-stained products may be from incor‐
poration of nitrogen into protein, drawing attention to lectin as a protein complex from
which stores of glucose could be displaced repeatedly by chemical competition with a glyco‐
side. Lectin must be abundant and ubiquitous because, as we have found that Canola and
corn respond to treatments of substituted glycosides, lectins occur in C3 and C4 plants. More‐
over, not only do plant lectins bind β-glycoside, they bind preferentially to the α-anomer. As
much as a quarter of the protein content of seeds and up to ten percent of the protein con‐
tent of leaves may be attributable to lectins; however, even with such abundance, the prove‐
nance of vacuolar lectins was that they served no endogenous role in plants [19,20]. Notably,
plant lectins have structural requirements for specific divalent cations to bind sugars [21]
and we are currently confirming these requirements with subtractive formulations of corre‐
sponding plant nutrient in conjunction with applications of glycosides to plants. The results
of our current investigations are consistent with the highly specific binding affinities of
mannosides to lectins, the corresponding potencies indicative of their tendencies toward
proportionally higher orders of binding to lectins than for glucosides.
A case in point, the lectin from Canavalia ensiformis, concanavalin A (con A), specifies α-tri‐
mannoside [23] and we have this core of complex glycans currently under examination. As
the sequence of amino acids in this protein complex for recognition of mannosides is con‐
served in plants, the structural basis for specific recognition of mannosides in correspond‐
ence to the results of our experimental biology add compelling support of The Lectin Cycle.
In conclusion, under conditions in which the cellular sugar concentration of a plant is dimin‐
ished, chemical competition with substituted sugars may act to release other sugars from
lectins—and this is an essential process to sustain viability. Consequently, binding affinities
of lectins may service the natural displacements of sugars in periodic competitions, allowing
energy to be reapportioned for growth resulting from metabolism of the freed sugars. For
example, the concentration of methyl-β-D-glucoside (MeG) remains nearly constant in the
plant [22] and as a result of photorespiratory depletion of the concentration of glucose com‐
petition for binding to lectin by MeG arises and glucose is released. Then, under conditions
more conducive to photosynthesis, critical concentrations of glucose are re-established to
sufficiently high levels that a high concentration of glucose outcompetes the substituted glu‐
coside. MeG is released and glucose wins a storage site on the lectin. To an extent, the timely
and direct provision of free glucose may mitigate the effects of any impoverishment, wheth‐
er by photorespiration, heat, drought, darkness, or other forms of stress that consume glu‐
cose faster than it is replenished by photosynthesis. The Lectin Cycle, schematically
represented in Figure 12, may repeat many times in a day, releasing sugar from lectins at
each lengthy photorespiratory event, followed by sugar refresh from the Benson-Calvin Cy‐
cle upon resuming photosynthesis. Indeed, Nature's response to major environmental stim‐
uli by means of chemical competition is well known. For example, photosynthesis turns to
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photorespiration as a result of oxygen outcompeting carbon dioxide for Rubisco. In a plant,
the higher the quantity of lectins, the more capable it may be of storing and releasing sugars
to endure prolonged depletion of glucose. This understanding led us to development of our
rapid bioassay because we intended to exploit the high content of lectins in cotyledon leaves
for the release of sugar. Additionally, when exogenous chemical competitors for binding
sites on lectins are applied to plants, especially by the input of substrates that do not natu‐
rally occur in plants, such as p-amino-phenyl-α-D-mannoside, the duration of the effect may
be substantially extended. Therefore, responses to treatments with glycosides must be care‐
fully measured against the conformation of binding sites, biochemical structure, and their
orders of preferences for prospective sugars. From another perspective, empirically formu‐
lated dosages of crops may possibly reflect the content and binding determinations of major
lectins in a cultivar and our search in the future will be focused on the details of descriptions
of the functions of substituted sugars in relation to defining suitability to lectins.
Figure 12. In The Lectin Cycle, various substrates displace glucose. The Benson-Calvin Cycle, left, contributes Glu (Glu‐
cose), of which, some is bound to lectins for storage, Glu-Lectin-Glu. Stress such as Photorespiration depletes Glu,
right. Reduced concentrations of Glu create competition for lectin sites. For example, Methyl Glucoside (MeG) out‐
competes Glu for binding sites as it is reduced to critically low concentrations. Thus, MeG displaces Glu, bottom right;
and MeG binds to lectin, MeG-Lectin-MeG, bottom left. On return to photosynthesis, the Benson-Calvin Cycle once
again contributes a sufficiency of glucose that raises the concentration of Glu to a competitive level and Glu displaces
MeG, top left; thus, completing the Lectin Cycle.
Photosynthesis18
5. Historical note
Steps toward management of the photosynthetic ecosystem were taken when coauthor Benson
applied the first available 14C to plants [24, 25] and, most certainly, one of the great joys of life
is to have made such extraordinary contributions early in the atomic era. For a time, Benson
held the entire concentrated supply of 14CO2 because these were the most rare of all materials.
Only the eminently prepared and bravest knew how to handle manmade atomic particles and
this required the creation of equipment that had never been known before. For example, when
Benson designed the “lollipop” to feed algae 14CO2 with even illumination [1] he developed a
method for the “atomic culture” to quickly drop into methanol to stop the reactions at every
step of The Path. The keys to the success of this apparatus were attributable to (1) flattening
the glass vessel, thus creating an efficient photobioreactor; and (2) enlarging the bore of
stopcock, permitting drainage of the entire volume in a second. An original apparatus is
exhibited in Figure 13, showing the flat round face and the thin side view resembling a
“lollipop” from which the glassware was so appropriately named. For this demonstration, the
historically significant flat panel was filled with Haematococcus thermalis Lemmerman. Hence,
we celebrate this 70th year of Benson’s originating concept and, felicitously, it is with best
wishes that we also recognize his 50 years as a Member of the United States National Academy
of Sciences [26] as well as his 78 years with the University of California; for, not only has the







Figure 13. The “lollipop” is a laboratory apparatus for the purpose of cultivating algae to track the path of 14CO2. This
first glass photobioreactor was designed by Andrew A. Benson and is exhibited to the left in face view, filled with
Haematococcus thermalis. The large 4 mm bore of the stopcock is featured by fill with the green alga. Viewed from the
side, right, the characteristic thin layer of the algal culture is revealed.
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1. Introduction
In nature, the intensity of light changes rapidly, spanning from 2000 μmol PHOTONS m-2 s-1 during
the brightest sunlight, down to 200-500 μmol PHOTONS m-2 s-1, when shaded by clouds, followed
by the period of dark, to encircle with the next sunrise of barely 10 μmol PHOTONS m-2 s-1. Plants,
capable of performing limited movements, like leaf and chloroplast movements, respectively,
have been forced to evolve different means of coping with the unpredictable nature. To better
understand the acclimatization mechanisms, the intensity of light has been roughly divided
into low-light and high-light conditions, shaped by the laboratory conditions of plant growth
and the strength of the measuring apparatus available. Moreover, looking at the time scale, it
is possible to differentiate between short-term and long-term acclimatization processes in
plants. These artificial divisions are needed to simplify the most important process in photo‐
synthesis in vascular plants: the rate and the distribution of excitation energy between two
photosystems. Photosystem units are organized into large supercomplexes with peripherally
attached antenna complexes, being further assembled into megacomplexes [1]. Two types of
peripheral antenna proteins associated to photosystem II (PSII) are known: the major Light-
Harvesting Complex II (LHCII), which occurs as a trimeric complex containing the proteins
Lhcb1, Lhcb2 and Lhcb3, and three minor monomeric complexes, namely Lhcb4 (CP29), Lhcb5
(CP26), and Lhcb6 (CP24). These peripheral complexes bind variable number of molecules of
chlorophyll a and b, and of some xanthophyll molecules (for physicochemical properties of
chlorophylls see the Chapter Kobayashi et al.). In Arabidopsis PSII-LHCII supercomplexes,
Lhcb are organized into two rings around the dimeric PSII core complexes, with Lhcb1, Lhcb2,
Lhcb4 and Lhcb5 detected in the inner ring, where Lhcb1 and Lhcb2 participate in strongly
bound LHCII trimer, while the outer ring consists of Lhcb6 and of moderately bound LHCII
trimer (the Lhcb1 and Lhcb3 gene products). Photosystem I (PSI) is associated with the Light-
© 2013 Jurić et al.; licensee InTech. This is an open access article distributed under the terms of the Creative
Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
© 2013 Jurić et al.; licensee InTech. This is a paper distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
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Harvesting Complex I (LHCI) that binds 10 molecules of chlorophyll a or chlorophyll b plus a
few xanthophylls per one Lhca protein. In green plants, LHCI consists of four polypeptides
(Lhca1-Lhca4) from the Lhc protein superfamily. In Arabidopsis, two additional proteins have
been identified (Lhca5 and Lhca6), but their contribution to LHCI is still under debate [1]. More
distantly related family members are the photoprotective early light-induced stress response
proteins (ELIPS), and the component of PSII, PsbS [2].
2. The way the plant protects itself: Non-photochemical quenching
The non-photochemical quenching (NPQ) is a short-term response by which plants harmlessly
dissipate excess excitation energy into heat under high-light conditions. NPQ is observed in
all higher plants, in lower plants, green algae and diatoms [3]. NPQ is also present in oceanic
picophytoplankton species (see Chapter Kulk et al.). Basically, during the absorption of
sunlight by light-harvesting complexes (LHCs) associated with reaction centres, a chlorophyll
a molecule shifts from its ground energetic state to its singlet excited state. It can return to its
ground state via one of several pathways: re-emission of excitation energy in the form of
chlorophyll fluorescence; transfer of excitation energy to reaction centres to be utilised in
photochemistry reactions; de-excitation by dissipating heat (NPQ); production of triplet
excited state, which would be a highly profitable valve for excess excitation, but it indirectly
produces a very reactive oxygen species (ROS), singlet oxygen, by transferring energy to the
ground-state oxygen [4]. In addition to the dissipation of excitation energy, non-photochemical
processes also quench or diminish chlorophyll a fluorescence, therefore being mainly observed
at PSII. The phenomenon of quenching of chlorophyll a fluorescence is usually analysed in
terms of three components, based on their relaxation kinetics: state-transitions (qT), ΔpH-
dependent quenching (qE) and photoinhibition (qI). The majority of NPQ is believed to occur
through qE in the PSII antenna pigments bound to the LHCII proteins [5, 6]. State-transitions
are considered to be the component of NPQ because the fluorescence yield of PSII diminishes
due to the lateral redistribution of the phosphorylated LHCII proteins and their attachment to
PSI [5]. Photoinhibition exibits the slowest relaxation and it is the least defined. qI quenching
is proposed to be involved in long-term down-regulation of PSII [4, 7].
2.1. ΔpH-dependent quenching
The process of qE is triggered by acidification of the thylakoid lumen under light-saturating
conditions, which activates the interconversion of specific xanthophyll pigments (oxygenated
carotenoids), that are mostly bound to the LHC proteins. For comparison, in cyanobacteria,
strong blue-green or white light activates the orange carotenoid protein (OCP) which interacts
with phycobilisome and dissipates the excess energy in the form of heat [8]. The xanthophyll
cycle in plants, green and brown algae consists of the pH-dependent conversion from viola‐
xanthin first to antheraxanthin and then to zeaxanthin. In plants, the reactions towards
zeaxanthin are catalysed by the enzyme violaxanthin de-epoxidase, while the relatively slow
reactions towards violaxanthin are catalysed by the enzyme zeaxanthin epoxidase [4]. The
npq1 mutants are unable to convert violaxanthin to zeaxanthin but still exhibit qE, demon‐
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strating that the xanthophyll cycle is not the prerequisite for qE formation [9]. Zeaxanthin was
demonstrated to have an additional photoprotective function not connected with NPQ, but
rather with thylakoid membrane lipids. It is hypothesised that the function of the non-protein
bound zeaxanthin could be the removal of highly deleterious singlet oxygen, working together
with the well-known antioxidant tocopherol [10]. The npq4 mutant, which completely lacks
the PsbS protein and qE, can survive under high-light conditions, thus implying that carote‐
noids may compensate to some extent the deficiency in qE formation [9].
Due to the slower kinetics of formation and relaxation of qE compared to the proton gradient,
and taking into account that the light causes changes in charge distribution, which conse‐
quently alter the aggregation state of thylakoids, it was proposed that such a conformational
change might accompany the qE event [6, 11]. Indeed, reports from at least three independent
laboratories confirmed the structural rearrangement of the PSII-LHCII macro-organization
during qE [12-14]. Time-correlated single photon counting (TCSPC) measurements revealed
an additional far-red fluorescence component in the leaves of the high-light-adapted wild-
type, the mutant unable to accumulate zeaxanthin at high-light (npq1), and in the mutant
overexpressing PsbS, the protein proposed to act as a luminal pH sensor that consequently
determines the level of qE [12, 15], respectively. The same component was not observed in the
mutant devoid of PsbS, npq4, or in the dark-adapted state of abovementioned plant lines [12].
It was concluded that this fluorescence originated from the major LHCII antenna complex
detached specifically from PSII, with the required presence of the PsbS protein [12]. Further‐
more, it was biochemically demonstrated that the supramolecular complex B4C (Lhcb4, Lhcb6,
and moderately bound LHC trimer) dissociates during light exposure, and associates back
during dark period [13]. However, npq4 mutants did not show light-induced B4C dissociation,
establishing the role of PsbS as the key player in thylakoid rearrangements [13]. Finally, Ruban
group used freeze-fracture electron microscopy to demonstrate that the formation of qE was
indeed associated with the reorganisation of PSII and LHCII within the thylakoids [14]. Their
experimental data support and update the 20-years-old hypothetical model built to explain
the mechanistics of qE, the LHCII aggregation model [16]. According to the model, LHCII
antenna could be found in four different states: (i) dark-adapted, unquenched; (ii) dark-
adapted, partially aggregated, quenched; (iii) illuminated, partially aggregated, quenched;
and (iv) illuminated, aggregated, fully quenched. Illumination causes two events necessary
for LHCII aggregation to occur: conversion of violaxanthin to zeaxanthin and the protonation
of LHCII, respectively [6]. Precisely, the formation of ∆pH triggers a conformational change
within the LHCII antenna, which leads to the partial dissociation of LHCII trimers from the
PSII-LHCII supercomplexes, and, consequently, to their aggregation (Figure 1). In parallel, de-
epoxidation of violaxanthin to zeaxanthin promotes the LHCII aggregation and the formation
of NPQ [14]. The question for debate would be the number and the exact position of quenched
complexes. According to Holzwarth group, two quenching centres are formed: detached and
aggregated LHCII antenna measured within 1 to 5 minutes, and the minor components of
LHCII; still attached to the PSII core, measured within 10 to 15 minutes [12]. As PSII core does
not bind any zeaxanthin molecules, it is excluded as a quenching site; however, it is well-
covered by formation of the second quenching centre.
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Figure 1. Structural rearrangement of the PSII-LHCII macro-organization during qE. Composition and arrangement of
the LHCII trimers (dark green) and the minor antenna (light green) around the PSII RCs (light grey) in the wild-type
plant during the dark period (left panel) and under the high-light conditions (right panel) were presented according
to [1]. Pink circles on the left panel denote violaxanthin, while the orange circles on the right panel denote the process
of conversion of violaxanthin to zeaxanthin. The change of colour of the minor antenna from light green (left panel)
to orange (right panel), also denotes the conversion of violaxanthin to zeaxanthin, respectively. According to [14], in
excess light, ∆pH triggers a conformational change within the LHCII antenna, which leads to the partial dissociation of
LHCII trimers from the PSII LHCII supercomplexes, and, consequently, to their aggregation. In parallel, de-epoxidation
of violaxanthin to zeaxanthin promotes the LHCII aggregation and the formation of NPQ (quenching site 1). More‐
over, according to [12], quenching site 2 is also formed within the minor antenna still attached to the PSII.
Acidification of the thylakoid lumen also causes a conformational change in thylakoids that
can be monitored at 535 nm (ΔA535). This change is most likely induced by protonation of the
lumen-exposed carboxylate side chains in specific PSII proteins [15]. Interestingly, npq4
mutants, which do not express the PSII PsbS protein, also lack ΔA535 [17]. It was proposed that
PsbS is not necessary for efficient light harvesting and photosynthesis, but it is involved in
NPQ by sensing luminal pH and consequently determining the level of qE [15]. Recently, it
became clear that PsbS is indispensable for the physical state of the thylakoid membranes. In
dark-adapted npq4 mutants, the formation of ordered semi-crystalline arrays of PSII was
increased, while in the plants over-expressing PsbS no arrays could be found, suggesting that
PsbS disrupts the ordering and promotes the protein diffusion within the membrane, leading
to the NPQ formation [18].
Although  the  main  components  for  qE  are  known,  the  biophysical  mechanism  of  de-
excitation of the excited molecules of chlorophyll a is still unidentified. It is hypothesised
that  either  xanthophylls  act  indirectly  as  allosteric  regulators  of  the  LHCs,  causing  the
conformational change that facilitates the de-excitation, or xanthophylls directly de-excite
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the  excited  molecules  of  chlorophyll  a  [4].  Models  presented  in  Ruban  and  Holzwarth
groups both permit the formation of internal dissipative pigment interactions, whether they
occur between chlorophyll molecules or between carotenoid and chlorophyll molecules [19].
Variations  in  NPQ  capacities  and  processes  in  different  organisms  suggest  a  strong
evolutionary  pressure  to  obtain  optimized  photoprotection  [3].  For  example,  the  LHCII
proteins may have evolved from ancestors of contemporary stress-responsive proteins such
as HLIP and ELIPS, which probably bind only carotenoids and are involved in photopro‐
tection, while LHCII harvest light through high amounts of chlorophyll binding. In plants,
PsbS binds pigments minimally and it is primarily involved in photoprotection, while the
light-harvesting  complex  containing  fucoxanthin  (LHCF)  in  diatoms  binds  both  chloro‐
phyll and carotenoids in high amounts and contributes equally to the light harvesting and
photoprotection. Under high-light conditions, the photosynthetic reaction centres can not
accommodate all the electrons coming through electron transport chain, thus entering into
the saturated, “closed” status. The already generated excitation energy becomes the burden
for the photosynthetic membranes and has to be channeled safely, before destroying the
reaction centres, especially the pigment core of PSII, the pair of the most potent oxidizers
known to exist in nature, P680. If the vast energy is not diverted, P680 might rest in its
prolonged  oxidized  state,  P680+,  and  oxidize  the  neighbour  protein  amino-acids  and
pigments, ultimately leading to the destruction of the PSII protein D1. However, if  P680
can not submit the electron to the oxidized plastoquinone, due to the increased number of
already reduced plastoqinones, P680 could go into triplet state, interacting with atmospher‐
ic triplet oxygen and producing deleterious singlet oxygen. Both of these processes lead to
the  photoinhibition,  the  state  in  which  the  decreasing  of  the  electron  transport  is  ob‐
served [6]. Photoinhibition has a specific signature that can be monitored by a lower oxygen
production,  analysis of  the D1 protein level,  formation of uncoupled chlorophyll  and of
triplet state of chlorophyll. However, photoinhibition provokes the formation of photopro‐
tection processes, where most of the unwanted energy would be harmlessly dissipated as
heat.  This  phenomenon  leaves  a  palpable  trace  visible  as  a  drop  in  the  fluorescence
intensity, measured by TCSPC. One of the approaches to study the origin of the quench‐
ing mechanism in vivo is the treatment of Arabidopsis with lincomycin, which blocks the
synthesis of chloroplast-encoded proteins, such as the reaction centres of PSI and PSII (RCI
and RCII,  respectively).  The thylakoids of  treated plants contain diminished amounts of
RCs, but are rich in antenna complexes. Although the maximum chlorophyll fluorescence
lifetime in isolated PSII-LHCII supercomplex is 4 ns; when complex is an integral part of
the  thylakoid  membranes,  fluorescence  lifetime  decreases  to  2  ns  [20].  If  RCIIs,  when
saturated, contribute to the quenching of excitation of LHCII antenna, in the system almost
devoid of RCIIs, the fluorescence lifetimes should be higher than 2 ns. However, spectro‐
scopic  measurements  of  the long-term lincomycin-treated plants  did not  differ  from the
control measurements, i.e., the fluorescence lifetime was still 2 ns, suggesting that the LHCII
antenna, and not the closed RCs, are sufficient for the quenching to occur [20].
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2.2. How does the plant repair the damaged D1 protein?
The  D1  repair  cycle  is  regulated  via  reversible  protein  phosphorylation  in  thylakoid
membranes.  When plants  are  exposed to the high-light  stress,  the PSII  protein subunits
become heavily phosphorylated and migrate from grana to stroma thylakoids, this process
being facilitated by the actions of STN8 [21]. The migration is accompanied by sequential
dephosphorylation  of  the  CP43,  D2  and  D1  proteins,  respectively.  Turnover  of  the  D1
protein  includes  degradation  of  the  photo-damaged  polypeptide  and  co-translational
insertion of the newly synthesized protein [22]. The current model envisions that the D1
protein is proteolytically processed at both sides of the thylakoid membrane: from the N-
terminal end on the stromal side by the FtsH, a member of the ATPases associated with
various cellular  activities-subfamily (AAA subfamily),  and,  on the lumen site  by Deg,  a
member  of  serine  proteases  family  that  does  not  require  ATP  [23].  Recently,  it  was
confirmed that FtsH and Deg act in a cooperative manner to efficiently cut the D1 protein
under photoinhibitory conditions [24]. According to the D1 digestion model, under all light
intensities D1 is processed by the FtsH complexes, to be additionally supported by the Deg
proteases  under  photoinhibitory  conditions,  in  the  so-called  escape  pathway  [24].  The
requirement of D1 dephosphorylation prior to its proteolysis could be explained by low
affinity of phosphorylated N-terminal end of D1 towards the FtsH [23].
3. Plastoquinone pool-inflicted plant responses
The most promising redox-active components are the pool of plastoquinone (PQ) and the
PSI acceptor site  (e.g.  NADPH, thioredoxin,  glutathione and glutaredoxin).  The PQ pool
regulates two temporally distant responses that acclimate the photosynthetic process to the
prevailing  environment:  state-transitions  that  occur  in  the  order  of  minutes  (short-term
response)  [25,  26,  27],  and photosystem stoichiometry adjustment that  requires  hours to
days (long-term response) [28]. Both responses occur under low-light conditions, in contrast
to  the  high-light  provoked  responses  such  as  NPQ,  D1  repair  cycle  or  various  stress-
response programmes [29].
3.1. State-transitions
State-transitions re-distribute excitation energy between two photosystems, which are
electrochemically connected in series, through the supramolecular reorganisation of the
photosynthetic membranes. The molecular complexes that cause the reorganisation are light-
harvesting proteins, which collect light excitation and channel it to the reaction centres.
Already mentioned LHCII is the prototype of large and abundant class of chloroplast trans‐
membrane proteins that binds roughly half of the total chlorophyll in chloroplasts [2]. The
absorption spectra of LHCI is in the far red region owing to the chlorophyll a enrichment, while
LHCII is enriched in chlorophyll b and has the maximum absorption at shorter wavelengths
in the red region, around 650 nm [26]. Under PQ reducing conditions, i.e. when PSII is
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predominantly excited compared to PSI, a redox-sensitive protein kinase acts to phosphorylate
the apoproteins of LHCII. Upon phosphorylation, LHCII partially dissociates from PSII and
associates with PSI (state I). Under PQ oxidizing conditions, i.e. when PSI is predominantly
excited compared to PSII, the kinase is inactive, but an activated phosphatase dephosphory‐
lates the mobile LHCII, which moves laterally, and associates with PSII (state II) [29]. Although
state-transitions occur only under low-light conditions, they share the same mechanism of
LHCII aggregation with the high-light response mechanism, at least in Chlamydomonas
reinhardtii [30]. This opens an intriguing question of plant capacity to wisely use the same
mechanism for different living conditions. In 2003, Jean-David Rochaix group proposed that
the thylakoid-associated serine-threonine Stt7 kinase from the alga C. reinhardtii is involved in
phosphorylation of LHCII and in state-transitions [31]. In 2005, the same group proposed that
the homolog of the Stt7 in Arabidopsis, STN7, is involved in state-transitions [32]. Since LHCII
phosphorylation is reversible process, an extensive search has been conducted to identify the
protein phosphatase(s) that dephosphorylates LHCII. Recently, two groups described the
product of the nuclear gene At4g27800 as a long-sought plastid protein phosphatase specifi‐
cally involved in dephosphorylation of the mobile pool of major LHCII proteins, titled PPH1
[33], and TAP38 [34], respectively. The specificity of PPH1/TAP38 for LHCII supports the
hypothesis that several phosphatases must be involved in dephosphorylation of thylakoid
phosphoproteins [33, 34]. Recently, a new phosphatase PBCP, capable of in vivo dephospory‐
lation of PSII core subunits CP43, D1, D2 and PsbH, respectively, was identified [35]. It seems
that the PBCP phosphatase targets at proteins phosphorylated by the protein kinase STN8 [36],
thus forming a pair with opposing effects on phosphorylation of the photosynthetic core
proteins [35].
3.2. Stoichiometry adjustments
Photosystem stoichiometry adjustment is a long-term response that affects the relative
amounts of the two photosystems by changing the expression of photosynthetic genes both in
the chloroplast and in the nucleus [29]. It was shown that the redox state of the PQ pool serves
as a major signal in the regulation of LHCII photo-acclimation [37]. In order to avoid excess
excitation energy and to minimize oxidative damage, the LHCII protein level decreased by
approximately 50% in Lemna persusilla upon transfer from low-light to high-light conditions
[37]. In contrast to the state-transitions, where active redox-regulated thylakoid-associated
STN7 kinase phosphorylates LHCII, thus leading to LHCII detachment from PSII and migra‐
tion towards stroma thylakoids and PSI, under high-light STN7 is inactive, hence the rate of
the phosphorylated LHCII decreases and the excess LHCII undergoes proteolytic degradation.
The same stands for the PSI and PSII genes: upon reduction of the PQ pool, the expression of
the PSI genes is favoured, while upon oxidation of the PQ pool, the expression of the PSII is
favoured [29]. In 2005, the coupling of the long-term response of adjusting photosystem
stoichiometry and the short-term response of state-transitions by LHCII kinase STN7 was
proposed [36].
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4. Immunophilins in photosynthesis
Immunophilins comprise a superfamily of conserved ubiquitous proteins consisting of two
distinct subfamilies; cyclophilins and FKBPs (FK506/rapamycin-binding proteins), the targets
of the immunosuppressive drugs cyclosporine A (CsA) and FK506/rapamycin, respectively
[38]. Despite the lack of structural similarity, all cyclophilins and FKBPs share a common
enzymatic, so-called PPIase or rotamase activity, catalizing cis-trans isomerization of prolinei‐
midic peptide bonds [39, 40]; (Rotation around peptide bonds is energetically disfavored due
to their partial double-bond character. Delocalization of amide nitrogen electrons results in
aprox. 22 kcal/mol energy barrier to rotation and restrains the peptide bond in either cis or
trans configurations). A more recently discovered third group of proteins (parvulins), which
is insensitive to immunosuppressive drugs, also possesses PPIase activity [41]. The molecular
masses of cyclophilins, FKBPs, and parvulins range normally in the order of 18-21 kDa, 12-13
kDa, and 10-13 kDa, respectively, but several complex immunophilins of higher molecular
weight have been detected recently [42, 43, 41]. The biological significance of this group of
enzymes is a matter of intense research. Acceleration of protein folding processes by PPIase
in vitro [44] and in vivo [45] has supported a physiological role as folding catalysts facilitating
the slow and generally rate-limiting uncatalysed isomerisation around Xaa-Pro peptide bonds.
Immunophilins can also perform chaperone functions [46], or cooperate with other chaperone
proteins [47, 48, 49].
Complex immunophilins all contain additional protein-protein interaction domains, such as
leucine-zipper motifs and/or tetratricopeptide repeat domains. They may be constituents of
supramolecular structures, as shown for the human or avian steroid receptor complex [48] or
chaperone supercomplexes [50], and may be involved in hsp90-dependent signal transduction
[49, 51, 52]. Various members of the immunophilins are involved in phosphorylation processes
via transient interaction with kinases [53, 51, 52] and phosphatases [54, 55]. It seems likely that,
at least for the components of MAP kinase signaling system (Src, Raf, and Mek), hsp90-
immunophilin interactions are essential for the kinase regulation [see 52]. The immunophilin
FKBP65 together with hsp90 forms a regulatory association with the serine/threonine kinase
c-Raf-1 [51]. In mammals, the Ca2+/calmodulin-dependent heterodimeric protein phosphatase
calcineurin can bind immunophilins with complex immunosupresive drugs. This interaction
inhibits the protein phosphatase activity, resulting in interruption of the signal-transduction
cascades required for T-cell activation [see 54]. A unique immunophilin-related protein is the
PP5 protein phosphatase. This enzyme is a major constituent of the glucocorticoid receptor-
hsp90 complex, with properties of an FK506-binding immunophilin with low affinity FK506
binding activity [56].
Plants possess a substantial number of immunophilins which are localized in cytosol, chloro‐
plasts, nucleus, mitochondria, or associated with secretory pathways. The majority of the
cyclophilins are single-domain proteins, 23 isoforms in Arabidopsis [57]. AtCYP20-3, At‐
CYP20-2, AtCYP26-2, AtCYP28 and AtCYP37 can be found in chloroplasts, mostly in thylakoid
lumen. The multidomain cyclophilin isoforms possess unique domain arrangements, as
exemplified by AtCYP38. AtCYP40 contains a C-terminal tetratricopeptide repeat module
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(TPR). Four additional multidomain cyclophilins contain RNA interaction domains, which
implicates their involvement in nuclear RNA processing machinery.
Plant FKBPs encompass also 23 members in Arabidopsis and this family is one of the largest
FKBP family identified to date. These FKBPs can also be divided into single and multidomain
isoforms, consisting of 16 and 7 members, respectively [58]. Interestingly, 11 single-domain
FKBPs appear to be targeted to the thylakoid lumen. Thus, this chloroplast sub-compartment
appears to have very important role in immunophilin function, or the processes taking place
in lumen require specific activity of this protein family.
The dephosphorylation of D1, D2 and CP43 in spinach is catalysed by a cyclophilin-regulated
PP2A-like protein phosphatase, which was found to be associated with, and regulated by, a
cyclophilin-like protein, TLP40 [59]. TLP40 is proposed to suppress phosphatase activity, when
bound to the lumen-exposed epitope of the protein phosphatase, but to induce its activity,
when released to the lumen [59]. However, it remains to be seen if the Arabidopsis PP2C
phosphatase PBCP [35] is also under the control of TLP40. Vener group demonstrated that D1
was not only vulnerable to light, but also to high temperature [60]. Raising the temperature
from 22 °C to 42 °C resulted in a very rapid dephosphorylation of the D1, D2 and CP43 proteins
and in release of TLP40 from membrane into the thylakoid lumen. These events are proposed
to trigger an accelerated repair of photodamaged PSII and to initiate other heat-shock re‐
sponses in chloroplasts.
Higher plant thylakoid lumen prolineisomerases [38], or complex immunophilins, are found
to be regulated by light and are responsive to various forms of environmental stress [61]. The
structure of TLP40 and its association with the thylakoid membrane system implicates diverse
functions and involvement in the intracellular signaling networks [62]. Binding of thylakoid
membrane associated phosphatase involved in dephosphorylation of PSII core proteins might
occur via two putative phosphatase-binding modules on the N-terminal side of TLP40 [59,
60]. In 2002, Baena-González and Aro [63] and in 2005 Aro et al. [64] further suggested that
damaged D1 repair cycle includes TLP40 ortholog AtCYP38, which lacks peptidyl–prolyl cis/
trans isomerase (PPIase) activity [65, 66, 67]. It was shown that AtCYP38 is involved in the
assembly of oxygen evolving complex (OEC) [68] and maintenance of PSII [69]. Most recently,
the interaction of the E-loop of chlorophyll protein 47 (CP47) with AtCYP38 was demonstrated
[67]. This interaction is mediated through putative cyclophilin domain [67]. Further, in vivo
role of AtCYP38 has been investigated in cyp38 mutant Arabidopsis plants [68, 69, 70],
suggesting its primary role in PSII biogenesis and repair.
5. Flow and partitioning of photosynthetic electrons
Photosynthetic apparatus has to be able to efficiently convert energy at low light and to avoid
over-reduction and damage at excess light. This requires switching between different regula‐
tory mechanisms which keep the cellular ATP pool almost at the constant level. Exposure of
plants to higher light intensities than required for efficient photosynthesis results in saturation
of photosynthetic electron transport (PET). The over-reduction of PET chain can lead to the
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4. Immunophilins in photosynthesis
Immunophilins comprise a superfamily of conserved ubiquitous proteins consisting of two
distinct subfamilies; cyclophilins and FKBPs (FK506/rapamycin-binding proteins), the targets
of the immunosuppressive drugs cyclosporine A (CsA) and FK506/rapamycin, respectively
[38]. Despite the lack of structural similarity, all cyclophilins and FKBPs share a common
enzymatic, so-called PPIase or rotamase activity, catalizing cis-trans isomerization of prolinei‐
midic peptide bonds [39, 40]; (Rotation around peptide bonds is energetically disfavored due
to their partial double-bond character. Delocalization of amide nitrogen electrons results in
aprox. 22 kcal/mol energy barrier to rotation and restrains the peptide bond in either cis or
trans configurations). A more recently discovered third group of proteins (parvulins), which
is insensitive to immunosuppressive drugs, also possesses PPIase activity [41]. The molecular
masses of cyclophilins, FKBPs, and parvulins range normally in the order of 18-21 kDa, 12-13
kDa, and 10-13 kDa, respectively, but several complex immunophilins of higher molecular
weight have been detected recently [42, 43, 41]. The biological significance of this group of
enzymes is a matter of intense research. Acceleration of protein folding processes by PPIase
in vitro [44] and in vivo [45] has supported a physiological role as folding catalysts facilitating
the slow and generally rate-limiting uncatalysed isomerisation around Xaa-Pro peptide bonds.
Immunophilins can also perform chaperone functions [46], or cooperate with other chaperone
proteins [47, 48, 49].
Complex immunophilins all contain additional protein-protein interaction domains, such as
leucine-zipper motifs and/or tetratricopeptide repeat domains. They may be constituents of
supramolecular structures, as shown for the human or avian steroid receptor complex [48] or
chaperone supercomplexes [50], and may be involved in hsp90-dependent signal transduction
[49, 51, 52]. Various members of the immunophilins are involved in phosphorylation processes
via transient interaction with kinases [53, 51, 52] and phosphatases [54, 55]. It seems likely that,
at least for the components of MAP kinase signaling system (Src, Raf, and Mek), hsp90-
immunophilin interactions are essential for the kinase regulation [see 52]. The immunophilin
FKBP65 together with hsp90 forms a regulatory association with the serine/threonine kinase
c-Raf-1 [51]. In mammals, the Ca2+/calmodulin-dependent heterodimeric protein phosphatase
calcineurin can bind immunophilins with complex immunosupresive drugs. This interaction
inhibits the protein phosphatase activity, resulting in interruption of the signal-transduction
cascades required for T-cell activation [see 54]. A unique immunophilin-related protein is the
PP5 protein phosphatase. This enzyme is a major constituent of the glucocorticoid receptor-
hsp90 complex, with properties of an FK506-binding immunophilin with low affinity FK506
binding activity [56].
Plants possess a substantial number of immunophilins which are localized in cytosol, chloro‐
plasts, nucleus, mitochondria, or associated with secretory pathways. The majority of the
cyclophilins are single-domain proteins, 23 isoforms in Arabidopsis [57]. AtCYP20-3, At‐
CYP20-2, AtCYP26-2, AtCYP28 and AtCYP37 can be found in chloroplasts, mostly in thylakoid
lumen. The multidomain cyclophilin isoforms possess unique domain arrangements, as
exemplified by AtCYP38. AtCYP40 contains a C-terminal tetratricopeptide repeat module
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(TPR). Four additional multidomain cyclophilins contain RNA interaction domains, which
implicates their involvement in nuclear RNA processing machinery.
Plant FKBPs encompass also 23 members in Arabidopsis and this family is one of the largest
FKBP family identified to date. These FKBPs can also be divided into single and multidomain
isoforms, consisting of 16 and 7 members, respectively [58]. Interestingly, 11 single-domain
FKBPs appear to be targeted to the thylakoid lumen. Thus, this chloroplast sub-compartment
appears to have very important role in immunophilin function, or the processes taking place
in lumen require specific activity of this protein family.
The dephosphorylation of D1, D2 and CP43 in spinach is catalysed by a cyclophilin-regulated
PP2A-like protein phosphatase, which was found to be associated with, and regulated by, a
cyclophilin-like protein, TLP40 [59]. TLP40 is proposed to suppress phosphatase activity, when
bound to the lumen-exposed epitope of the protein phosphatase, but to induce its activity,
when released to the lumen [59]. However, it remains to be seen if the Arabidopsis PP2C
phosphatase PBCP [35] is also under the control of TLP40. Vener group demonstrated that D1
was not only vulnerable to light, but also to high temperature [60]. Raising the temperature
from 22 °C to 42 °C resulted in a very rapid dephosphorylation of the D1, D2 and CP43 proteins
and in release of TLP40 from membrane into the thylakoid lumen. These events are proposed
to trigger an accelerated repair of photodamaged PSII and to initiate other heat-shock re‐
sponses in chloroplasts.
Higher plant thylakoid lumen prolineisomerases [38], or complex immunophilins, are found
to be regulated by light and are responsive to various forms of environmental stress [61]. The
structure of TLP40 and its association with the thylakoid membrane system implicates diverse
functions and involvement in the intracellular signaling networks [62]. Binding of thylakoid
membrane associated phosphatase involved in dephosphorylation of PSII core proteins might
occur via two putative phosphatase-binding modules on the N-terminal side of TLP40 [59,
60]. In 2002, Baena-González and Aro [63] and in 2005 Aro et al. [64] further suggested that
damaged D1 repair cycle includes TLP40 ortholog AtCYP38, which lacks peptidyl–prolyl cis/
trans isomerase (PPIase) activity [65, 66, 67]. It was shown that AtCYP38 is involved in the
assembly of oxygen evolving complex (OEC) [68] and maintenance of PSII [69]. Most recently,
the interaction of the E-loop of chlorophyll protein 47 (CP47) with AtCYP38 was demonstrated
[67]. This interaction is mediated through putative cyclophilin domain [67]. Further, in vivo
role of AtCYP38 has been investigated in cyp38 mutant Arabidopsis plants [68, 69, 70],
suggesting its primary role in PSII biogenesis and repair.
5. Flow and partitioning of photosynthetic electrons
Photosynthetic apparatus has to be able to efficiently convert energy at low light and to avoid
over-reduction and damage at excess light. This requires switching between different regula‐
tory mechanisms which keep the cellular ATP pool almost at the constant level. Exposure of
plants to higher light intensities than required for efficient photosynthesis results in saturation
of photosynthetic electron transport (PET). The over-reduction of PET chain can lead to the
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formation of reactive oxygen species and may irreversibly damage the photosystems, as well
as the cells and the whole organism [71, 72, 73]. To counteract and reduce the photoinhibitory
damage, plants have developed several short- and long-term regulation mechanisms which
include processes that modulate the structure and function of antenna complexes, including
NPQ, alternative electron transport pathways and movement of chloroplasts, leaves and whole
organisms away from intense light [74, 75]. Dissipation of excess light energy to heat in the
antenna or in the reaction centre of PSII also counteracts the photoinhibitory damage. Retro‐
grade signaling transduces information on the metabolic state of the organelle and induces
many activities in the cytosol, nucleus and mitochondria, inducing alterations in nuclear gene
expression of organelle-targeted proteins [76].
5.1. Linear, cyclic and pseudo-cyclic electron transfer routes
Various photosynthetic electron transfer routes become turned on and off, according to the
need of the plant to adapt to wide-ranging quantities and qualities of light. Three major electron
transfer pathways known are linear, cyclic and pseudo-cyclic electron transfer (LEF, CEF and
PCEF, respectively). All three pathways are necessary for poised and sustained synthesis of
ATP and NADPH and their interplay enables the flexibility of photosynthesis in meeting
different metabolic demands [77].
During non-cyclic electron transport or LEF, light drives the conversion of water to oxygen
at the level of oxygen-evolving complex of PSII and NADP+ to NADPH on the stromal side
of thylakoid membranes. The PET chain consists of PSII, the Cytb6f complex, PSI, and the
free electron carriers plastoquinone (PQ) and plastocyanin (PC). Electron transport includes
the two quinine binding sites and two cytochromes b6 (the ‘Q cycle’) that give two protons
translocated for each electron transferred from PSII to PSI. Hidrogen ions are transferred
across chloroplast membrane and accumulated on the luminal side of the thylakoids, where
they drive ATP synthesis through a membrane ATPase. This way electron transport helps
to establish a proton gradient that powers ATP production and also stores energy in the
reduced coenzyme NADPH to power the Calvin-Benson cycle to produce sugar and other
carbohydrates.
Arnon, who discovered photophosphorylation in isolated chloroplasts in 1954, demonstrat‐
ed that there is also CEF in the thylakoids, driven solely by PSI. CEF is a light-driven flow
of electrons through a photosynthetic reaction centre with the electrons being transferred
from  PSI  to  Cytb6f  complex  via  ferredoxin  (Fd),  with  associated  formation  of  proton
gradient. PQ is reduced by Fd or NADPH via one or more enzymes collectively called PQ
reductase, rather than by PSII, as in LEF. From hidroplastoquinone (PQH2), electrons return
to PSI via  the Cytb6f  complex.  Four possible routes of  CEF that  may operate in parallel
have been proposed so far: NAD(P)H dehydrogenase (NDH)-dependent route, Fd-depend‐
ent route, Nda2, a type 2 NAD(P)H:PQ oxidoreductase route and Cytb6f complex and FNR
route [recently reviewed by 78].
CEF around PSI occurs under conditions when acceptor limitation or ATP shortage results in
a highly reduced PQ pool and contributes to the formation and maintenance of a pH gradient
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across a membrane but does not produce NADPH. The pH gradient generated may drive the
production of ATP (cyclic photophosphorylation) or may regulate photosynthesis. When more
light is absorbed than can be used for assimilation, the increased ∆pH is a switch to dissipate
excess of the light absorbed by chlorophyll molecules of PSII [79]. CEF is diminished when its
components are completely reduced. Also, there is no CEF when its components are com‐
pletely oxidized because there are no electrons to cycle [80]. In an attempt to avoid these two
extreme situations, kinetics, post-translational modifications [25, 26, 81] and redox control of
reaction-centre gene expression [82] are all employed in maintaining a poised PQ pool. In spite
of these control mechanisms, over-reduction easily occurs when the Calvin–Benson cycle is
unable to use NADPH, usually due to the lack of ATP. The major physiological significance
of CET most probably lies in additional availability of ATP.
LEF in chloroplasts produces a number of reduced components associated with PSI that may
subsequently participate in reactions that reduce oxygen. When Fd transfers electrons to
molecular oxygen instead of NADP+, PCEF linked with phosphorylation arises. O2 is directly
reduced to superoxide radical in so-called Mehler reaction. Subsequently, two superoxides
dismutate to form H2O2 and O2, which are by further redox processes converted to water. A
reduced state of the FeS pool (Fd and PSI centres) promotes the Mehler reaction. The Mehler
reaction leading to PCEF restores the redox poise when the PET chain is over-reduced, thereby
allowing CEF to function and to generate ATP for the Calvin-Benson cycle, which will in turn
oxidize NADPH and restore LEF [83]. Under high light PCEF could also cover an increased
energy demand, as long as the antioxidant systems for H2O2 removal is sufficiently active
(ascorbate and GSH recycling).
A great number of contemporary research topics on photosynthesis aims at elucidating novel,
alternative electron transfer routes as the safest pathways for channelling of unwanted
electrons. Chlororespiration is a well-known respiratory process that can maintain a trans-
thylakoid proton gradient, thus acting as an effective alternative electron sink in preventing
over-reduction of the PQ pool and protecting RCIIs from photodamage under photoinhibitory
light conditions [84]. Two enzymes are important for chlororespiratory function: NADH
dehydrogenase complex and nucleus-encoded plastid-localized terminal oxidase (PTOX),
through which electrons from plastoquinol are transferred to molecular oxygen, forming water
in the stroma [85]. In oat leaves incubated at high temperature and under high-light intensities,
the amounts of both enzymes were increased, suggesting that, under unfavourable conditions,
chlororespiration can act as a protective mechanism [85].
Apart from the Mehler reaction and the chlororespiration, respectively, photorespiration is
another efficient mechanism to adjust the ATP/NADPH ratio and to consume excess energy
[86]. Although the major part of energy supplied in the form of ATP and NADPH by the light
reaction is consumed in the Calvin-Benson cycle, it is also needed for multiple anabolic
processes in chloroplasts, such as synthesis of lipids and proteins and of many secondary
metabolites. ATP/NADPH ratio in chloroplasts could be increased by indirect export of
reducing equivalents in the form of malate through the malate valve [87]. Malate can be used
in numerous ways in cytoplasm and mitochondria, providing NADH for nitrate reduction
and/or ATP for sucrose synthesis. Also, different stages of tissue growth require different ATP/
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formation of reactive oxygen species and may irreversibly damage the photosystems, as well
as the cells and the whole organism [71, 72, 73]. To counteract and reduce the photoinhibitory
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include processes that modulate the structure and function of antenna complexes, including
NPQ, alternative electron transport pathways and movement of chloroplasts, leaves and whole
organisms away from intense light [74, 75]. Dissipation of excess light energy to heat in the
antenna or in the reaction centre of PSII also counteracts the photoinhibitory damage. Retro‐
grade signaling transduces information on the metabolic state of the organelle and induces
many activities in the cytosol, nucleus and mitochondria, inducing alterations in nuclear gene
expression of organelle-targeted proteins [76].
5.1. Linear, cyclic and pseudo-cyclic electron transfer routes
Various photosynthetic electron transfer routes become turned on and off, according to the
need of the plant to adapt to wide-ranging quantities and qualities of light. Three major electron
transfer pathways known are linear, cyclic and pseudo-cyclic electron transfer (LEF, CEF and
PCEF, respectively). All three pathways are necessary for poised and sustained synthesis of
ATP and NADPH and their interplay enables the flexibility of photosynthesis in meeting
different metabolic demands [77].
During non-cyclic electron transport or LEF, light drives the conversion of water to oxygen
at the level of oxygen-evolving complex of PSII and NADP+ to NADPH on the stromal side
of thylakoid membranes. The PET chain consists of PSII, the Cytb6f complex, PSI, and the
free electron carriers plastoquinone (PQ) and plastocyanin (PC). Electron transport includes
the two quinine binding sites and two cytochromes b6 (the ‘Q cycle’) that give two protons
translocated for each electron transferred from PSII to PSI. Hidrogen ions are transferred
across chloroplast membrane and accumulated on the luminal side of the thylakoids, where
they drive ATP synthesis through a membrane ATPase. This way electron transport helps
to establish a proton gradient that powers ATP production and also stores energy in the
reduced coenzyme NADPH to power the Calvin-Benson cycle to produce sugar and other
carbohydrates.
Arnon, who discovered photophosphorylation in isolated chloroplasts in 1954, demonstrat‐
ed that there is also CEF in the thylakoids, driven solely by PSI. CEF is a light-driven flow
of electrons through a photosynthetic reaction centre with the electrons being transferred
from  PSI  to  Cytb6f  complex  via  ferredoxin  (Fd),  with  associated  formation  of  proton
gradient. PQ is reduced by Fd or NADPH via one or more enzymes collectively called PQ
reductase, rather than by PSII, as in LEF. From hidroplastoquinone (PQH2), electrons return
to PSI via  the Cytb6f  complex.  Four possible routes of  CEF that  may operate in parallel
have been proposed so far: NAD(P)H dehydrogenase (NDH)-dependent route, Fd-depend‐
ent route, Nda2, a type 2 NAD(P)H:PQ oxidoreductase route and Cytb6f complex and FNR
route [recently reviewed by 78].
CEF around PSI occurs under conditions when acceptor limitation or ATP shortage results in
a highly reduced PQ pool and contributes to the formation and maintenance of a pH gradient
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across a membrane but does not produce NADPH. The pH gradient generated may drive the
production of ATP (cyclic photophosphorylation) or may regulate photosynthesis. When more
light is absorbed than can be used for assimilation, the increased ∆pH is a switch to dissipate
excess of the light absorbed by chlorophyll molecules of PSII [79]. CEF is diminished when its
components are completely reduced. Also, there is no CEF when its components are com‐
pletely oxidized because there are no electrons to cycle [80]. In an attempt to avoid these two
extreme situations, kinetics, post-translational modifications [25, 26, 81] and redox control of
reaction-centre gene expression [82] are all employed in maintaining a poised PQ pool. In spite
of these control mechanisms, over-reduction easily occurs when the Calvin–Benson cycle is
unable to use NADPH, usually due to the lack of ATP. The major physiological significance
of CET most probably lies in additional availability of ATP.
LEF in chloroplasts produces a number of reduced components associated with PSI that may
subsequently participate in reactions that reduce oxygen. When Fd transfers electrons to
molecular oxygen instead of NADP+, PCEF linked with phosphorylation arises. O2 is directly
reduced to superoxide radical in so-called Mehler reaction. Subsequently, two superoxides
dismutate to form H2O2 and O2, which are by further redox processes converted to water. A
reduced state of the FeS pool (Fd and PSI centres) promotes the Mehler reaction. The Mehler
reaction leading to PCEF restores the redox poise when the PET chain is over-reduced, thereby
allowing CEF to function and to generate ATP for the Calvin-Benson cycle, which will in turn
oxidize NADPH and restore LEF [83]. Under high light PCEF could also cover an increased
energy demand, as long as the antioxidant systems for H2O2 removal is sufficiently active
(ascorbate and GSH recycling).
A great number of contemporary research topics on photosynthesis aims at elucidating novel,
alternative electron transfer routes as the safest pathways for channelling of unwanted
electrons. Chlororespiration is a well-known respiratory process that can maintain a trans-
thylakoid proton gradient, thus acting as an effective alternative electron sink in preventing
over-reduction of the PQ pool and protecting RCIIs from photodamage under photoinhibitory
light conditions [84]. Two enzymes are important for chlororespiratory function: NADH
dehydrogenase complex and nucleus-encoded plastid-localized terminal oxidase (PTOX),
through which electrons from plastoquinol are transferred to molecular oxygen, forming water
in the stroma [85]. In oat leaves incubated at high temperature and under high-light intensities,
the amounts of both enzymes were increased, suggesting that, under unfavourable conditions,
chlororespiration can act as a protective mechanism [85].
Apart from the Mehler reaction and the chlororespiration, respectively, photorespiration is
another efficient mechanism to adjust the ATP/NADPH ratio and to consume excess energy
[86]. Although the major part of energy supplied in the form of ATP and NADPH by the light
reaction is consumed in the Calvin-Benson cycle, it is also needed for multiple anabolic
processes in chloroplasts, such as synthesis of lipids and proteins and of many secondary
metabolites. ATP/NADPH ratio in chloroplasts could be increased by indirect export of
reducing equivalents in the form of malate through the malate valve [87]. Malate can be used
in numerous ways in cytoplasm and mitochondria, providing NADH for nitrate reduction
and/or ATP for sucrose synthesis. Also, different stages of tissue growth require different ATP/
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NADPH ratios. The ATP/NADPH ratio that is available in the light can vary substantially
because of the many possibilities for electron pathways and regulatory mechanisms [88].
Therefore, the cooperation of different electron transport pathways enables optimization of
ATP/NADPH stoichiometry [77]. In example, sudden dark-to-light transition induces over-
reduction of the PET chain in the first minute, which is relieved by electron transport to O2 [89],
and by the rapid activation of the chloroplast NADP–MDH [90]. Calculating the photosyn‐
thetic stoichiometries, it was estimated that ATP/NADPH ratio arising from LEF is about 1.28,
which is not sufficient for driving the Calvin-Benson cycle [91, 77]. It is therefore obvious that
the optimal operation of the Calvin-Benson cycle requires both LEF and CEF, whose tuning
enables adjustment of ATP/NADPH to meet the cellular demands. Green alga C. reinhardtii in
which intracellular ATP depletion induces a switch from LEF to CEF is a good example for
such regulation [92].
5.2. Electron partitioning at the ferredoxin hub
In photoautotrophic plants, ferredoxin (Fd) accepts one electron from the stromal side of PSI
involving the subunits PsaC, PsaD and PsaE [93]. Fd acts simultaneously as bottleneck and as
a hub which distributes high-energy electrons to a multitude of enzymes involved in chloro‐
plast metabolism. The hierarchy of electron distribution and subsequent regulation of
channeling of photosynthetically derived electrons into different areas of chloroplast metab‐
olism is still not defined. Electrons are preferentially directed to carbon assimilation, which
requires NADPH, and so the majority of Fd is immediately oxidized by the enzyme ferredox‐
in:NADPH reductase (FNR), which is associated with the thylakoid membrane.
Besides its crucial metabolic role in reducing NADP+ and thioredoxin (TRX) via FNR and
ferredoxin-thioredoxin-reductase (FTR) respectively, Fd-dependent enzymatic reactions are
also linked to nitrite and sulfur metabolism by ferredoxin-nitrite-reductase and sulfite
reductase. Furthermore, Fd is a electron donor for fatty acid desaturase and glutamine-2-
oxoglutarate amino transferase. In some green algae, upon transition from dark to the light
under anaerobic conditions, Fd transfers transiently electrons to chloroplast hydrogenases,
which in turn catalyse the formation of hydrogen [94, 95] dissipating excess reducing power
when the Calvin–Benson cycle is not yet fully activated. Fd and NADPH can also act in CEF,
returning electrons to the PQ pool via the PGR5 (proton gradient regulation 5)-dependent [96]
and NDH complex-dependent [97, 98, 99] pathways, respectively. FNR may also act as the
direct Fd:PQ reductase, establishing redox regulation and antioxidant defense point. FNR
activity seems to represent a critical point in photosynthetic electron partitioning, because it
is integral to most of these electron cascades and can associate with several different membrane
complexes.
At least four Fd isoforms occur in plants [100]. Fd1 and Fd2 are found in leaves, while Fd3 and
Fd4 appear to play roles in non-photosynthetic metabolism [101, 100]. Fd as electron distrib‐
uting hub is particularly suitable to provide information on the redox state of the system to be
transmitted into the regulatory network. Fd contributes to the control of chloroplast energi‐
zation by feeding electrons into the CEF pathway and thereby controls both phosphorylation
potential and reductive power.
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5.3. TROL-FNR interaction influences the energy conductance
The last step of the photosynthetic electron transfer from Fd to NADP+ is catalyzed by FNR.
There are two evolutionary conserved types of FNR in the chloroplasts of higher plants:
predominantly, or exclusively, thylakoid membrane-bound isoproteins and ‘soluble’, non-
tightly bound isoproteins [101, 102]. The membrane-bound FNR is supposed to be involved
in electron transport, while the soluble enzyme provides protection against oxidative stress
[103]. Two chloroplast-type FNR genes have been found in Arabidopsis genome. In 2008,
Hanke et al. investigated knock-out mutant of Arabidopsis FNR isoprotein, fnr1. The loss of
the strong thylakoid binding was observed, which affected the channeling of photosynthetic
electrons into NADPH- and Fd-dependent metabolism. Also, these mutants had complex
variation in CEF, dependent on light conditions [104]. In fnr1, thylakoid NADP+ photoreduc‐
tion was greatly reduced even on addition of soluble FNR to rate saturating concentrations,
which is consistent with the lack of membrane-bound FNR [104].
NADP+ photoreduction activity of FNR was shown to be greater when the enzyme is associated
with the thylakoid membrane and it has been proposed that binding of FNR to the thylakoid
membrane regulates the enzyme activity [105, 106]. Subsequently, interactions of FNR and
several photosynthetic protein complexes, such as Cytb6f [107, 108], PSI [109] or NDH complex
[110] have been shown. However, the factors controlling relative localization of FNR to
different membrane complexes have not yet been established. It was shown that maize contains
three chloroplast FNR proteins with completely different membrane association and distri‐
bution between cells, conducting predominantly CEF in bundle sheath cells and LEF in
mesophyll cells [111]. Expression of maize FNRs in Arabidopsis as chimeras and truncated
proteins showed that N-terminus determines recruitment of FNR to different membrane
complexes, which impacts the photosynthetic electron flow [111].
It was also demonstrated that FNR interacts specifically with two chloroplast proteins, Tic62
(62 kDa component of the translocon at the inner envelope of cloroplasts) and TROL (thylakoid
rhodanese-like protein), via a conserved Ser/Pro-rich motif [112, 113]. Both Tic62 and TROL
seem to act as molecular anchors for FNR, because they form high molecular weight complexes
with FNR at the thylakoid membranes. TROL possesses centrally positioned rhodanese-like
domain, which is most probably involved in redox regulation of FNR binding and release
[113]. We have proposed that such regulation could be important for balancing the redox status
of stroma with the membrane electron transfer chain and therefore preventing the over-
reduction of any of these two compartments and maintaining the redox poise [113]. TROL-
FNR complex was clearly visible during the dark and it disappeared during light periods [112].
FNR-Tic62/TROL interaction is clearly pH-dependent. During high photosynthetic activity in
the light, stroma becomes alkaline due to the transport of protons to the thylakoidal lumen.
During the dark, stromal pH decreases again, and that is when FNR-Tic62/TROL complexes
were found predominantly associated with the thylakoid membrane [112, 113]. The mecha‐
nism by which TROL influences the FNR activity could be that during the dark period, FNR
is bound to the thylakoids via TROL and NADPH production does not occur. This stage could
be sustained through the binding of small molecule, possibly oxidized PQ, to the RHO cavity.
In conditions of growth-light, FNR is bound to the thylakoids via TROL and efficiently
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NADPH ratios. The ATP/NADPH ratio that is available in the light can vary substantially
because of the many possibilities for electron pathways and regulatory mechanisms [88].
Therefore, the cooperation of different electron transport pathways enables optimization of
ATP/NADPH stoichiometry [77]. In example, sudden dark-to-light transition induces over-
reduction of the PET chain in the first minute, which is relieved by electron transport to O2 [89],
and by the rapid activation of the chloroplast NADP–MDH [90]. Calculating the photosyn‐
thetic stoichiometries, it was estimated that ATP/NADPH ratio arising from LEF is about 1.28,
which is not sufficient for driving the Calvin-Benson cycle [91, 77]. It is therefore obvious that
the optimal operation of the Calvin-Benson cycle requires both LEF and CEF, whose tuning
enables adjustment of ATP/NADPH to meet the cellular demands. Green alga C. reinhardtii in
which intracellular ATP depletion induces a switch from LEF to CEF is a good example for
such regulation [92].
5.2. Electron partitioning at the ferredoxin hub
In photoautotrophic plants, ferredoxin (Fd) accepts one electron from the stromal side of PSI
involving the subunits PsaC, PsaD and PsaE [93]. Fd acts simultaneously as bottleneck and as
a hub which distributes high-energy electrons to a multitude of enzymes involved in chloro‐
plast metabolism. The hierarchy of electron distribution and subsequent regulation of
channeling of photosynthetically derived electrons into different areas of chloroplast metab‐
olism is still not defined. Electrons are preferentially directed to carbon assimilation, which
requires NADPH, and so the majority of Fd is immediately oxidized by the enzyme ferredox‐
in:NADPH reductase (FNR), which is associated with the thylakoid membrane.
Besides its crucial metabolic role in reducing NADP+ and thioredoxin (TRX) via FNR and
ferredoxin-thioredoxin-reductase (FTR) respectively, Fd-dependent enzymatic reactions are
also linked to nitrite and sulfur metabolism by ferredoxin-nitrite-reductase and sulfite
reductase. Furthermore, Fd is a electron donor for fatty acid desaturase and glutamine-2-
oxoglutarate amino transferase. In some green algae, upon transition from dark to the light
under anaerobic conditions, Fd transfers transiently electrons to chloroplast hydrogenases,
which in turn catalyse the formation of hydrogen [94, 95] dissipating excess reducing power
when the Calvin–Benson cycle is not yet fully activated. Fd and NADPH can also act in CEF,
returning electrons to the PQ pool via the PGR5 (proton gradient regulation 5)-dependent [96]
and NDH complex-dependent [97, 98, 99] pathways, respectively. FNR may also act as the
direct Fd:PQ reductase, establishing redox regulation and antioxidant defense point. FNR
activity seems to represent a critical point in photosynthetic electron partitioning, because it
is integral to most of these electron cascades and can associate with several different membrane
complexes.
At least four Fd isoforms occur in plants [100]. Fd1 and Fd2 are found in leaves, while Fd3 and
Fd4 appear to play roles in non-photosynthetic metabolism [101, 100]. Fd as electron distrib‐
uting hub is particularly suitable to provide information on the redox state of the system to be
transmitted into the regulatory network. Fd contributes to the control of chloroplast energi‐
zation by feeding electrons into the CEF pathway and thereby controls both phosphorylation
potential and reductive power.
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5.3. TROL-FNR interaction influences the energy conductance
The last step of the photosynthetic electron transfer from Fd to NADP+ is catalyzed by FNR.
There are two evolutionary conserved types of FNR in the chloroplasts of higher plants:
predominantly, or exclusively, thylakoid membrane-bound isoproteins and ‘soluble’, non-
tightly bound isoproteins [101, 102]. The membrane-bound FNR is supposed to be involved
in electron transport, while the soluble enzyme provides protection against oxidative stress
[103]. Two chloroplast-type FNR genes have been found in Arabidopsis genome. In 2008,
Hanke et al. investigated knock-out mutant of Arabidopsis FNR isoprotein, fnr1. The loss of
the strong thylakoid binding was observed, which affected the channeling of photosynthetic
electrons into NADPH- and Fd-dependent metabolism. Also, these mutants had complex
variation in CEF, dependent on light conditions [104]. In fnr1, thylakoid NADP+ photoreduc‐
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complexes, which impacts the photosynthetic electron flow [111].
It was also demonstrated that FNR interacts specifically with two chloroplast proteins, Tic62
(62 kDa component of the translocon at the inner envelope of cloroplasts) and TROL (thylakoid
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domain, which is most probably involved in redox regulation of FNR binding and release
[113]. We have proposed that such regulation could be important for balancing the redox status
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reduction of any of these two compartments and maintaining the redox poise [113]. TROL-
FNR complex was clearly visible during the dark and it disappeared during light periods [112].
FNR-Tic62/TROL interaction is clearly pH-dependent. During high photosynthetic activity in
the light, stroma becomes alkaline due to the transport of protons to the thylakoidal lumen.
During the dark, stromal pH decreases again, and that is when FNR-Tic62/TROL complexes
were found predominantly associated with the thylakoid membrane [112, 113]. The mecha‐
nism by which TROL influences the FNR activity could be that during the dark period, FNR
is bound to the thylakoids via TROL and NADPH production does not occur. This stage could
be sustained through the binding of small molecule, possibly oxidized PQ, to the RHO cavity.
In conditions of growth-light, FNR is bound to the thylakoids via TROL and efficiently
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produces NADPH. When the light is saturating, FNR is released from TROL by a signal
molecule, possibly reduced PQ that competes for the RHO binding site. Once soluble, FNR
acts as NADPH consumer and released protons are passed to an unknown scavenger [78, 113,
114]. It was reported that membrane attachment of FNR is influenced by the stromal redox
state (NADP+⁄NADPH ratio), which mimics variations in environmental conditions [115].
Therefore, reversible attachment of FNR to the thylakoid membrane via TROL and/or Tic62
provides an elegant way to store redundant molecules, not required when photosynthesis is
less active or dormant.
We have already mentioned that reducing equivalents could be exported in the form of
malate through the malate valve to increase the ATP/NADPH ratio in chloroplasts  [87].
TROL-deficient  plants  grown under  growth-light  conditions  show significant  up-regula‐
tion  of  NADP-malic  enzyme  2  that  catalyses  the  oxidative  decarboxylation  of  malate,
producing pyruvate, carbon dioxide and NAD(P)H in cytosol [113]. Therefore, the TROL
knock-out Arabidopsis mutant lines (trol) could act as efficient NADPH producers, fighting
the possible hyper-reduction of the thylakoids by exporting the reducing energy in a form
of malate to the cytosol.
The trol mutants show severely lowered relative electron transport rates at high-light intensi‐
ties. Also, under high-light conditions, but in a short-term, NPQ amount was higher in the trol
line, compared to the wild-type [113]. Moreover, TROL is important for NPQ, since the
reversion of the plant without TROL to the plant that expresses TROL, even with certain
alterations, leads to the restoration of wild-type levels of NPQ (Jurić, Fulgosi, Ruban, unpub‐
lished results). We are not dealing with extreme NPQ phenotype, but, the question remains,
how is it possible that small changes in the TROL protein could modulate NPQ so effectively?
Our unpublished data also suggest the possible enrolment of some LHCII subunits in the
TROL-containing complexes, which, in the light of these results, should be thoroughly
investigated. In addition, we observed that, after more than two weeks of exposure to the high-
light conditions, trol plants exhibited NPQ almost at the wild-type levels, suggesting that some
sort of long-term acclimation could also be involved.
6. Conclusions and perspectives
Photosynthesis is the crucial converter of sunlight into the chemical energy that is subsequently
utilised to sustain life on Earth. However, without the layers of regulative pathways, it would
be virtually impossible to discuss the efficient photosynthesis. Now, we are aware of the fact
that more than 40-years-old “Z-scheme” has been constantly upgraded with many alternative
routes allied with still not well-characterised electron sources and sinks. In addition, it seems
that the thylakoid membranes are more flexible than anticipated, with PSII antenna involved
directly in NPQ origin through detachment and aggregation.
One of the interesting domains in photosynthesis, but not enough explored, would be the
involvement of lipids in a complex network of protein interactions. Lipids, especially phos‐
pholipids (phosphatidylglycerol; PG) and glycolipids (monogalactosyldiacylglycerol; MGDG,
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digalactosyldiacylglycerol; DGDG, and sulfoquinovosyldiacylglycerol; SQDG) are major
building blocks of thylakoid membranes, providing the safe docking sites for proteins and
protein complexes, respectively. It has been proposed that DGDG and PG are especially
involved in the assembly and repair of PSII [116]. Moreover, plants lacking almost 30% of the
wild-type amount of PG, caused by the point mutation in one of the genes involved in PG
synthesis pathway, displayed pale green leaves and somewhat reduced capacity for photo‐
synthesis [117], while plants that accumulated only 10% of the wild-type PG amount were
incapable of surviving on the growth medium without the addition of sucrose [118].
The other attractive domain would be retrograde signalling, i.e. the pathways flowing from
chloroplasts to the nucleus. At least five classes of chloroplast-derived signals have been
studied and discussed: tetrapyrrole biosynthesis, chloroplast gene expression-dependent
pathway, redox state of chloroplasts, ROS, and sugar and hormone signalling. While some
molecules look more promising than others (sugars and hormones for example), ROS could
be more challenging to investigate, due to its non-specificity and a power to response quickly
to different types of stress in different parts of the cell.
The rich past of exploring photosynthetic processes gave us a wealth of knowledge, but, it
seems that we have just scratched the surface. In years to come, it would be interesting to fill
the missing blanks and to develop some new, “out-of-the-box” perspectives.
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1. Introduction
Chlorophylls are essential components in oxygenic photosynthesis, and chlorophyll (Chl) a
(Fig. 1) is the major chlorophyll in cyanobacteria, algae and terrestrial plants. However,
primary charge separation is initiated by a few specially-tailored chlorophylls in the reaction
centers (RCs). Excitation of the primary donor reduces the primary and secondary electron
acceptors, which again are often specially-tailored chlorophylls; e.g., the 132-epimer of Chl a,
Chl a' (Fig. 1), constitutes the primary electron donor of P700 in PS I as a heterodimer of Chl
a/a' (Kobayashi et al. 1988; Jordan et al. 2001), and a metal-free Chl a, pheophytin (Phe) a (Fig.
1), functions as the primary electron acceptor in PS II (Klimov et al. 1977a,b; Zouni et al. 2001)
(Fig. 2).
In 1996, a unique cyanobacterium, Acaryochloris marina, with Chl d as the dominant chlorophyll
was discovered in colonial ascidians (Miyashita et al. 1996). Though P740 in PS I of A. marina
is composed of Chl d', pheophytin in PS II is not d-type but a-type (Akiyama et al. 2001). One
of the difficulties in finding Chl d in nature was its overlap with Chl b on a reversed-phase
HPLC trace. To make matters worse, Chl d had been thought to have a lower oxidation
potential than Chl a even though no experimental evidence was available, mainly because a
midpoint potential, Em, for P740 in A. marina was shown to be +335 mV (Hu et al. 1998),
© 2013 Kobayashi et al.; licensee InTech. This is an open access article distributed under the terms of the
Creative Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits
unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.
© 2013 Kobayashi et al.; licensee InTech. This is a paper distributed under the terms of the Creative Commons
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of the difficulties in finding Chl d in nature was its overlap with Chl b on a reversed-phase
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marvelously more negative than that for P700 (ca. +470 mV) in the Chl a-type cyanobacteria.
The fact that the QY-band of Chl d is at the longest wavelength compared with Chls a and b
seems to have led to some misapprehensions concerning the oxidation potential of Chl d; one
estimated that Chl d had the lowest oxidation potential among Chls a, b and d. In 2007, however,
the Eox value of Chl d in vitro was first determined and found to be higher than that of Chl a
(Kobayashi et al. 2007), and hence the Em of P740 was re-examined; the value was ca. + 435 mV
(+430 mV: Benjamin et al. 2007, Telfer et al. 2007, and +439 mV: Tomo et al. 2008), being far
positive of the initial report (+335 mV) and almost equal to the Chl a-type P700 values, around
+470 mV (Brettel 1997, Krabben et al. 2000, Ke 2001, Itoh et al. 2001, Nakamura et al. 2004) (see
Fig. 7 in Ohashi et al. 2008).
 
Figure 1. Molecular structure and carbon numbering of chlorophylls, according to the IUPAC numbering system. Naturally occurring chlorophylls 
are designated by squares. 
 
Figure 2. Schematic comparison of photosynthetic electron transport in PS I-type RC and PS II-type RC. Components are placed according to their 
estimated or approximate midpoint potentials. The arrows indicate the direction of electron flow. In order to simplify the figure, some primary 
electron donors, P970, P850 and P865 are omitted here: P970 and P850 are the primary electron donors of BChl b and Zn-BChl a containing purple 
bacteria, respectively; P865 is the primary electron donor of green filamentous bacteria.  Figure adapted from Akutsu et al. (2011). 
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Figure 1. Molecular structure and carbon numbering of chlorophylls, according to the IUPAC numbering system. Nat‐
urally occurring chlorophylls are designated by squares.
In 2010, a red-shifted chlorophyll was discovered in a methanolic extract of Shark Bay
stromatolites, and was named Chl f (Chen et al. 2010); a Chl f-containing filamentous cyano‐
bacterium was purified and named as Halomicronema hongdechloris (Chen et al. 2012). In 2011,
a Chl f-like pigment was discovered in a unicellular cyanobacterium, strain KC1, isolated from
Lake Biwa (Ohkubo et al. 2011), but there were also difficulties in its identification because
there were not systematic physicochemical data as to Chls a, b, d and f acquired under the same
conditions. For example, the optical peak wavelengths of the red-shifted chlorophyll purified
from the strain KC1 in methanol are almost the same as the reported values of Chl f (λ = 406
nm and 706 nm), while the reported ratio of Soret/QY-bands exhibited a large difference; the
pigment purified from KC1 showed 0.9, but the reported ratio for Chl f was surprisingly high,
1.9. What is worse, the 1H-NMR chemical shifts of formyl-H of Chl b and f in acetone d6 at 263
K being presented in this chapter are 11.31 and 11.22, respectively, but the corresponding
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values reported were 11.22 for Chl b in CDCl3 at unknown temperature and 11.35 for Chl f in
CD2Cl2/d5-pyridine(97/3, v/v) at 293 K, respectively, where our data are directly counter to the
reported pair. These facts exhibit that chemical shift is highly sensitive to both solvents and
temperature.
In this chapter, we present systematic and essential physicochemical properties of chlorophylls
in vitro obtained under as common conditions as possible, introducing the detailed experi‐
mental procedures; HPLC, absorption, circular dichroism, mass, NMR and redox potential.
We also introduce the succession of co-factors in PS I RCs from the viewpoints of minor but
key chlorophylls (Fig. 3). In the future, our basic data will help researchers to identify the
molecular structures of newly discovered chlorophylls and determine and/or predict their
characteristics.
2. Chlorophylls in oxygenic photosynthesis
2.1. Popular chlorophylls: Chlorophylls a and b
In 1818, the term chlorophyll (Chl), the green (Greek chloros) of leaf (Greek phyllon), was
introduced for the pigments extracted from leaves with organic solvents (Pelletier and
Caventou 1818). In 1903, a Russian botanist Tsvet(Tswett) (in Russian meaning "colour")
separated leaf pigments by chromatography (from Greek chroma and graphein meaning "color"
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Figure 2. Schematic comparison of photosynthetic electron transport in PS I-type RC and PS II-type RC. Components
are placed according to their estimated or approximate midpoint potentials. The arrows indicate the direction of elec‐
tron flow. In order to simplify the figure, some primary electron donors, P970, P850 and P865 are omitted here: P970
and P850 are the primary electron donors of BChl b and Zn-BChl a containing purple bacteria, respectively; P865 is the
primary electron donor of green filamentous bacteria. Figure a pted fr  Akutsu et al. (2011).
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marvelously more negative than that for P700 (ca. +470 mV) in the Chl a-type cyanobacteria.
The fact that the QY-band of Chl d is at the longest wavelength compared with Chls a and b
seems to have led to some misapprehensions concerning the oxidation potential of Chl d; one
estimated that Chl d had the lowest oxidation potential among Chls a, b and d. In 2007, however,
the Eox value of Chl d in vitro was first determined and found to be higher than that of Chl a
(Kobayashi et al. 2007), and hence the Em of P740 was re-examined; the value was ca. + 435 mV
(+430 mV: Benjamin et al. 2007, Telfer et al. 2007, and +439 mV: Tomo et al. 2008), being far
positive of the initial report (+335 mV) and almost equal to the Chl a-type P700 values, around
+470 mV (Brettel 1997, Krabben et al. 2000, Ke 2001, Itoh et al. 2001, Nakamura et al. 2004) (see
Fig. 7 in Ohashi et al. 2008).
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values reported were 11.22 for Chl b in CDCl3 at unknown temperature and 11.35 for Chl f in
CD2Cl2/d5-pyridine(97/3, v/v) at 293 K, respectively, where our data are directly counter to the
reported pair. These facts exhibit that chemical shift is highly sensitive to both solvents and
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and P850 are the primary electron donors of BChl b and Zn-BChl a containing purple bacteria, respectively; P865 is the
primary electron donor of green filamentous bacteria. Figure a pted fr  Akutsu et al. (2011).
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cyanobacteria in freshwater environment.  Chl d  had been only produced by cyanobacte‐
ria in the genus Acaryochloris, and the strains in Acaryochloris had been isolated only from
saline  environments  such as  the  marine  or  salty  lake  but  not  from freshwater  environ‐
ments at all (Murakami et al. 2004, Miller et al. 2005, Mohr et al. 2010, Behrendt et al. 2011).
Moreover, the strain A. marina MBIC11017 dose not grow in freshwater media and requires
sodium chloride for its growth at more than 1.5% (w/v) in the medium (Miyashita et al.
1997). Chlorophyll d was, however, detected in the sediment at the bottom of Lake Biwa,
the largest freshwater lake in Japan (Kashiyama et al. 2008), bringing us the idea that Chl
d-containing algae exist in this lake. We collected algal mats and lake water from a shore
zone of Lake Biwa at 24th, Apr. 2008. The samples were suspended in several media for
freshwater  algae,  diluted and dispensed into  cell  culture  plate  or  on agar  plates.  Those
culture/agar plates  were kept  in an incubator  with near infrared (NIR) light  as  the sole
light  source,  because we expected that  a  Chl  d-containing alga should grow faster  than
other algae under such light condition. Colony of Acaryochloris cells grown under NIR light
looked yellow-green rather  than blue-green of  common cyanobacteria,  and we also saw
several  yellow-green  colonies  (Oct.  2008).  Our  attempt  to  isolate  a  Chl  d-containing
freshwater Acaryochloris sp. from Lake Biwa turned out to be a success (Feb. 2010) (details
will be reported elsewhere). Miyashita checked the culture/agar plates, which were left for
a long time in the incubator under NIR light,  and some unusual cyanobacterial colonies
were found (Oct. 2009). The colonies were different from that of Acaryochloris sp. in color;
being dark-blue-green rather than yellow-green. The cells grew under NIR light as the sole
light  source when we put  them in a  freshwater  medium. Morphological  features  of  the
cells were similar to those of Acaryochloris sp. in that the cell was unicellular, spherical to
subspherical  and aggregated.  We expected that  the organism was a  new Chl  d-contain‐
ing cyanobacterium which was closely related to the genus Acaryochloris,  phylogenetical‐
ly. The results of HPLC analysis disappointed us, since the cyanobacterium possessed no
Chl d at all, and Chl a as the major chlorophyll like common cyanobacteria. Immediately
thereafter, however, came an excitement when an unusual chlorophyll was detected (22nd.
Jan. 2010). The pigment showed typical two absorption peaks in the Soret (406 nm) and
QY  (707 nm) regions in MeOH; they were clearly different from those of known chloro‐
phylls. We concluded that the pigment was a new chlorophyll that should be named “Chl
f  ”.  We  started  mass  culture  of  the  cells  for  chemical  characterization  such  as  detailed
spectral properties, molecular mass and chemical structure. At around the same time, Chen
et al. (2010) reported the discovery of Chl f in a methanolic extract of Shark Bay stromato‐
lites  incubated  under  NIR  light  for  the  initial  purpose  of  the  isolation  of  new  Chl  d-
containing phototrophs. Discoveries are mostly accidental.
Note that in the strain KC1 Chl f was not induced under white fluorescent light even if NIR
LED was also used as additional light. Further, neither Chl f' nor Phe f was detected, suggesting
that Chl a' and Phe a function as P700 and the primary electron acceptor in PS II, respectively,
as in common cyanobacteria (Akutsu et al. 2011). The results indicate that Chl f may function
as not an electron transfer component but an antenna part. Chl f is not the major photopigment,
and may function as an accessory chlorophyll, although the function of Chl f in energy storage
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lites  incubated  under  NIR  light  for  the  initial  purpose  of  the  isolation  of  new  Chl  d-
containing phototrophs. Discoveries are mostly accidental.
Note that in the strain KC1 Chl f was not induced under white fluorescent light even if NIR
LED was also used as additional light. Further, neither Chl f' nor Phe f was detected, suggesting
that Chl a' and Phe a function as P700 and the primary electron acceptor in PS II, respectively,
as in common cyanobacteria (Akutsu et al. 2011). The results indicate that Chl f may function
as not an electron transfer component but an antenna part. Chl f is not the major photopigment,
and may function as an accessory chlorophyll, although the function of Chl f in energy storage
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is under debate, because uphill energy transfer is needed to deliver the excitation energy to
Chl a molecules in the RC (Chen and Blankenship 2011).
2.3. Specially-tailored chlorophylls associated with reaction centers
2.3.1. Prime-type chlorophylls as the primary electron donors in PS I
2.3.1.1. Chlorophyll a' and P700
The 132-epimer of Chl a, Chl a' ("a-prime") (Fig. 1), was first reported in 1942 (Strain and
Manning 1942). In 1988, it was proposed that Chl a' constitutes P700 as a heterodimer of Chl
a/a' (Fig. 2) (Kobayashi et al. 1988), and the idea has been confirmed in 2001 (Jordan et al.
2001). As seen in Fig. 2, it has also been shown that P798 consists of BChl g' in the RC of
heliobacteria in 1991 (Kobayashi et al. 1991), and that P840 consists of BChl a' in green sulfur
bacteria in 1992 (Kobayashi et al. 1992, 2000), suggesting that prime-type chlorophylls are
essential as the primary electron donors in the PS I-type RCs (see Figs. 2 and 3). For more
details, see Chapter 4 in Kobayashi et al. (2006).
2.3.1.2. Chlorophyll d' and P740 in Acaryochloris marina
Chl d', the 132-epimer of Chl d (Fig. 1), was always detected in A. marina as a minor component,
while Chl a' was absent (see Fig. 6(C)) (Akiyama et al. 2001). P740, the primary electron donor
of PS I in A. marina, was initially proposed to be a homodimer of Chl d (Hu et al. 1998), then a
homodimer of Chl d' (Akiyama et al. 2001), and finally a Chl d/d' heterodimer (Fig. 2) (Akiyama
et al. 2002, 2004; Kobayashi et al. 2005, 2007: Ohashi et al. 2008), just like the Chl a/a' for P700
in other cyanobacteria and higher plants (Figs. 2 and 3): a dimer model for P740 was supported
by FTIR spectroscopy (Sivakumar et al. 2003). The finding of Chl d’ in A. marina appears to
ensure our hypothesis that prime-type chlorophyll is a general feature of the primary electron
donor in the PS I-type RCs (see Figs. 2 and 3). The homology of PsaA and PsaB between A.
marina and other cyanobacteria is low (Swingley et al. 2008), which may reflect the replacement
of Chl a by Chl d, also Chl a' by Chl d', in the PS I RC of A. marina (see Fig. 3).
It is interesting to note that the primary electron acceptor, A0, in PS I of A. marina is not Chl d
but Chl a (Figs. 2 and 3), which was first shown by laser photolysis experiment (Kumazaki et
al. 2002), and then supported by flash-induced spectral analysis (Itoh et al. 2007). The results
support our hypothesis that Chl a-derivative is a general feature of A0 in the PS I-type RCs (see
Figs. 2 and 3).
2.3.1.3. Evolutionary relationship between chlorophylls and PS-I type reaction centers
Here we introduce our hypothesis about the evolution of the PS I-type RCs based on the
structures of chlorophylls and quinones (Fig. 3). The prime-type chlorophylls, bacteriochlor‐
ophyll (BChl) a' in green sulfur bacteria, BChl g' in heliobacteria, Chl a' in Chl a-type PS
I, and Chl d' in Chl d-type PS I, function as the special pairs, either as homodimers, (BChl
a')2  and  (BChl  g')2  in  anoxygenic  organisms,  or  heterodimers,  Chl  a/a'  and  Chl  d/d'  in
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2.3.2. Pheophytin a as the primary electron acceptor in PS II
In 1974, pheophytin (Phe) a (Fig. 1), a demetallated Chl a, was first postulated to be the primary
electron acceptor in PS II (Fig. 2) (van Gorkom 1974), and the idea was experimentally
confirmed in 1977 (Klimov et al. 1977b). In 1975, bacteriopheophytin (BPhe) a was found to
function as a primary electron acceptor in the RC of purple bacteria (Fig. 2) (Parson et al.
1975; Rockley et al. 1975; Fajer et al. 1975; Kaufmann et al. 1975), and shortly thereafter BPhe
b was also found to perform the same function (Fig. 2) (Klimov et al. 1977c). In 1986, BPhe a
was also found to function in green filamentous bacteria (Fig. 2) (Kirmaier et al. 1986; Shuvalov
et al. 1986). In 2001, the primary electron acceptor of PS II in A. marina was first found to be
Phe a (Fig. 2) (Akiyama et al. 2001) and later supported by Tomo et al. (2007). For more details,
see Chapter 4 in Kobayashi et al. (2006) and a review by Ohashi et al. (2008).
It is of interest to note that Phe a as well as Chl a', d' and Chl d are artifacts easily produced in
vitro (see Fig. 4): Phe a can be readily produced from Chl a under acidic conditions, primed
chlorophylls from non-primed ones by epimerization under basic conditions, and Chl d from
Chl a under oxidative conditions. These artifacts, however, function as key components in
natural photosynthesis, while Phes b, d, f and Chls b', f ' are not found in nature.
3. Physicochemical properties of chlorophylls in vitro
3.1. HPLC
In the late 1970s, the high performance liquid chromatography (HPLC) technique was applied
to the separation of plant pigments. In many cases the reversed-phase HPLC was preferred
(Eskins et al. 1977; Shoaf et al. 1978; Schoch et al. 1978), and is still the main option to date. In
that system, however, an eluent gradient is usually required for simultaneous separation of
Chls and Phes and the gradient system is unfavorable for quantitative analysis, since the molar
absorptivities of pigments strongly depend on solvents. In this context, an isocratic eluent
system is favorable. In 1978, a simultaneous separation of Chls and Phes by normal-phase
HPLC was attained by an isocratic procedure (Iriyama et al. 1978). In 1984, the isocratic normal-
phase HPLC was established as a powerful tool for chlorophyll analysis (Watanabe et al. 1984).
3.1.1. Mixture of chlorophylls and pheophytins
Chls a and b were extracted with acetone/methanol (7/3, v/v) mixure at 277 K from parsley
(Petroselinum crispum Nym.), Chl d from A. marina, and Chl f from a cyanobacterium strain
KC1  grown  under  near-infrared  LED  light.  The  extract  was  applied  to  a  preparative-
scale HPLC (Senshupak 5251-N, 250 mm x 20 mm i.d.) and eluted with hexane/2-propanol/
methanol  (100/2/0.4,  v/v)  at  a  flow rate  of  7  mL min-1  at  277  K,  as  described elsewhere
(Kobayashi  et  al.  1991).  Other authentic  pigments,  Chl a',  Chl f',  Phe a  and Phe f,  were
prepared by epimerization and pheophytinization of  Chl  a  and Chl  f  as  described else‐
where (Watanabe et al. 1984).
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A mixture of Chls and Phes was injected into a silica HPLC column (YMC-pak SIL, 250 x 4.6
mm i.d.) cooled to 277 K in an ice-water bath. The pigments were eluted isocratically with
degassed hexane/2-propanol/methanol (100/0.7/0.2, v/v) at a flow rate of 0.9 mL min-1, and were
monitored with a JASCO UV-970 detector (λ = 670 nm) and a JASCO Multiwavelength MD-915
detector (λ = 300 - 800 nm) in series.
As illustrated in Fig. 6(F), eight Chls and four Phes are clearly separated. One can easily see
that Synechocystis sp. PCC6803 possesses Phe a and Chl a' as well as Chl a, and that Chlorella
vulgaris has also Chl b.
3.1.2. Pigment extract from A. marina
Pigments were extracted from cell suspension (ca. 10 μL) by sonication in a ca. 300-fold volume
of acetone/methanol (7/3, v/v) mixture for 2 min in the dark at room temperature. The extract
was filtered and dried in vacuo. The whole procedure was completed within 5 min. The solid
material thus obtained was immediately dissolved in 10 μL of chloroform, and injected into a
silica HPLC column.
As seen in Fig. 6(C), A. marina has three minor chlorophylls, Phe a, Chl a and Chl d', in addition
to the major Chl d (Akiyama et al. 2001). Pheophytin a functions as the primary electron
acceptor in PS II, Chl a as the primary electron acceptor in PS I, and Chl d' as the primary
electron donor P740 as a heterodimer of Chl d/d', like the Chl a/a' in P700 (Fig. 2).
3.1.3. Pigment extract from strain KC 1
Cells of the cyanobacterium strain KC1 were grown in BG-11 medium in a glass cell culture
flask (1 L) at 297 K with continuous air-bubbling. Cells were incubated under continuous white
fluorescent light (50 μmol photons/m2/s) or near-infrared LED light (see Fig. 5A, Tokyorika,
Tokyo). Cells at the early stationary phase were harvested by centrifugation. See Akutsu et al.
(2011) for more details.
Typical HPLC traces for acetone/methanol extracts from cells of the cyanobacterium strain
KC1 cultivated under white fluorescent light or NIR LED light are shown in Figs. 6D and E,
respectively. A large amount of Chl a, as well as small amounts of Chl a' and Phe a, were
detected in both cells. We should note that only the strain KC1 grown under NIR LED light
showed the presence of Chl f as a minor pigment and that Chl f' and Phe f were not detected
at all (Fig. 6E).
3.2. Absorption spectra in four solvent varieties
The absorption spectrum is the simplest, most useful and extensively used analytical property
to characterize chlorophylls. Absorption spectra of Chls show the electronic transitions along
the x axis of the Chl running through the two nitrogen (N) atoms of rings II and IV, and along
the y-axis through the N atoms of rings I and III (see Fig. 1). The two main absorption bands
in the blue and red regions are called Soret and Q bands, respectively, and arise from π→π*
transitions of four frontier orbitals (Weiss 1978; Petke et al. 1979; Hanson 1991).
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detected in both cells. We should note that only the strain KC1 grown under NIR LED light
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Figure 5. Absorption spectra of (A) the cells of strain KC1 grown under white fluorescent light (- - -), near infrared
(NIR) LED light (―) and (B) acetone solution of acetone/methanol extracts from the corresponding KC1 cells. Emission
spectrum of NIR LED (-•-•-) is inserted in (A).
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(NIR) LED light (―) and (B) acetone solution of acetone/methanol extracts from the corresponding KC1 cells. Emission
spectrum of NIR LED (-•-•-) is inserted in (A).
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(87.6) (98.5) ibid.
390, 445 686 Miyashita et al. (1997)
392b, 447b 688b ibid.
400c, 455c 697c ibid.
445.6 686.2 Kobayashi et al.(2006)
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Compound λmax,blue [nm] λmax,red [nm]
(ε[103 M-1cm-1]) (ε[103 M-1cm-1]) Ref
(0.853)a (1.00)a ibid.
394.3b, 451.7b 691.4b This work
(0.559)a,b(0.826)a,b (1.00)a,b ibid.
400.8c, 455.5c 698.1c ibid.
(0.735)a,c(0.706)a,c (1.00)a,c ibid.
394.2d, 450.2d 693.7d ibid.
(0.532)a,d, (0.885)a,d (1.00)a,d ibid.
Phe d 421 692 Smith and Benitez (1955)
(84.9) (72.2) ibid.
421 692 French (1960)
(84.9) (72.2) ibid.
382.7, 421.3 692.0 Kobayashi et al.(2006)
(0.881)a,(1.00)a (0.911)a ibid.
383.7b, 421.5b 691.0b This work
(0.888)a,b, (1.00)a,b (0.761)a,b ibid.
384.0c, 410.7c 693.1c ibid.
(1.00)a,c, (0.964)a,c (0.637)a,c ibid.
387.8d, 428.8d 697.3d ibid.
(0.802)a,d, (1.00)a,d (0.915)a,d ibid.
Chl f 395.6, 440.5 695.2 This work
(0.657)a (0.648)a (1.00)a ibid.
398.2b, 442.0b 701.0b ibid.
(0.780)a,c, (0.576)a,b (1.00)a,b ibid.
400.9d, 444.0d 700.9d ibid.
(0.668)a,d, (0.658)a,d (1.00)a,d ibid.
406.7c 708.3c Akutsu et al. (2011)
(0.904)a,c (1.00)a,c ibid.
406 706 Chen et al. (2010)
(1.00)a,d (0.527)a,d ibid.
Phe f 409.3 696.9 This work
(1.00)a (0.727)a ibid.
409.3b 697.9b ibid.
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Table 1. Absorption properties of chlorophylls in diethylether at room temperature
It is somewhat difficult to distinguish Chl f from Chl d, when one roughly compares the
absorption spectrum of Chl f in diethyl ether (Fig. 7A"') with that of Chl d in methanol (Fig.
7C"), because their spectral shapes are very similar. In contrast, in diethyl ether one can easily
distinguish Chl f from Chl d without spectrophotometer, because Chl f looks blue-green as Chl
a, while Chl d light-green as Chl b, indicating that the naked eye is often powerful for colour
judgement.
The Soret bands include several intense bands. In diethyl ether and benzene, the Soret band
of Chl f is clearly split into two bands, most probably the so-called B-bands (longer wavelength)
and η-bands (shorter wavelength), while Chl d shows such a split not in those solvents but in
methanol, and hence one can easily distinguish them by comparing their optical spectra in the
same solvents, e.g., diethyl ether (Figs. 7A" and A"').
In Fig. 5 are shown the absorption spectra of the strain KC1 grown under white fluores‐
cent light and NIR LED light. The cells grown under NIR LED light show a clear should‐
er over 700 nm, extending up to almost 800 nm (Fig. 5A). Absorption spectra in acetone
solution of acetone/methanol extracts from the KC1 cells cultivated under NIR LED also
exhibit a longer wavelength peak in the range of about 690 to 720 nm (Fig. 5B), due to the
presence of Chl f. We had better pay attention that the NIR LED emission spectrum seen
in Fig.  5A overlaps the absorption spectrum of the strain KC1 cells  grown under white
fluorescent light, indicating that the cells without Chl f can absorb NIR LED light, where
some Chl a  molecules possessing longer wavelength absorption may act as a trigger for
Chl  f  biosynthesis  under NIR LED light.  If  this  hypothesis  holds,  a  much longer wave‐
length LED could not induce Chl f biosynthesis. In such a study, one should give a lot of
care to the shorter wavelength foot of emission spectrum of NIR LED not to overlap the
absorption of cells at all.
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We should note that inductive effects on the absorption wavelengths and intensities of QY-
bands of chlorophylls strongly depend on the nature and position of substituent(s) on the
macrocycle, due to the presence of two different electronic transitions polarized in the x
and y directions (the axes of transition moments are depicted in Fig.1) (Gouterman 1961,
Gouterman et al. 1963; Weiss 1978; Petke et al. 1979; Hanson 1991, Kobayashi et al. 2006b).
Replacement  of  the  electron-donating  group,  -CH3,  on  ring  II  of  Chl  a  by  the  electron-
withdrawing group, -CHO, yielding Chl b,  causes the blue-shift and significant intensity
reduction of the QY-band (Fig. 7). In contrast, replacement of -CH3 on ring I of Chl a by -
CHO, yielding Chl f, causes the red-shift and intensity increase of the QY-band (Fig. 7). A
similar phenomenon is clearly seen in Chl d, where -CH=CH2 on ring I of Chl a is replaced
with -CHO. These results indicate it is a general feature that substitution by the electron-
withdrawing  group  on  ring  II  causes  the  blue-shift  and  intensity  reduction  of  the  QY-
band and that the same substitution on ring I leads the opposite, namely, the red-shift and
intensity  increase  of  the  QY-band.  Moreover,  it  looks  that  substitution  on  ring  I  by  the
electron-withdrawing  group  generates  the  well-split  Soret  band,  while  showing  heavy
dependence on solvent as described above.
3.2.2. Pheophytins a, b, d and f
The free base related to Chl is called Phe. First of all, we emphasize that in natural photosyn‐
thesis only Phe a functions, and Phes b, d and f are not functional. In general, the more
structured shape and red shifted Soret band of Chls distinguishes them from the corresponding
Phes. In contrast to Chls, the η bands in the Soret band was poorly resolved in any Phes except
Phe d (Fig. 7). Removal of the central Mg increases deviation from planarity and reduces the
molecular symmetry, thus increasing Soret and QX transition. The Soret/QY-band ratios
noticeably increases by pheophytinization; in diethyl ether Phe b shows the highest value of
around 5, Phe a the secondary highest about 2, and Phe d the lowest near 1 (compare bottom
with top in Fig. 7, see also Table 1). Therefore, contamination of pheophytins in a Chl sample
is often noticed from the optical spectra.
As seen in Fig. 7, Phe b can be easily distinguished from Phe a by its blue shifted QY-band, red
shifted Soret band, and by the marginally higher Soret/QY band ratio. Phes d and f can be
distinguished from Phes a and b by their red shifted QY band and intense QY bands, i.e., the
Soret/QY-band ratios in Phes d and f are not high and almost the same as those seen in Chl a.
We should also pay attention to Phe f, because in methanol its optical shape is somewhat similar
to Phe a (compare Figs. 7G with 7G"'), although they can be distinguished by the QY wavelength
difference. We must emphasize again that Phes possess relatively strong and characteristic
QX-bands in the region of 490-570 nm; the QX bands in Phes a and d are better resolved to the
QX(0,0) and QX(1,0) transitions. Phe d also shows significant splitting of the Soret and QX bands
in all solvents as illustrated in Fig. 7. In contrast, the Qx band corresponding to the QX(1,0)
transition (shorter wavelength) of Phe f looks unclear. It is of interest to note that in diethyl
ether Phe d assumes a pale pink color, while both Phes b and f show a dull color. These
characteristics will help us to discern Phes from Chls, and among Phes.
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3.3. Circular dichroism spectra
Circular dichroism (CD) spectra are very useful for distinction between the primed chloro‐
phyll, e.g., Chl a', and the corresponding non-primed one, Chl a, although the absorption
characteristics of the primed derivatives (Chls a', b', d', f', Phes a', b', d' and f') are identical
with those of the non-primed ones (Wolf and Scheer 1973; Weiss 1978; Watanabe et al. 1984;
Kobayashi et al. 2006b).
A spectropolarimeter Model FDCD-309 (JASCO) was used for CD measurements. Benzene
was chosen as the solvent, in view of the sufficiently slow interconversion between epimeric
species in this medium (Watanabe et al. 1984). The spectra were recorded from 800 nm to 300
nm at a scan rate of 200 nm/min with 20 scans at room temperature; time for measurement
was ca. one hour.
The CD spectra of Chl a/a', b/b', d/d' and f/f' in benzene are illustrated in Fig. 8. It is immediately
seen that, for a given pair of epimers, the CD spectra are considerably different, although the
absorption spectra are practically identical with each other. For each of Chls a', b', d' and f', an
intense negative CD is associated with QY(0,0) and a well-defined weakly negative satellite
with QY(1,0). On the other hand, the non-primed species, Chls a, b, d and f, show complicated,
very weak negative and/or positive activities at these transitions. In Fig. 9, all pheophytins
show negative activities, and primed ones reveal stronger and red-shifted signals compared
to the non-primed ones, although the absorption spectra of the primed derivatives are also
identical with those of the non-primed ones. The findings suggest that the QY maximum
transition consists of at least two bands, and shorter wavelength band shows stronger activity
in primed Phe and longer wavelength band stronger in non-primed Phe.
A series of QX transitions occur in the "valley" of the absorption spectrum as described in section
2. The positive CD activities derived from the QX(0,0) absorption (called bands III, see Fig. 2 in
Petke et al. 1979) appear at 579, 535, 594, 557, 548, 604, 567 and 559 nm for Chl a', Phe a', Chl
d', Phes d, d', Chl f', Phes f and f', respectively, while Chl f and Phe a exhibit weakly negative
activities at 609 nm and 535 nm, respectively. Such definite activities are not observed in Chls
a, b/b', d and Phe b/b'; optical activities of b-type pigments, Chl b/b' and Phe b/b', are extremely
weak, which may be related to the very diffuse feature of their absorption spectra. The CD
activity associated with the QX(0,1) absorption satellites (band IV) at the shorter wavelength
also is very weak and vague in all the pigments examined.
The Chl and Phe Sorets contain many π-π* transitions characterized by a complex mixture of
configurations. According to the results of molecular orbital calculations (Weiss 1978; Petke et
al. 1979; Hanson 1991), band B in the Soret absorption consists of two nearly degenerate
electronic transitions, BX(0,0) and BY(0,0). All the primed derivatives gave single and strongly
positive CD spectra at this absorption peak, suggesting that the two transitions contribute to
CD spectra in a similar manner (Watanabe et al. 1984). In contrast, the CD spectra of non-
primed species, except Chl f and Phes, apparently reflect the existence of the two transitions:
they show a maximum and a minimum with the center wavelength roughly coinciding with
the Soret absorption maximum. Different feature of CD spectrum for Chl f among Chls may
come from its characteristically splitted Soret absorption arising from B-bands and so-called
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3.4. Mass spectra
Chlorophylls in natural photosynthesis are sometimes present in very small amounts, and
hence the use of mass spectrometry (MS) can be advantageous since only minute samples are
required. MS can provide accurate and useful information not only on molecular weights and
elemental compositions but also on the nature of functional groups attached to the macrocycle
(e.g. phytol) and of the central metal (see reviews by Smith 1975; Hunt and Michalski 1991;
Porra and Scheer 2000; Kobayashi et al. 2006).
LC/MS experiments were performed on an LCQ mass spectrometer (Thermo Fisher Scientific
Inc., MA, U.S.A.) equipped with an HPLC system (HP1100, Agilent, CA, U.S.A.) connected
with a diode array detector. Each sample dissolved in dichloromethane before analysis was
applied on a JASCO Finepak SIL C18S column (150 mm x 4.6 mm i.d.) cooled to 277 K in an
ice-water bath, and separated using a mixture of ethanol/methanol/2-propanol/water
(86/13/1/3, v/v) at a flow rate of 300 μL min-1. The eluate was monitored by the UV-Vis
absorption in a range of 220-800 nm, and was introduced into the mass spectrometer from 5
to 55 min after sample injection. Atmospheric pressure chemical ionization (APCI) mass and
MS/MS spectra were recorded in the positive-ion mode in the mass range of m/z 150-2,000.
Helium was used as collision gas for MS/MS experiments, followed by the isolation of ions
over a selected mass window of 2 Da. The mass spectrometer was initially tuned using a
standard Chl a solution as follows: APCI vaporizer temp., 723 K; spray voltage, 4 kV; capillary
temperature, 423 K; capillary voltage, 8 V; sheath gas (nitrogen); flow rate, 56 (arbitrary unit);
auxiliary gas flow rate, 9 (arbitrary unit).
As illustrated in Fig. 10 (left), Chl a (C55H72MgN4O5, monoisotopic mass; 892.535. Hereafter the
value in the bracket shows the monoisotopic mass of the molecule or the ion) gives the
protonated molecule ([M+H]+) at m/z 893.2 producing the dominant fragment ion at m/z 615.1.
The mass difference 278 between [M+H]+ and the product ion corresponds to C20H38. This
shows the presence of a phytyl chain in Chl a. The other product ions at m/z 583.0 and m/z 555.2
corresponding to [M+H-278-32]+ and [M+H-278-60]+, respectively, are supposed to be the
results of the loss of carboxymethyl group followed by the cleavage of phytol. The losses of
278, 310 and 338 from the precursor ion in MS/MS spectra are seen in all the pigments examined
here reveals the presence of a phytyl chain.
It is interesting to note that a typical fast atom bombardment (FAB)-mass spectrum of Chl a
shows two intense molecular ion peaks, [M]+ at m/z 892.6 and [M + H]+ at 893.6, as well as the
dominant fragment ion [M-C20H38+H]+ at m/z 614.3 (see Fig. 4 in Kobayashi et al. 2000). Both
spectra, however, reveal that Chl a has a phytyl chain (C20H39). We should make sure that the
mass spectra of chlorophyll molecular ion peak(s) and the fragment ion peak(s) vary by m/z
1.0 according to the ionization methods.
Chlorophyll d (C54H70MgN4O6, 894.515) gives the protonated molecule ([M+H]+) at m/z 895.2
and the prominent fragment ion at m/z 617.1. Though chlorophylls b and f (both
C55H70MgN4O6, 906.515) are eluted at different LC retention times, they show the same mass
and MS/MS spectral patterns, [M+H]+ at m/z 907 and the dominant product ion at m/z 629,
which correspond to [C55H71MgN4O6]+ (907.522) and [M-C20H38+H]+ (629.225). These results
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auxiliary gas flow rate, 9 (arbitrary unit).
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corresponding to [M+H-278-32]+ and [M+H-278-60]+, respectively, are supposed to be the
results of the loss of carboxymethyl group followed by the cleavage of phytol. The losses of
278, 310 and 338 from the precursor ion in MS/MS spectra are seen in all the pigments examined
here reveals the presence of a phytyl chain.
It is interesting to note that a typical fast atom bombardment (FAB)-mass spectrum of Chl a
shows two intense molecular ion peaks, [M]+ at m/z 892.6 and [M + H]+ at 893.6, as well as the
dominant fragment ion [M-C20H38+H]+ at m/z 614.3 (see Fig. 4 in Kobayashi et al. 2000). Both
spectra, however, reveal that Chl a has a phytyl chain (C20H39). We should make sure that the
mass spectra of chlorophyll molecular ion peak(s) and the fragment ion peak(s) vary by m/z
1.0 according to the ionization methods.
Chlorophyll d (C54H70MgN4O6, 894.515) gives the protonated molecule ([M+H]+) at m/z 895.2
and the prominent fragment ion at m/z 617.1. Though chlorophylls b and f (both
C55H70MgN4O6, 906.515) are eluted at different LC retention times, they show the same mass
and MS/MS spectral patterns, [M+H]+ at m/z 907 and the dominant product ion at m/z 629,
which correspond to [C55H71MgN4O6]+ (907.522) and [M-C20H38+H]+ (629.225). These results
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suugest that Chl f also possesses a phythyl long chain in such molecules as Chls a, b and d, and
that most probably one -CH3 moiety of Chl a is substituted for -CHO group in Chl f like Chl
b, yielding [2-formyl]-Chl a, [12-formyl]-Chl a or [18-formyl]-Chl a.
As seen in Fig. 10 (right), the corresponding pheophytins prepared by acid treatment clearly
showed the absence of magnesium (Fig. 1). For example, [M+H]+ of Phe a is observed at m/z
871.3 which is 22 Da smaller than that of Chl a, showing the substitution of Mg with two H
atoms by pheophytinization (see Fig. 1). Pheophytins b and f (C55H74N4O6, 884.545) and Phe d
(C54H72N4O6 872.545) show the similar pattern, supporting that all of them do not possess Mg
as central metal.
3.5. Nuclear magnetic resonance spectra
Nuclear magnetic resonance (NMR) spectroscopy can offer ample information about the
molecular structure. Coupled use of NMR with HPLC, absorption-, CD- and mass-spectro‐
metries has not only definitively identified the structures of several major naturally-occurring
Chls but has also assisted recent studies of minor Chl pigments, present in minute quantities,
such as electron donors and acceptors in the RC.
3.4. Mass spectra 
Chlorophylls in natural photosynthesis are sometimes present in very small amounts, and hence the use of mass spectrometry (MS) 
can be advantageous since only minute samples are required.  MS can provide accurate and useful information not only on 
molecular weights and elemental compositions but also on the nature of functional groups attached to the macrocycle (e.g. phytol) 
and of the central metal (see reviews by Smith 1975; Hunt and Michalski 1991; Porra and Scheer 2000; Kobayashi et al. 2006).   
LC/MS experiments were performed on an LCQ mass spectrometer (Thermo Fisher Scientific Inc., MA, U.S.A.) equipped with an 
HPLC system (HP1100, Agilent, CA, U.S.A.) connected with a diode array detector. Each sample dissolved in dichloromethane 
before analysis was applied on a JASCO Finepak SIL C18S column (150 mm x 4.6 mm i.d.) cooled to 277 K in an ice-water bath, and 
separated using a mixture of ethanol/methanol/2-propanol/water (86/13/1/3, v/v) at a flow rate of 300 μL min-1. The eluate was 
monitored by the UV-Vis spectrum in a range of 220-800 nm, and was introduced into the mass spectrometer from 5 to 55 min after 
sample injection. Atmospheric pressure chemical ionization (APCI) mass and MS/MS spectra were recorded in the positive-ion 
mode in the mass range of m/z 150-2,000. Helium was used as collision gas for MS/MS experiments, followed by the isolation of 
ions over a selected mass window of 2 Da. The mass spectrometer was initially tuned using a standard Chl a solution as follows: 
APCI vaporizer temp., 723 K; spray voltage, 4 kV; capillary temperature, 423 K; capillary voltage, 8 V; sheath gas (nitrogen) flow 
rate, 56 (arbitrary unit); auxiliary gas flow rate, 9 (arbitrary unit).  
As illustrated in Fig. 10 (left), Chl a (C55H72MgN4O5, monoisotopic mass; 892.535.  Hereafter the value in the bracket shows the 
monoisotopic mass of the molecule or the ion) gives the protonated molecule ([M+H]+) at m/z 893.2 producing the dominant 
fragment ion at m/z 615.1,  The mass difference 278 between [M+H]+ and the product ion corresponds to C20H28.  This suggests the 
presence of a phytyl chain in Chl a.  The other product ions at m/z 583.0 and m/z 555.2 corresponding to [M+H-278-32]+ and [M+H-
278-60]+, respectively, are supposed to be the results of the loss of carboxymethyl group followed by the cleavage of phytol.  The 
losses of 278, 310 and 338 from the precursor ion in MS/MS spectra are seen in all the pigments examined here reveals the presence 
of a phytyl chain.   
 
Figure 10.MS/MS spectra of Chls a, b, d, f (left column) and Phes a, b, d and f (right column).  Each mass spectrum of the chlorophyll fraction is 
shown in the shaded square.  MS/MS spectra of the protonated molecules ([M+H]+) of Chls a, b, d and f give product ions of [M+H-278]+, [M+H-278-





















500 600 700 800 900
m/z
500 600 700 800 900 500 600 700 800 900























500 600 700 800 900














500 600 700 800 900 500 600 700 800 900




Figure 10. MS/MS spectra of Chls a, b, d, f (left column) and Phes a, b, d and f (right column). Each mass spectrum of
the chlorophyll fraction is shown in the shaded square. MS/MS spectra of the protonated molecules ([M+H]+) of Chls a,
b, d and f give product ions of [M+H-278]+, [M+H-278-32]+ and [M+H-278-60]+. Pheophytins a, b, d and f give product
ions of [M+H-278]+ and [M+H-278-60]+.
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The NMR spectra were recorded on a Bruker Avance 800 spectrometer (Bruker Biospin,
Karlsruhe, Germany), with a frequency of 1H at 800 MHz and 13C at 201 MHz, equipped with
TCI CryoProbe using a microtube (Shigemi Inc., Tokyo) and about 0.5 mg of sample in 0.3 mL
of acetone-d6 with tetramethylsilane (TMS) as an internal standard. The chemical shifts are
given in δ-scale [ppm] downfield from TMS. The measurements were performed at 273 K. The
typical experimental conditions for the 1H NMR spectra were 256 scans, a spectral width of 17
ppm, 128k data points. The 13C spectra were acquired using a power gated decoupling with
48k scans. The spectral width of 220 ppm was acquired in 64k data points. The 2D-homonuclear
(Nuclear Overhauser and Exchange Spectroscopy (NOESY)) and 2D-heteronuclear (H,C-
Heteronuclear Single Quantum Coherence (H,C-HSQC) and H,C-Heteronuclear Multiple
Bond Correlation (H,C-HMBC)) experiments were performed for the structural assignments
of the 1H and 13C signals using standard 2D-NMR pulse sequences of Bruker software.
3.5.1. 1H-NMR
As observed in one-dimensional 1H-NMR spectra (Fig. 11, Table 2), marked differences are
seen in the signals arising from the formyl group. Each low-field singlet signal characteristic
of the formyl moiety observed around 11 ppm in the spectra of Chls b (71), d (31) and f (21) is
absent from the spectrum of Chl a. Similarly, double doublet signal of 31-H vinylic proton at
8-8.5 ppm in the spectra of Chls a, b and f is not seen in the spectrum of Chl d. These results
reconfirm that Chl d is 3-desvinyl-3-formyl Chl a ([3-formyl]-Chl a).
Here we note that the 31-H vinylic proton shows a large downfield shift in Chl f (8.534 ppm)
and that is slightly upfield shifted in Chl b (8.043 ppm), as compared to Chl a (8.162 ppm),
suggesting that Chl f should be formylated along the y-axis and that interaction between -
CH=CH2 and -CHO in Chl f is rather strong than that in Chl b. The -CHO substitution position
in Chl f is hence most probably at C2, next to the 3-vinyl group.
The pair signals of 32- and 32'-H vinylic protons are well resolved in the spectra of Chls a (6.242
ppm and 6.028 ppm) and b (6.302 ppm and 6.055 ppm), while the corresponding pair signals
in Chl f show low resolution (6.365 ppm and 6.324 ppm), suggesting that the environment of
3-vinyl moiety in Chls a and d is very similar to each other, but is profoundly different from
that in Chl f, most probably due to the presence of formyl moiety at the neighboring C2 in Chl
f. The 1H singlet signals for 71-CH3 in Chls a, d and f are at 3.3 ppm and absent from the spectrum
of Chl b, while the 1H signal for 71-CHO in Chl b appears on a much lower field at 11.3 ppm.
Another marked difference seen in Chl f spectrum is the disappearance of the singlet signal of
21-CH3 proton; the corresponding signals are observed at 3.3-3.72 ppm in the spectra of Chls
a, b and d, implying that 21-CH3 of Chl a is substituted in Chl f for some other moiety, most
probably -CHO. No other change is clear in the one-dimensional 1H-NMR spectra.
3.5.2. 13C-NMR
In the 13C-NMR spectra (Fig. 12, Table 3), marked differences are noted in the range of 0 ppm
to 20 ppm, 120 ppm to 140 ppm, and 180 ppm to 200 ppm, relating to the -CH3, -CH=CH2 and
-CHO moieties. Compared to Chl a, in the spectrum of Chl f, the 13C signal of 21-CH3 is absent,
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suugest that Chl f also possesses a phythyl long chain in such molecules as Chls a, b and d, and
that most probably one -CH3 moiety of Chl a is substituted for -CHO group in Chl f like Chl
b, yielding [2-formyl]-Chl a, [12-formyl]-Chl a or [18-formyl]-Chl a.
As seen in Fig. 10 (right), the corresponding pheophytins prepared by acid treatment clearly
showed the absence of magnesium (Fig. 1). For example, [M+H]+ of Phe a is observed at m/z
871.3 which is 22 Da smaller than that of Chl a, showing the substitution of Mg with two H
atoms by pheophytinization (see Fig. 1). Pheophytins b and f (C55H74N4O6, 884.545) and Phe d
(C54H72N4O6 872.545) show the similar pattern, supporting that all of them do not possess Mg
as central metal.
3.5. Nuclear magnetic resonance spectra
Nuclear magnetic resonance (NMR) spectroscopy can offer ample information about the
molecular structure. Coupled use of NMR with HPLC, absorption-, CD- and mass-spectro‐
metries has not only definitively identified the structures of several major naturally-occurring
Chls but has also assisted recent studies of minor Chl pigments, present in minute quantities,
such as electron donors and acceptors in the RC.
3.4. Mass spectra 
Chlorophylls in natural photosynthesis are sometimes present in very small amounts, and hence the use of mass spectrometry (MS) 
can be advantageous since only minute samples are required.  MS can provide accurate and useful information not only on 
molecular weights and elemental compositions but also on the nature of functional groups attached to the macrocycle (e.g. phytol) 
and of the central metal (see reviews by Smith 1975; Hunt and Michalski 1991; Porra and Scheer 2000; Kobayashi et al. 2006).   
LC/MS experiments were performed on an LCQ mass spectrometer (Thermo Fisher Scientific Inc., MA, U.S.A.) equipped with an 
HPLC system (HP1100, Agilent, CA, U.S.A.) connected with a diode array detector. Each sample dissolved in dichloromethane 
before analysis was applied on a JASCO Finepak SIL C18S column (150 mm x 4.6 mm i.d.) cooled to 277 K in an ice-water bath, and 
separated using a mixture of ethanol/methanol/2-propanol/water (86/13/1/3, v/v) at a flow rate of 300 μL min-1. The eluate was 
monitored by the UV-Vis spectrum in a range of 220-800 nm, and was introduced into the mass spectrometer from 5 to 55 min after 
sample injection. Atmospheric pressure chemical ionization (APCI) mass and MS/MS spectra were recorded in the positive-ion 
mode in the mass range of m/z 150-2,000. Helium was used as collision gas for MS/MS experiments, followed by the isolation of 
ions over a selected mass window of 2 Da. The mass spectrometer was initially tuned using a standard Chl a solution as follows: 
APCI vaporizer temp., 723 K; spray voltage, 4 kV; capillary temperature, 423 K; capillary voltage, 8 V; sheath gas (nitrogen) flow 
rate, 56 (arbitrary unit); auxiliary gas flow rate, 9 (arbitrary unit).  
As illustrated in Fig. 10 (left), Chl a (C55H72MgN4O5, monoisotopic mass; 892.535.  Hereafter the value in the bracket shows the 
monoisotopic mass of the molecule or the ion) gives the protonated molecule ([M+H]+) at m/z 893.2 producing the dominant 
fragment ion at m/z 615.1,  The mass difference 278 between [M+H]+ and the product ion corresponds to C20H28.  This suggests the 
presence of a phytyl chain in Chl a.  The other product ions at m/z 583.0 and m/z 555.2 corresponding to [M+H-278-32]+ and [M+H-
278-60]+, respectively, are supposed to be the results of the loss of carboxymethyl group followed by the cleavage of phytol.  The 
losses of 278, 310 and 338 from the precursor ion in MS/MS spectra are seen in all the pigments examined here reveals the presence 
of a phytyl chain.   
 
Figure 10.MS/MS spectra of Chls a, b, d, f (left column) and Phes a, b, d and f (right column).  Each mass spectrum of the chlorophyll fraction is 
shown in the shaded square.  MS/MS spectra of the protonated molecules ([M+H]+) of Chls a, b, d and f give product ions of [M+H-278]+, [M+H-278-
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Figure 10. MS/MS spectra of Chls a, b, d, f (left column) and Phes a, b, d and f (right column). Each mass spectrum of
the chlorophyll fraction is shown in the shaded square. MS/MS spectra of the protonated molecules ([M+H]+) of Chls a,
b, d and f give product ions of [M+H-278]+, [M+H-278-32]+ and [M+H-278-60]+. Pheophytins a, b, d and f give product
ions of [M+H-278]+ and [M+H-278-60]+.
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The NMR spectra were recorded on a Bruker Avance 800 spectrometer (Bruker Biospin,
Karlsruhe, Germany), with a frequency of 1H at 800 MHz and 13C at 201 MHz, equipped with
TCI CryoProbe using a microtube (Shigemi Inc., Tokyo) and about 0.5 mg of sample in 0.3 mL
of acetone-d6 with tetramethylsilane (TMS) as an internal standard. The chemical shifts are
given in δ-scale [ppm] downfield from TMS. The measurements were performed at 273 K. The
typical experimental conditions for the 1H NMR spectra were 256 scans, a spectral width of 17
ppm, 128k data points. The 13C spectra were acquired using a power gated decoupling with
48k scans. The spectral width of 220 ppm was acquired in 64k data points. The 2D-homonuclear
(Nuclear Overhauser and Exchange Spectroscopy (NOESY)) and 2D-heteronuclear (H,C-
Heteronuclear Single Quantum Coherence (H,C-HSQC) and H,C-Heteronuclear Multiple
Bond Correlation (H,C-HMBC)) experiments were performed for the structural assignments
of the 1H and 13C signals using standard 2D-NMR pulse sequences of Bruker software.
3.5.1. 1H-NMR
As observed in one-dimensional 1H-NMR spectra (Fig. 11, Table 2), marked differences are
seen in the signals arising from the formyl group. Each low-field singlet signal characteristic
of the formyl moiety observed around 11 ppm in the spectra of Chls b (71), d (31) and f (21) is
absent from the spectrum of Chl a. Similarly, double doublet signal of 31-H vinylic proton at
8-8.5 ppm in the spectra of Chls a, b and f is not seen in the spectrum of Chl d. These results
reconfirm that Chl d is 3-desvinyl-3-formyl Chl a ([3-formyl]-Chl a).
Here we note that the 31-H vinylic proton shows a large downfield shift in Chl f (8.534 ppm)
and that is slightly upfield shifted in Chl b (8.043 ppm), as compared to Chl a (8.162 ppm),
suggesting that Chl f should be formylated along the y-axis and that interaction between -
CH=CH2 and -CHO in Chl f is rather strong than that in Chl b. The -CHO substitution position
in Chl f is hence most probably at C2, next to the 3-vinyl group.
The pair signals of 32- and 32'-H vinylic protons are well resolved in the spectra of Chls a (6.242
ppm and 6.028 ppm) and b (6.302 ppm and 6.055 ppm), while the corresponding pair signals
in Chl f show low resolution (6.365 ppm and 6.324 ppm), suggesting that the environment of
3-vinyl moiety in Chls a and d is very similar to each other, but is profoundly different from
that in Chl f, most probably due to the presence of formyl moiety at the neighboring C2 in Chl
f. The 1H singlet signals for 71-CH3 in Chls a, d and f are at 3.3 ppm and absent from the spectrum
of Chl b, while the 1H signal for 71-CHO in Chl b appears on a much lower field at 11.3 ppm.
Another marked difference seen in Chl f spectrum is the disappearance of the singlet signal of
21-CH3 proton; the corresponding signals are observed at 3.3-3.72 ppm in the spectra of Chls
a, b and d, implying that 21-CH3 of Chl a is substituted in Chl f for some other moiety, most
probably -CHO. No other change is clear in the one-dimensional 1H-NMR spectra.
3.5.2. 13C-NMR
In the 13C-NMR spectra (Fig. 12, Table 3), marked differences are noted in the range of 0 ppm
to 20 ppm, 120 ppm to 140 ppm, and 180 ppm to 200 ppm, relating to the -CH3, -CH=CH2 and
-CHO moieties. Compared to Chl a, in the spectrum of Chl f, the 13C signal of 21-CH3 is absent,
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the 71-CH3 and 31,2-CH=CH3 carbon signals appear at 11 ppm, 130 ppm and 126 ppm, respec‐
tively, similar to Chl a (11 ppm, 131 ppm and 120 ppm). Further, a new carbon signal appears
at 189 ppm, close to the signals of -CHO in Chls b (188 ppm) and d (190 ppm), supporting the











































































Figure 11. 1H-NMR spectra of Chls a, b, d and f measured in acetone-d6 at 273 K. Signals corresponding to 1H atoms of
the macrocycle are labeled with the numbers of the corresponding carbons. The peak at 2.06-2.11 ppm is acetone and




Chl a Chl b Chl d Chl f
21 3.343 (3.36)1 (s) 3.316 (3.40)2*(s) 3.724 (3.68)3(s)
11.215
(11.35)4**(s)
3 - - - -









4 - - - -
5 9.410 (9.40)1(s) 10.192 (10.04)2*(s) 10.294(10.20)3(s) 9.770 (9.79)4**(s)
71 3.300 (3.30)1(s) 11.305 (11.22)2*(s) 3.365 (3.33)3(s) 3.351(s)
8 - - - -
81 3.817 (3.82)1(q) 4.243 3.876 (3.86)3(q) 3.754(q)
82 1.696 (1.69)1(t) 1.815 1.723 (1.73)3(t) 1.705(t)
10 9.749 (9.75)1(s) 9.934 (9.64)2*(s) 9.873 (9.8)3(s) 9.838 (9.86)4**(s)
11 - - - -
12 - - - -
121 3.619 (3.61)1(s) 3.606 (3.65)2*(s) 3.668 (3.65)3(s) 3.637(s)
13 - - - -
132 6.234 (6.24)1(s) 6.189 (6.19)2*(s) 6.335 (6.28)3(s) 6.318(s)
133 - - - -
134 3.829 (3.83)1(s) 3.842 (4.02)2*(s) 3.851 (3.83)3(s) 3.887(s)
17 4.175 (4.16)1 4.128 4.242 (4.25)3 4.230
171 2.589 (2.60)1, 2.461 (2.45)1 2.43,2.593 2.484,2.622 2.467,2.632
172 2.431 (2.35)1, 2.159 (2.05)1 2.08,2.44 1.98,2.418 2.08,2.47
18 4.572 (4.57)1(q) 4.524(q) 4.660 (4.63)3(q) 4.634(q)
181 1.772 (1.77)1, 1.762(1.76)1(d) 1.768,1.759(1.78)2*(d) 1.812, 1.802(1.82)3(d) 1.800, 1.791(d)
20 8.582 (8.58)1(s) 8.480(8.20)2*(s) 8.867 (8.81)3(s) 9.533 (9.77)4**(s)




P2 4.955 (4.95)1 4.980 4.944 (5.04)3 4.987
P3 - - - -
P31 1.509 (1.51)1 1.519 1.505 (1.54)3 1.525
P4 1.822 (1.82)1 1.845 1.832 (1.85)3 1.845
P5 1.31 1.31 1.30 1.195
P6 0.97,1.17 0.98,1.18 1.97,1.16 0.97,1.17
P7 1.31 1.33 1.31 1.324
P71 0.811,(0.81)1, 0.803(0.80)1 0.785, 0.777 0.778, 0.770 (0.79)3 0.785, 0.777
P8 1.01,1.23 1.02,1.22 1.01,1.22 1.01,1.22
P9 1.15,1.28 1.15,1.28 1.14,1.28 1.15,1.27
P10 1.01,1.23 1.02,1.22 1.01,1.22 1.01,1.22
P11 1.31 1.32 1.32 1.32
P111 0.783(0.79)1,0.774 (0.78)1 0.809,0.801 0.806, 0.797 (0.81)3 0.807, 0.798
P12 1.01,1.23 1.02,1.22 1.01,1.22 1.01,1.22
P13 1.23,1.28 1.23,1.28 1.23,1.28 1.23,1.28
P14 1.12 1.12 1.12 1.12
P15 1.500 (1.50)1 1.489 1.497 (1.51)3 1.495








1Kobayashi et al. (2000), 2Wu et al. (1985), 3Miyashita et al. (1997), 4Chen et al. (2010)
* in CDCl3, **in CD2Cl2/d5-pyridine(97/3, v/v)
Table 2. 1H-chemcal shifts of Chls a, b, d and f in acetone-d6 at 273K
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the 71-CH3 and 31,2-CH=CH3 carbon signals appear at 11 ppm, 130 ppm and 126 ppm, respec‐
tively, similar to Chl a (11 ppm, 131 ppm and 120 ppm). Further, a new carbon signal appears
at 189 ppm, close to the signals of -CHO in Chls b (188 ppm) and d (190 ppm), supporting the











































































Figure 11. 1H-NMR spectra of Chls a, b, d and f measured in acetone-d6 at 273 K. Signals corresponding to 1H atoms of
the macrocycle are labeled with the numbers of the corresponding carbons. The peak at 2.06-2.11 ppm is acetone and




Chl a Chl b Chl d Chl f
21 3.343 (3.36)1 (s) 3.316 (3.40)2*(s) 3.724 (3.68)3(s)
11.215
(11.35)4**(s)
3 - - - -









4 - - - -
5 9.410 (9.40)1(s) 10.192 (10.04)2*(s) 10.294(10.20)3(s) 9.770 (9.79)4**(s)
71 3.300 (3.30)1(s) 11.305 (11.22)2*(s) 3.365 (3.33)3(s) 3.351(s)
8 - - - -
81 3.817 (3.82)1(q) 4.243 3.876 (3.86)3(q) 3.754(q)
82 1.696 (1.69)1(t) 1.815 1.723 (1.73)3(t) 1.705(t)
10 9.749 (9.75)1(s) 9.934 (9.64)2*(s) 9.873 (9.8)3(s) 9.838 (9.86)4**(s)
11 - - - -
12 - - - -
121 3.619 (3.61)1(s) 3.606 (3.65)2*(s) 3.668 (3.65)3(s) 3.637(s)
13 - - - -
132 6.234 (6.24)1(s) 6.189 (6.19)2*(s) 6.335 (6.28)3(s) 6.318(s)
133 - - - -
134 3.829 (3.83)1(s) 3.842 (4.02)2*(s) 3.851 (3.83)3(s) 3.887(s)
17 4.175 (4.16)1 4.128 4.242 (4.25)3 4.230
171 2.589 (2.60)1, 2.461 (2.45)1 2.43,2.593 2.484,2.622 2.467,2.632
172 2.431 (2.35)1, 2.159 (2.05)1 2.08,2.44 1.98,2.418 2.08,2.47
18 4.572 (4.57)1(q) 4.524(q) 4.660 (4.63)3(q) 4.634(q)
181 1.772 (1.77)1, 1.762(1.76)1(d) 1.768,1.759(1.78)2*(d) 1.812, 1.802(1.82)3(d) 1.800, 1.791(d)
20 8.582 (8.58)1(s) 8.480(8.20)2*(s) 8.867 (8.81)3(s) 9.533 (9.77)4**(s)




P2 4.955 (4.95)1 4.980 4.944 (5.04)3 4.987
P3 - - - -
P31 1.509 (1.51)1 1.519 1.505 (1.54)3 1.525
P4 1.822 (1.82)1 1.845 1.832 (1.85)3 1.845
P5 1.31 1.31 1.30 1.195
P6 0.97,1.17 0.98,1.18 1.97,1.16 0.97,1.17
P7 1.31 1.33 1.31 1.324
P71 0.811,(0.81)1, 0.803(0.80)1 0.785, 0.777 0.778, 0.770 (0.79)3 0.785, 0.777
P8 1.01,1.23 1.02,1.22 1.01,1.22 1.01,1.22
P9 1.15,1.28 1.15,1.28 1.14,1.28 1.15,1.27
P10 1.01,1.23 1.02,1.22 1.01,1.22 1.01,1.22
P11 1.31 1.32 1.32 1.32
P111 0.783(0.79)1,0.774 (0.78)1 0.809,0.801 0.806, 0.797 (0.81)3 0.807, 0.798
P12 1.01,1.23 1.02,1.22 1.01,1.22 1.01,1.22
P13 1.23,1.28 1.23,1.28 1.23,1.28 1.23,1.28
P14 1.12 1.12 1.12 1.12
P15 1.500 (1.50)1 1.489 1.497 (1.51)3 1.495








1Kobayashi et al. (2000), 2Wu et al. (1985), 3Miyashita et al. (1997), 4Chen et al. (2010)
* in CDCl3, **in CD2Cl2/d5-pyridine(97/3, v/v)
Table 2. 1H-chemcal shifts of Chls a, b, d and f in acetone-d6 at 273K
















































































































































































Figure 12. NMR spectra of Chls a, b, d and f measured in acetone-d6 at 273 K. Signals corresponding to 13C atoms of




Chl a Chl b Chl d Chl f
1 155.47(155.46)1 159.43 151.47(151.81)2 151.02
2 136.28(136.24)1 136.98 147.66(147.33)2 136.49
21 12.65(12.70)1 12.33 12.58(11.75)2 189.27
3 139.76(139.68)1 142.53 134.77(135.12)2 138.17
31 131.30(131.29)1 130.83 189.59(189.54)2 130.22
32 120.33(120.33)1 120.80 - 126.36
4 148.96(148.99)1 150.15 146.00(146.36)2 150.20
5 100.58(100.51)1 103.63 106.24(104.41)2 105.39
6 152.78(152.80)1 157.25 152.27(152.55)2 149.24
7 134.68(134.65)1 140.76 136.19(136.31)2 133.35
71 11.15(11.16)1 188.62 11.25(11.39)2 11.17
8 145.08(145.02)1 148.32 145.02(145.13)2 143.83
81 19.91(19.88)1 19.51 19.94(20.12)2 19.87
82 18.12(18.18)1 19.91 18.12(18.12)2 18.07
9 146.74(146.74)1 149.29 148.28(148.64)2 144.59
10 108.50(108.53)1 111.53 107.68(107.8)2 107.82
11 148.34(148.34)1 149.94 149.97(150.35)2 159.99
12 134.57(134.46)1 138.66 136.50(136.63)2 132.12
121 12.65(12.66)1 12.47 12.79(12.89)2 12.82
13 131.53(131.41)1 132.13 132.76(133.04)2 131.19
131 190.30(190.37)1 190.66 190.49(190.50)2 190.68
132 66.00(65.95)1 65.77 66.19(66.47)2 66.13
133 171.32(171.36)1 171.04 171.20(171.33)2 173.30
134 52.67(52.71)1 52.79 52.79(52.84)2 52.83
14 162.55(162.58)1 164.11 162.30(162.68)2 168.67
15 106.35(106.27)1 105.94 106.82(107.04)2 106.03
16 156.50(156.54)1 160.38 158.12(158.60)2 163.04
17 50.98(50.92)1 51.14 51.54(52.05)2 51.74
171 30.28(30.03)1 30.28 30.66(30.64)2 30.90
172 30.66(30.09)1 30.66 31.27(31.37)2 30.35
173 173.29(173.39)1 173.35 173.26(173.45)2 189.25
18 49.73(49.69)1 49.65 49.44(49.80)2 49.26
181 23.01(23.88)1 23.68 24.13(24.25)2 24.20
19 169.69(167.74)1 168.03 168.09(168.34)2 171.15
20 93.78(93.79)1 93.86 95.26(95.36)2 97.60
P1 61.31(61.32)1 61.42 61.33(61.67)2 61.35
P2 120.17(119.12)1 119.19 119.13(119.53)2 119.18
P3 142.46(142.48)1 143.42 142.49(142.70)2 142.49
P31 16.11(16.10)1 16.16 16.11(16.40)2 16.13
P4 40.19(40.19)1 40.23 40.19(40.46)2 40.20
P5 25.54(25.52)1 25.57 25.53(25.86)2 25.55
P6 37.11 37.14 38.11(37.40)2 37.11
P7 33.43(33.44)1 33.44 33.22(33.47)2 33.50
P71 20.03(20.02)1 20.03 19.98(20.19)2 20.02
P8 37.94 37.95 37.94(38.21)2 37.94
P9 25.04(25.06)1 25.06 25.04(25.25)2 25.04
P10 38.01 38.02 38.01(38.26)2 38.01
P11 33.22(33.23)1 33.25 33.42(33.65)2 33.42
P111 19.98(19.98)1 19.99 20.02(20.23)2 19.98
P12 37.87 37.89 37.88(38.14)2 37.88
P13 25.49(25.52)1 25.49 25.49(25.64)2 25.48
P14 40.00(39.98)1 40.00 40.00(40.27)2 40.00
P15 28.65(28.66)1 28.65 28.65(28.85)2 28.65
P151 23.013 (28.66)1 23.014 23.015 (23.15)2 23.006
P16 22.903 (22.91)1 22.914 22.905 (23.07)2 22.906
1Kobayashi et al. (2000), 2Miyashita et al. (1997)
3-6 assignment interchangeable
Table 3. 13C-chemcal shifts of Chls a, b, d and f in acetone-d6 at 273K
















































































































































































Figure 12. NMR spectra of Chls a, b, d and f measured in acetone-d6 at 273 K. Signals corresponding to 13C atoms of




Chl a Chl b Chl d Chl f
1 155.47(155.46)1 159.43 151.47(151.81)2 151.02
2 136.28(136.24)1 136.98 147.66(147.33)2 136.49
21 12.65(12.70)1 12.33 12.58(11.75)2 189.27
3 139.76(139.68)1 142.53 134.77(135.12)2 138.17
31 131.30(131.29)1 130.83 189.59(189.54)2 130.22
32 120.33(120.33)1 120.80 - 126.36
4 148.96(148.99)1 150.15 146.00(146.36)2 150.20
5 100.58(100.51)1 103.63 106.24(104.41)2 105.39
6 152.78(152.80)1 157.25 152.27(152.55)2 149.24
7 134.68(134.65)1 140.76 136.19(136.31)2 133.35
71 11.15(11.16)1 188.62 11.25(11.39)2 11.17
8 145.08(145.02)1 148.32 145.02(145.13)2 143.83
81 19.91(19.88)1 19.51 19.94(20.12)2 19.87
82 18.12(18.18)1 19.91 18.12(18.12)2 18.07
9 146.74(146.74)1 149.29 148.28(148.64)2 144.59
10 108.50(108.53)1 111.53 107.68(107.8)2 107.82
11 148.34(148.34)1 149.94 149.97(150.35)2 159.99
12 134.57(134.46)1 138.66 136.50(136.63)2 132.12
121 12.65(12.66)1 12.47 12.79(12.89)2 12.82
13 131.53(131.41)1 132.13 132.76(133.04)2 131.19
131 190.30(190.37)1 190.66 190.49(190.50)2 190.68
132 66.00(65.95)1 65.77 66.19(66.47)2 66.13
133 171.32(171.36)1 171.04 171.20(171.33)2 173.30
134 52.67(52.71)1 52.79 52.79(52.84)2 52.83
14 162.55(162.58)1 164.11 162.30(162.68)2 168.67
15 106.35(106.27)1 105.94 106.82(107.04)2 106.03
16 156.50(156.54)1 160.38 158.12(158.60)2 163.04
17 50.98(50.92)1 51.14 51.54(52.05)2 51.74
171 30.28(30.03)1 30.28 30.66(30.64)2 30.90
172 30.66(30.09)1 30.66 31.27(31.37)2 30.35
173 173.29(173.39)1 173.35 173.26(173.45)2 189.25
18 49.73(49.69)1 49.65 49.44(49.80)2 49.26
181 23.01(23.88)1 23.68 24.13(24.25)2 24.20
19 169.69(167.74)1 168.03 168.09(168.34)2 171.15
20 93.78(93.79)1 93.86 95.26(95.36)2 97.60
P1 61.31(61.32)1 61.42 61.33(61.67)2 61.35
P2 120.17(119.12)1 119.19 119.13(119.53)2 119.18
P3 142.46(142.48)1 143.42 142.49(142.70)2 142.49
P31 16.11(16.10)1 16.16 16.11(16.40)2 16.13
P4 40.19(40.19)1 40.23 40.19(40.46)2 40.20
P5 25.54(25.52)1 25.57 25.53(25.86)2 25.55
P6 37.11 37.14 38.11(37.40)2 37.11
P7 33.43(33.44)1 33.44 33.22(33.47)2 33.50
P71 20.03(20.02)1 20.03 19.98(20.19)2 20.02
P8 37.94 37.95 37.94(38.21)2 37.94
P9 25.04(25.06)1 25.06 25.04(25.25)2 25.04
P10 38.01 38.02 38.01(38.26)2 38.01
P11 33.22(33.23)1 33.25 33.42(33.65)2 33.42
P111 19.98(19.98)1 19.99 20.02(20.23)2 19.98
P12 37.87 37.89 37.88(38.14)2 37.88
P13 25.49(25.52)1 25.49 25.49(25.64)2 25.48
P14 40.00(39.98)1 40.00 40.00(40.27)2 40.00
P15 28.65(28.66)1 28.65 28.65(28.85)2 28.65
P151 23.013 (28.66)1 23.014 23.015 (23.15)2 23.006
P16 22.903 (22.91)1 22.914 22.905 (23.07)2 22.906
1Kobayashi et al. (2000), 2Miyashita et al. (1997)
3-6 assignment interchangeable
Table 3. 13C-chemcal shifts of Chls a, b, d and f in acetone-d6 at 273K
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The signals of 71-CH3 of Chls a, d and f show almost the same chemical shifts, 11.15 ppm,
11.24 ppm and 11.17 ppm, respectively, indicating the interaction between the -CHO and
71-CH3 moieties in Chls d  and f  are negligibly small,  and hence the -CHO substituent is
not so close to the 71-CH3 moiety in Chls d and f. The chemical shifts of 32-vinyl carbons
in  Chls  a  and  b  are  almost  identical  (120.3-120.8  ppm),  but  Chl  f  shows  a  slight  but
significant downfield shift (126.3 ppm), suggesting that the formyl substituent in Chl f  is
positioned very  close  to  the  3-vinyl  group,  most  probably  on C2.  The  signals  of  -CHO
moiety of  Chls  d  and f  exhibits  almost  the same chemical  shift  (189.59 ppm and 189.27
ppm), but a slight upfield C-formyl signal is observed at 188.62 ppm in Chl b, indicating
that the environment of -CHO in Chls d  and f  is very similar, supporting that the -CHO
moieties of Chls d and f are positioned at the same ring I, while that of Chl b is at ring II.
3.5.3. NOESY
Two-dimensional  NMR spectra  provide further  information about  a  molecule  than one-
dimesional NMR spectra. NOESY is one of several types of two-dimensional NMR, where
the  nuclear  Overhauser  effect  (NOE)  between  nuclear  spins  is  used  to  establish  the
correlations.  The  cross-peaks  in  the  two-dimensional  spectrum connect  resonances  from
spins that are spatially close to each other.
To obtain further evidence for the structural identity of Chl f, the signals were investigat‐
ed  using  NOESY  spectra.  First  of  all,  we  had  better  see  well-defined  coherent  correla‐
tions on the NOESY spectrum of Chl a. Here, we will trace the coherent correlations from
meso-20-H,  because  Chl  f  posseses  -CHO  most  probably  at  C2  near  to  C20.  Coherent
correlations can be easlily traced from 20-H on the NOESY spectrum of Chl a  (Fig.  13),
where the signal of 20-H at 8.582 ppm shows three cross peaks with the signals of 181-H
at 1.771 ppm, 21-H at 3.343 ppm, and 18-H at 4.572 ppm. Good coherent correlations can
also be traced from meso-5-H and meso-10-H; (1) the signal of 5-H at 9.410 ppm shows
three cross peaks with the signal  of  71-H at  3.300 ppm, 32-H at  6.242 ppm, and 31-H at
8.162 ppm, and (2) the signal of 10-H at 9.749 ppm shows two cross peaks with the signal
of  82-H at  1.696 ppm and 121-H at  3.619 ppm. In Chl b  and Chl d,  similar  nice correla‐
tions are seen (Fig. 13).
To  obtain  further  evidence  for  Chl  f,  a  NOESY  spectrum  is  illustrated  in  Fig.  13.  As
expected, nice coherent correlations can be traced from meso-20-H, the signal of 20-H at
9.553 ppm shows three cross peaks with the signal of 18-H at 4.634 ppm, 181-H at 1.816
ppm,  and 21-H,  most  probably  assigned to  -CHO moiety,  at  11.215  ppm.  The signal  of
meso-5-H at 9.770 ppm shows three cross peaks with the signal of 71-H at 3.351 ppm, 32-
H at 6.347 ppm, and 31-H at 8.534 ppm. Similarly, coherent correlations of meso-10-H with
81-H (3.754 ppm) and 121-H (3.637 ppm) are clearly seen. These results indicate that the
C-20 methine, among the three methines, is nearest to the -CHO moiety, supporting the
substitution position by -CHO is most likely at C2 in Chl f.
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3.5.4. HSQC
HSQC is a two-dimensional inverse correlation technique that allows for the determination of
connectivity between two different nuclear species, and HSQC is selective for direct coupling.
As illustrated in the 1H-13C HSQC spectra of Chls a, b, d and f (Fig. 14), all substituents on the
macrocycle show the corresponding cross peaks. The results support that one methyl group
of Chl a is replaced with a formyl one in Chl f.
3.5.5. HMBC
HMBC is also a two-dimensional inverse correlation method that allows for the determination
of connectivity between two different nuclear species like HSQC, but HMBC gives longer range
coupling (2-4 bond coupling) than HSQC.
Three meso-Hs in Chl a exhibit one to three cross peaks as seen in Fig. 15A. The formyl-H in
Chls b, d and f shows two to four cross peaks. For example, in the 1H-13C HMBC spectrum of
Chl f, the 1H-signal for 21-CHO has four cross peaks, one is with the signal for 31-vinylic carbons,
one is with the signal for 1C carbon, and the other two are with the signal for 21-CHO carbon,
where the cross peak split is due to the direct coupling. Conclusively, the Chl f-like pigment
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Figure 13. 1H-1H-NOESY spectra of Chls a, b, d and f measured in acetone-d6 at 273 K.
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The signals of 71-CH3 of Chls a, d and f show almost the same chemical shifts, 11.15 ppm,
11.24 ppm and 11.17 ppm, respectively, indicating the interaction between the -CHO and
71-CH3 moieties in Chls d  and f  are negligibly small,  and hence the -CHO substituent is
not so close to the 71-CH3 moiety in Chls d and f. The chemical shifts of 32-vinyl carbons
in  Chls  a  and  b  are  almost  identical  (120.3-120.8  ppm),  but  Chl  f  shows  a  slight  but
significant downfield shift (126.3 ppm), suggesting that the formyl substituent in Chl f  is
positioned very  close  to  the  3-vinyl  group,  most  probably  on C2.  The  signals  of  -CHO
moiety of  Chls  d  and f  exhibits  almost  the same chemical  shift  (189.59 ppm and 189.27
ppm), but a slight upfield C-formyl signal is observed at 188.62 ppm in Chl b, indicating
that the environment of -CHO in Chls d  and f  is very similar, supporting that the -CHO
moieties of Chls d and f are positioned at the same ring I, while that of Chl b is at ring II.
3.5.3. NOESY
Two-dimensional  NMR spectra  provide further  information about  a  molecule  than one-
dimesional NMR spectra. NOESY is one of several types of two-dimensional NMR, where
the  nuclear  Overhauser  effect  (NOE)  between  nuclear  spins  is  used  to  establish  the
correlations.  The  cross-peaks  in  the  two-dimensional  spectrum connect  resonances  from
spins that are spatially close to each other.
To obtain further evidence for the structural identity of Chl f, the signals were investigat‐
ed  using  NOESY  spectra.  First  of  all,  we  had  better  see  well-defined  coherent  correla‐
tions on the NOESY spectrum of Chl a. Here, we will trace the coherent correlations from
meso-20-H,  because  Chl  f  posseses  -CHO  most  probably  at  C2  near  to  C20.  Coherent
correlations can be easlily traced from 20-H on the NOESY spectrum of Chl a  (Fig.  13),
where the signal of 20-H at 8.582 ppm shows three cross peaks with the signals of 181-H
at 1.771 ppm, 21-H at 3.343 ppm, and 18-H at 4.572 ppm. Good coherent correlations can
also be traced from meso-5-H and meso-10-H; (1) the signal of 5-H at 9.410 ppm shows
three cross peaks with the signal  of  71-H at  3.300 ppm, 32-H at  6.242 ppm, and 31-H at
8.162 ppm, and (2) the signal of 10-H at 9.749 ppm shows two cross peaks with the signal
of  82-H at  1.696 ppm and 121-H at  3.619 ppm. In Chl b  and Chl d,  similar  nice correla‐
tions are seen (Fig. 13).
To  obtain  further  evidence  for  Chl  f,  a  NOESY  spectrum  is  illustrated  in  Fig.  13.  As
expected, nice coherent correlations can be traced from meso-20-H, the signal of 20-H at
9.553 ppm shows three cross peaks with the signal of 18-H at 4.634 ppm, 181-H at 1.816
ppm,  and 21-H,  most  probably  assigned to  -CHO moiety,  at  11.215  ppm.  The signal  of
meso-5-H at 9.770 ppm shows three cross peaks with the signal of 71-H at 3.351 ppm, 32-
H at 6.347 ppm, and 31-H at 8.534 ppm. Similarly, coherent correlations of meso-10-H with
81-H (3.754 ppm) and 121-H (3.637 ppm) are clearly seen. These results indicate that the
C-20 methine, among the three methines, is nearest to the -CHO moiety, supporting the
substitution position by -CHO is most likely at C2 in Chl f.
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3.5.4. HSQC
HSQC is a two-dimensional inverse correlation technique that allows for the determination of
connectivity between two different nuclear species, and HSQC is selective for direct coupling.
As illustrated in the 1H-13C HSQC spectra of Chls a, b, d and f (Fig. 14), all substituents on the
macrocycle show the corresponding cross peaks. The results support that one methyl group
of Chl a is replaced with a formyl one in Chl f.
3.5.5. HMBC
HMBC is also a two-dimensional inverse correlation method that allows for the determination
of connectivity between two different nuclear species like HSQC, but HMBC gives longer range
coupling (2-4 bond coupling) than HSQC.
Three meso-Hs in Chl a exhibit one to three cross peaks as seen in Fig. 15A. The formyl-H in
Chls b, d and f shows two to four cross peaks. For example, in the 1H-13C HMBC spectrum of
Chl f, the 1H-signal for 21-CHO has four cross peaks, one is with the signal for 31-vinylic carbons,
one is with the signal for 1C carbon, and the other two are with the signal for 21-CHO carbon,
where the cross peak split is due to the direct coupling. Conclusively, the Chl f-like pigment
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Figure 13. 1H-1H-NOESY spectra of Chls a, b, d and f measured in acetone-d6 at 273 K.
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Figure 14. 1H-13C-HSQC spectra of Chls a, b, d and f measured in acetone-d6 at 273 K. □ in Chl d: δC189.59 (folded
from outside the spectral window)
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3.6. Redox potentials
To understand the charge separation in the RC, electrochemical characterization of chloro‐
phylls is of crucial importance. In this section, the redox potentials of Chls and Phes in vitro
are presented.
Acetonitrile (Aldrich, anhydrous grade: water < 50 ppm) was deoxygenated and dried before
use. The solvent was subjected to freeze-pump-thaw cycles at least three times under about
10-5 torr. Under a nitrogen atmosphere, the deoxidized solvent was then dried for 24 h with
activated molecular sieves (4A 1/16, Wako), pretreated in vacuo at 473 K over 24 h. Tetra-n-
butylammonium perchlorate (Bu4NClO4, TBAP) (Aldrich, Electrochemical grade: > 99.0 %),
was used as the supporting electrolyte, which had been recrystallized from methanol solution
and then dried in vacuo at 333 K over 24 h.
The redox potentials of chlorophylls were measured by square wave voltammetry (SWV). The
signal-to-noise ratio of SWV is generally better than that of CV, especially for measuring redox
couples at such low concentration (ca. 0.5 mM) as in the present case (Cotton et al. 1979,
Wasielewski et al. 1980). Measurements were done with an ALS model 620A electrochemical
analyzer. Parameters for SWV were Vstep = 5.0 mV, AC signal (Vpulse) = 25 mV, and p-p at 8 Hz.
The measurements were carried out in an air-tight electrochemical cell containing a small
compartment for a sample solution (ca. 0.5 mM) equipped with a glass filter that can be
degassed and filled with dry N2. A platinum disk electrode with 1.6 mm in diameter (outer
diameter: 3 mm) was used as the working electrode, and a platinum black wire fabricated in
the small compartment (internal diameter: 8.9 mm) as the counter electrode. An Ag/AgCl
electrode, chosen for good reproducibility despite possibility of junction potential, was
connected through a salt bridge to the outer electrolytic solution of the small components. After
measurement, the redox potentials of the ferrocene-ferrocinium were measured as +0.45 V vs.
Ag/AgCl in acetonitrile.
Typical square wave voltammograms (SWVs) for Chls a, b, d and f in acetonitrile are illustrated
in Fig. 16. Four peaks are observed in each voltammogram and the potentials in anodic sweep
and cathodic sweep (data not shown) are identical to each other, indicating that the four redox
reactions are reversible. Similar trends are observed for Phes a, b and d (data not shown). The
measurement for Phe f is now underway.
In Table 4 are summarized the redox potentials for Chls a,  b,  d,  f,  Phes a,  b  and d.  Chl d
shows higher oxidation potentials than Chl a, lower than Chl b, and much lower than Phe
a,  Phe b  and Phe d.  Chl f  exhibits  higher oxidation potentials  than Chls a,  d,  and lower
than Chl b.  The results  can be explained by invoking the inductive effect  of  substituent
groups on the macrocycle, because the redox potentials of chlorophylls are sensibly affected
by the nature  of  substituent  groups on the π-electron system (Fuhrhop 1975,  Watanabe
and Kobayashi 1991, Kobayashi et al. 2007).
The -CHO substituent on Chls b, d and f is an electron-withdrawing group (→CHO), and hence
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Figure 14. 1H-13C-HSQC spectra of Chls a, b, d and f measured in acetone-d6 at 273 K. □ in Chl d: δC189.59 (folded
from outside the spectral window)
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3.6. Redox potentials
To understand the charge separation in the RC, electrochemical characterization of chloro‐
phylls is of crucial importance. In this section, the redox potentials of Chls and Phes in vitro
are presented.
Acetonitrile (Aldrich, anhydrous grade: water < 50 ppm) was deoxygenated and dried before
use. The solvent was subjected to freeze-pump-thaw cycles at least three times under about
10-5 torr. Under a nitrogen atmosphere, the deoxidized solvent was then dried for 24 h with
activated molecular sieves (4A 1/16, Wako), pretreated in vacuo at 473 K over 24 h. Tetra-n-
butylammonium perchlorate (Bu4NClO4, TBAP) (Aldrich, Electrochemical grade: > 99.0 %),
was used as the supporting electrolyte, which had been recrystallized from methanol solution
and then dried in vacuo at 333 K over 24 h.
The redox potentials of chlorophylls were measured by square wave voltammetry (SWV). The
signal-to-noise ratio of SWV is generally better than that of CV, especially for measuring redox
couples at such low concentration (ca. 0.5 mM) as in the present case (Cotton et al. 1979,
Wasielewski et al. 1980). Measurements were done with an ALS model 620A electrochemical
analyzer. Parameters for SWV were Vstep = 5.0 mV, AC signal (Vpulse) = 25 mV, and p-p at 8 Hz.
The measurements were carried out in an air-tight electrochemical cell containing a small
compartment for a sample solution (ca. 0.5 mM) equipped with a glass filter that can be
degassed and filled with dry N2. A platinum disk electrode with 1.6 mm in diameter (outer
diameter: 3 mm) was used as the working electrode, and a platinum black wire fabricated in
the small compartment (internal diameter: 8.9 mm) as the counter electrode. An Ag/AgCl
electrode, chosen for good reproducibility despite possibility of junction potential, was
connected through a salt bridge to the outer electrolytic solution of the small components. After
measurement, the redox potentials of the ferrocene-ferrocinium were measured as +0.45 V vs.
Ag/AgCl in acetonitrile.
Typical square wave voltammograms (SWVs) for Chls a, b, d and f in acetonitrile are illustrated
in Fig. 16. Four peaks are observed in each voltammogram and the potentials in anodic sweep
and cathodic sweep (data not shown) are identical to each other, indicating that the four redox
reactions are reversible. Similar trends are observed for Phes a, b and d (data not shown). The
measurement for Phe f is now underway.
In Table 4 are summarized the redox potentials for Chls a,  b,  d,  f,  Phes a,  b  and d.  Chl d
shows higher oxidation potentials than Chl a, lower than Chl b, and much lower than Phe
a,  Phe b  and Phe d.  Chl f  exhibits  higher oxidation potentials  than Chls a,  d,  and lower
than Chl b.  The results  can be explained by invoking the inductive effect  of  substituent
groups on the macrocycle, because the redox potentials of chlorophylls are sensibly affected
by the nature  of  substituent  groups on the π-electron system (Fuhrhop 1975,  Watanabe
and Kobayashi 1991, Kobayashi et al. 2007).
The -CHO substituent on Chls b, d and f is an electron-withdrawing group (→CHO), and hence
reduces the electronic density in the π-system of chlorophyll. The replacements of -CH3 at C7
or C2 of Chl a by →CHO to yield Chl b or Chl f cause the macrocycle to be electron poor, thus
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rendering the molecule less oxidizable (E1ox: Chl b, f > Chl a). Similarly, replacement of -
CH=CH2 at C3 of Chl a by →CHO to yield Chl d makes the first oxidation potential, E1ox, more
positive than that of Chl a (E1ox: Chl d > Chl a). Therefore, the E1ox order becomes Chls b, d, f >
Chl a (see Figs 16 and 17). When one pays attention to the group of -CH3 at C7 of Chl d and the
group of -CH=CH2 at C3 of Chl b or C7 of Chl f, the -CH3 group is more electron-donating
(←CH3), thus making the macrocycle of Chl d more electron rich, and hence its oxidation
potential less positive (Chls b, f > d); the E1ox order results in Chls b, f > Chl d > Chl a. As expected
from the inductive effect of substituent groups, Chls b and f show the almost the same E1ox
values. Consequently, as seen in Fig. 17, the E1ox order results in Chl b > Chl f > Chl d > Chl a;
a little higher oxidation potential of Chl b than that of Chl f, 20 mV, cannot be explained from
the primitive way used here.
In Table 4 are summarized the redox potentials for Chls a, b, d, f, Phes a, b and d.  C l d shows higher oxidation potentials than Chl 
a, lower than Chl b, and much lower than Phe a, Phe b and Phe d.  Chl f exhibits higher oxidation potentials than Chls a, d, and 
lower than Chl b.  The results can be explained by the inductive effect of substituent groups on the macrocycle, because the redox 
potentials of chlorophylls are sensibly affected by the nature of substituent groups on the π-electron system (Fuhrhop 1975, 
Watanabe and Kobayashi 1991, Kobayashi et al. 2007).   
 
Figure 16. Square wave voltammograms of Chls a, b, d and f in acetonitrile. 
E2red E1red E1ox E2ox E1ox - E1red 
  V vs. SHE 
Chl a -1.46 -1.12 0.81 1.04 1.93 
Chl b -1.41 -1.02 0.94 1.15 1.96 
Chl d -1.27 -0.91 0.88 1.09 1.79 
Chl f -1.12 -0.75 0.92 1.13 1.67 
Phe a -1.00  -0.75 1.14 1.49 1.89 
Phe b -1.05  -0.64 1.25 1.58 1.89 
Phe d -0.87  -0.63 1.21 1.50  1.84  
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Figure 17. Schematic comparison of redox potentials of Chls a, b, d and f in acetonitrile.
The redox behavior of a compound is related to the energy levels of its molecular orbitals: E1ox
is intimately related to the highest occupied molecular orbital (HOMO) and E1red to the lowest
unoccupied molecular orbital (Watanabe and Kobayashi 1991; Hanson 1991). The order of
HOMO energy levels well parallels the E1ox values, while the correlation between the LUMO
levels and the E1red values is less conspicuous (see Fig. 7 in Watanabe and Kobayashi 1991).
As clearly seen in Fig. 17, the order of absolute values of the first reduction potentials, E1red, of
Chls a, d and f is Chl a > Chl d > Chl f, which can be well explained by substituent inductive
effect, like E1ox as mentioned above. This simple rule, however, does not hold for Chls d and
f; their values of E1red are remarkably more positive than those of Chls a and b; compared to
Chl a, Chl b is harder to oxidize by 130 mV, and easier to reduce by 100 mV, namely, similar
in degree, while Chls d and f peculiarly easier to reduce by 210 mV and 370 mV. The findings
indicate that the inductive effect of substituent groups at ring II conspicuously appears for
E1red. Anyway, this irregularity may come from the fact that the LUMO energy levels are to a
lesser extent correlated with the E1red values.
The primary redox potential difference, ΔE = E1ox - E1red, seen in Fig. 17 can be taken as an index
for the QY excitation energy (Watanabe and Kobayashi 1991; Hanson 1991). For example, ΔE
for Chl a is 1.93 eV in Fig. 17, which corresponds to the QY excitation wavelengths to a certain
extent, 661-666 nm for Chl a in Fig.17. Similarly. ΔE = 1.96 eV, 1.79 eV and 1.67 eV for Chls b,
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E1red. Anyway, this irregularity may come from the fact that the LUMO energy levels are to a
lesser extent correlated with the E1red values.
The primary redox potential difference, ΔE = E1ox - E1red, seen in Fig. 17 can be taken as an index
for the QY excitation energy (Watanabe and Kobayashi 1991; Hanson 1991). For example, ΔE
for Chl a is 1.93 eV in Fig. 17, which corresponds to the QY excitation wavelengths to a certain
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d and f also correlate to the QY wavelengths, 644-662 nm, 686-698 nm. and 695-708 nm.
Pheophytins also behave in a similar fashion.
In 1959, the domination of inductive effects of the central metal over a conjugative macrocycle
has first been formulated (Gouterman 1959). The redox potential of chlorophyll shows a
systematic shifts with the electronegativity of the central metal, and such a trend is rationalized
in terms of an electron density decrease in the chlorin π-system by the presence of an electron
negative metal in the center of chlorophylls (Watanabe and Kobayashi 1991; Hanson 1991;
Noy et al. 1998). Inspection of Table 4 demonstrates that such a trend is essential for the pair
of Chls and Phes; the electronegativity of 2.2 for H is significantly higher than that of 1.2 for
Mg, which renders Phes more difficult to oxidize than the corresponding Chls.
4. Evolutionary and ecological aspects of chlorophylls
4.1. Diversification of chlorophylls during the evolution of photosynthetic organisms
Chlorophylls are distributed among oxygenic photosynthetic organisms, including cyanobac‐
teria, algae and terrestrial plants (Falkowski et al. 2004). It is generally accepted that plastids
first arose by endosymbiosis between photosynthetic prokaryotes (ancestral to present
cyanobacteria) and non-photosynthetic eukaryotic hosts (Fig. 18). There are two different types
of hypothesis for the evolution of Chl b. One is based on vertical transfer of the gene for Chl b
biosynthesis, which includes the lost of the gene. The other is based on the lateral gene transfer
for Chl b biosynthesis. In the hypothesis of the former one, the ancestral cyanobacteria
contained both Chls a and b, and the gene for Chl b biosynthesis had been lost. In many
cyanobacterial linage as well as the linages of the red algae and glaucophytes, the gene had
been lost, whereas a few linage of cyanobacteria, (Prochloron and Prochlorothrix) and the green
algae (and terrestrial plants) retained it. This hypothesis is partly supported by the high
homology of the enzyme for Chl b biosynthesis (CAO) (Tomitani et al. 1999). In the latter
hypothesis, the gene for Chl b biosynthesis was firstly evolved in the ancestor of green algae
or cyanobacteria, and the gene was transferred into different linages. This is supported by the
fact that one gene transfer was enough for the acquisition of Chl b biosynthesis in cyanobace‐
rium. The secondary endosymbioses of green algae gave rise to euglenophytes, chlorarach‐
niophytes and "green" dinoflagellates, which were containing Chls a and b. The secondary or
tertiary plastids of cryptophytes, haptophytes, heterokonts and dinoflagellates contain Chl c
in addition to Chl a. Most of present-day cyanobacteria contain only Chl a, and only a few
genera are known to keep Chl b (Prochloron and Prochlorothrix). This suggests that Chl b had
been lost in polyphyletic lineage during the evolution of cyanobacteria. Some cyanobacteria
contain divinyl chlorophylls (DVChls) a and b (Prochlorococcus), Chl d (Acaryochloris) and Chl
f (strain KC1 and Halomicronema hongdechloris). These chlorophylls are only found in cyano‐
bacteria, and it has yet to be revealed when and how they acquired these pigments.
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Figure 18. The distribution of various chlorophylls among oxygenic photosynthetic organisms.
4.2. Ecology of the red-shifted chlorophylls
Acquisition of new or additional chlorophylls by photosynthetic organisms is thought to be
an adaptation to the light quality of their niches. The two red-shifted chlorophylls, Chls d and
f, are also thought be acquired and selected by a part of cyanobacteria for their growth and
survival by sustaining oxygenic photosynthesis using the light available at their niches.
Chl d-containing cyanobacterium, Acaryochloris marina, was firstly found as a minor symbionts
in colonial ascidians which had large numbers of cyanobacterial symbionts, Prochloron, which
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contain Chls a and b as their photosynthetic chlorophylls (Miyashita et al. 1996). Subsequently,
Acaryochloris spp. has been found on the surface of coastal macroalgae (Murakami et al. 2004),
under those colonial ascidians (Kühl et al. 2005), and in coastal microbial mats at a saline lake
(Miller et al. 2005). In all of those niches, Acaryochloris spp. competes for light for their oxygenic
photosynthesis. However, due to the possession of Chl d as primary chlorophyll, Acaryochlo‐
ris spp. can absorb and utilized far-red light from 700 nm to 740 nm for oxygenic photosynthesis
(Miyashita et al. 1997). The ability has advantage for their growth and survival, since another
oxygenic phototrophs which contain Chl a as their primary chlorophyll cannot absorb and
utilize the light.
Chl f-containing cyanobacterium was firstly reported in microbial mat, where the competition
for the light also occurs among the phototrophs (Chen et al. 2010). While the distribution and
detailed niche of Chl f-containing cyanobacteria have not been elucidated yet, Chl f must
contribute to the survival of those cyanobacteria. Since Chl f in cyanobacteria also absorbed
far-red light around 720 nm and Chl f-possessing cyanobacteria can grow under far-red LED
light as a sole light source (Chen and Blankenship 2011).
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contain Chls a and b as their photosynthetic chlorophylls (Miyashita et al. 1996). Subsequently,
Acaryochloris spp. has been found on the surface of coastal macroalgae (Murakami et al. 2004),
under those colonial ascidians (Kühl et al. 2005), and in coastal microbial mats at a saline lake
(Miller et al. 2005). In all of those niches, Acaryochloris spp. competes for light for their oxygenic
photosynthesis. However, due to the possession of Chl d as primary chlorophyll, Acaryochlo‐
ris spp. can absorb and utilized far-red light from 700 nm to 740 nm for oxygenic photosynthesis
(Miyashita et al. 1997). The ability has advantage for their growth and survival, since another
oxygenic phototrophs which contain Chl a as their primary chlorophyll cannot absorb and
utilize the light.
Chl f-containing cyanobacterium was firstly reported in microbial mat, where the competition
for the light also occurs among the phototrophs (Chen et al. 2010). While the distribution and
detailed niche of Chl f-containing cyanobacteria have not been elucidated yet, Chl f must
contribute to the survival of those cyanobacteria. Since Chl f in cyanobacteria also absorbed
far-red light around 720 nm and Chl f-possessing cyanobacteria can grow under far-red LED
light as a sole light source (Chen and Blankenship 2011).
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1. Introduction
The term Crassulacean Acid Metabolism (CAM) was introduced in the 1940s as a result of
observations in Bryophyllum calycinum, a crassulacean plant, which showed prominent diel
variations  in  leaf  acid content,  with  increases  at  night  followed by daytime deacidifica‐
tion [1, 2]. Nowadays, we know that CAM is present in plant families other than Crassu‐
laceae, being found in about 20,000 terrestrial and aquatic species, with representatives in
343 genera of 35 families [3, 4].
In general, CAM photosynthesis consists of the nocturnal carboxylation of phosphoenolpyr‐
uvate (PEP) by using atmospheric or respiratory CO2, giving rise to oxaloacetate (OAA), a
reaction mediated by the enzyme phosphoenolpyruvate carboxylase (PEPC). OAA is then
reduced by malate  dehydrogenase (MDH) to malate,  which is  subsequently transported
into the vacuole and stocked in the form of malic acid,  generating the typical nocturnal
acidification  of  CAM  plants.  This  transport  into  the  vacuole  is  mediated  by  an  active
process of  proton pumping through H+-V-ATPases in the tonoplast  and an organic acid
anion  channel.  In  the  following  light  period,  the  stomata  are  maintained  closed,  and
vacuolar malic acid is remobilized into the cytoplasm (returning to the malate form) and
decarboxylated,  releasing CO2  (a  process mediated by malic  enzyme,  ME-type,  or  phos‐
phoenolpyruvate carboxykinase,  PEPCK-type,  enzymes,  depending on the plant  species)
and causing  the  deacidification  of  the  cells.  The  liberated  CO2  is  refixed  in  the  chloro‐
plasts  by  the  bifunctional  enzyme  ribulose-bisphostate  carboxylase/oxygenase  (Rubisco)
[4-8].
© 2013 Matiz et al.; licensee InTech. This is an open access article distributed under the terms of the Creative
Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
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Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
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plasts  by  the  bifunctional  enzyme  ribulose-bisphostate  carboxylase/oxygenase  (Rubisco)
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Given the complex set of overlapping phenomena in CAM plants, including the diel patterns
of acid synthesis and degradation, the presence of two carboxylases (PEPC and Rubisco) and
the peculiar stomatal opening behaviors, the concept of CAM phases was proposed, for
didactic purposes. Basically, CAM can be divided into four phases: 1) Phase I consists of the
nocturnal fixation of CO2 via open stomata and its storage in the form of organic acids in the
vacuole; 2) at the start of Phase II in the early morning, when PEPC is becoming inactive while
Rubisco is progressively being activated, the stomata still remain open, and the fixation of
CO2 can occur via both enzymes; 3) during Phase III, the stomata remain closed, while the
organic acids are remobilized from the vacuoles and decarboxylated, generating CO2 to
Rubisco in the Calvin-cycle (C3); and finally 4) in Phase IV, which occurs at the transition from
the light to the dark period, the storage of organic acid is already exhausted and the stomata
reopen again, allowing the CO2 to be assimilated directly in carbohydrates via the Calvin-cycle
[8-11] (Figure 1).
Considering the fact that CAM photosynthesis continuously offers CO2 to Rubisco (during
Phases II and III), in essence, this photosynthetic adaptation consists of a CO2-concentrating
mechanism. The internal storage of carbon in the form of organic acids and its subsequent
decarboxylation generates an internal increase of CO2, which largely reduces the oxygenase
activity of Rubisco, therefore alleviating photorespiration [12]. In fact, reduced photorespira‐
tory rates in CAM plants are expected to occur mainly during the first part of the light period
when prominent organic acid decarboxylation fluxes significantly elevate internal CO2
concentration. On the other hand, depending on the duration of the light period, the photo‐
synthetic active radiation (PAR) received and the amount of organic acid accumulated during
the previous night, CAM plants might also face the completely opposite scenario in terms of
internal CO2 and O2 availability during the last part of Phase III since the eventual depletion
of organic acid reserves and the daytime accumulation of O2 produced due to the photosyn‐
thetically-driven water photolysis behind closed stomata would lead to O2/CO2 rates greatly
favoring the oxygenase activity of Rubisco. In addition, under severe water stress conditions,
stomatal opening at Phase IV might not occur, leading to high levels of photorespiration during
the last hours of the light period [12].
In a similar way to CAM, C4 photosynthesis also represents an important CO2-concentrating
mechanism for terrestrial plants. Although sharing many biochemical similarities and
evolutionary driving forces, C4 and CAM also display marked differences. For instance, C4
plants spatially concentrate a small pool of transitory C4 acids in mesophyll cells that turnover
rapidly in the bundle sheath cells, while the concentrating mechanism of CAM plants is based
on the temporal storage of a larger pool of end products of C4 acids (mainly malic acid) in the
vacuoles at night, which slowly turnover in the cytoplasm of the same photosynthetic cells
during the day [3]. Another significant difference between C4 and CAM photosynthesis
involves the mechanism used to separate the two carboxylase activities, i.e., a spatial PEPC/
Rubisco separation in C4 (PEPC in the mesophyll and Rubisco in the bundle sheath cells) and
a temporal separation between these enzymes in CAM plants (PEPC at night and Rubisco
during the day). C4 and CAM are not only advantageous CO2 concentrating systems but are
also mechanisms capable of providing elevated water use efficiency (WUE). In C4, the
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concentration of CO2 at the site of Rubisco activity usually reduces stomatal conductance and,
therefore, the general transpirational water losses through the light period. On the other hand,
the ability to restrict stomatal opening during the periods in which higher air humidity is
available (e.g., at night, during dawn and dusk) allows CAM plants to fix higher amounts of
CO2 with very low rates of water loss through transpiration.
Figure 1. Four temporal Phases of CAM (I, II, III and IV) indicated over a 24-hour photoperiod by the main features of
CAM: CO2 fixation, Rubisco, PEPC and NAD(P)-ME-type or PEPCK-type activities and organic acid and carbohydrate ac‐
cumulation. The black shapes below the x-axis indicate when the processes described above were happening. The
black and white bars in the x-axis indicate night and day, respectively.
The presence of two pathways of carboxylation in CAM plants, one mediated by PEPC and
the other by Rubisco, determines the differences in the ratio of carbon isotope discrimination
(δ13C). Those differences are given by the fractionation characteristics of PEPC and Rubisco.
Therefore, δ13C values found in the plant are indicative of how much CO2 was fixed by Rubisco
(during the day) or PEPC (at night). Consequently, growth dependent on dark CO2 fixation
generates less negative values of δ13C (CAM plants) while growth dependent on direct
atmospheric CO2 fixation during the day results in more negative δ13C values (C3 plants) [13].
For this reason, the values of δ13C found in the tissues of plants leads to their classification as
either CAM or C3.
In the early 1970s, Winter and von Willert [14] discovered the capacity of Mesembryanthemum
crystallinum, a plant until that time considered C3, of expressing CAM (fixing CO2 at night)
when treated with NaCl, showing that plants did not uniquely express CAM or C3. After this
discovery, Osmond and cols. [13] analyzed the δ13C, CO2 fixation and malate synthesis when
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[8-11] (Figure 1).
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favoring the oxygenase activity of Rubisco. In addition, under severe water stress conditions,
stomatal opening at Phase IV might not occur, leading to high levels of photorespiration during
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In a similar way to CAM, C4 photosynthesis also represents an important CO2-concentrating
mechanism for terrestrial plants. Although sharing many biochemical similarities and
evolutionary driving forces, C4 and CAM also display marked differences. For instance, C4
plants spatially concentrate a small pool of transitory C4 acids in mesophyll cells that turnover
rapidly in the bundle sheath cells, while the concentrating mechanism of CAM plants is based
on the temporal storage of a larger pool of end products of C4 acids (mainly malic acid) in the
vacuoles at night, which slowly turnover in the cytoplasm of the same photosynthetic cells
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also mechanisms capable of providing elevated water use efficiency (WUE). In C4, the
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concentration of CO2 at the site of Rubisco activity usually reduces stomatal conductance and,
therefore, the general transpirational water losses through the light period. On the other hand,
the ability to restrict stomatal opening during the periods in which higher air humidity is
available (e.g., at night, during dawn and dusk) allows CAM plants to fix higher amounts of
CO2 with very low rates of water loss through transpiration.
Figure 1. Four temporal Phases of CAM (I, II, III and IV) indicated over a 24-hour photoperiod by the main features of
CAM: CO2 fixation, Rubisco, PEPC and NAD(P)-ME-type or PEPCK-type activities and organic acid and carbohydrate ac‐
cumulation. The black shapes below the x-axis indicate when the processes described above were happening. The
black and white bars in the x-axis indicate night and day, respectively.
The presence of two pathways of carboxylation in CAM plants, one mediated by PEPC and
the other by Rubisco, determines the differences in the ratio of carbon isotope discrimination
(δ13C). Those differences are given by the fractionation characteristics of PEPC and Rubisco.
Therefore, δ13C values found in the plant are indicative of how much CO2 was fixed by Rubisco
(during the day) or PEPC (at night). Consequently, growth dependent on dark CO2 fixation
generates less negative values of δ13C (CAM plants) while growth dependent on direct
atmospheric CO2 fixation during the day results in more negative δ13C values (C3 plants) [13].
For this reason, the values of δ13C found in the tissues of plants leads to their classification as
either CAM or C3.
In the early 1970s, Winter and von Willert [14] discovered the capacity of Mesembryanthemum
crystallinum, a plant until that time considered C3, of expressing CAM (fixing CO2 at night)
when treated with NaCl, showing that plants did not uniquely express CAM or C3. After this
discovery, Osmond and cols. [13] analyzed the δ13C, CO2 fixation and malate synthesis when
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regulating day/night length and temperature during growth of Kalanchoë daigremontiana and
K. blossfeldiana. The results led to the conclusion that, depending on the environmental
conditions, CAM plants are capable of using both C3 (Rubisco) and C4 (PEPC) fixation
mechanisms during their development. Thus, the environmental conditions regulate the
proportion of carbon acquired through each pathway.
1.1. Types of CAM
With more information in the literature regarding CAM, we now know that not all CAM plants
just fix CO2 at night while the stomata remain closed during the day (e.g. classical CAM); CAM
photosynthesis is now considered a more flexible phenomenon in plants. It has been proposed
that there is a continuum of photosynthetic expression from C3 to CAM and in this progression
several types of CAM photosynthesis can be found, ranging from a weak to a strong degree
of expression [4], which is determined by the stage of plant development, environmental
conditions and/or the species. Although classical CAM was characterized as traditionally
showing a four-phase pattern, the flexibility of CAM and the diversity of CAM species
illustrate the existence of a wide range of responses; thus, within CAM, three main types can
be identified: classical CAM, CAM-cycling and CAM-idling.
The term CAM-cycling is used to explain the photosynthetic condition represented by a diel
gas exchange pattern similar to that found in C3 plants, combined with nocturnal organic acid
accumulation [7, 14, 15], which results from the internal respiratory CO2 refixation via PEPC
at night. During the day, these acids are decarboxylated, releasing CO2 to Rubisco, while the
stomata remain open [8,16]. CAM-cycling can be expressed in some species at the early stages
of shifting from C3 to CAM in response to water limitation (facultative CAM plants) [16],
maintaining a positive carbon balance during repeated drought events [17], reducing respira‐
tory CO2 losses, allowing water retention and extending the life cycle [7]. On the other hand,
CAM-idling exhibits a null CO2 gas exchange over the entire 24-hour period, while a small
nocturnal acid accumulation still continues [7,15], in which the respiratory CO2 is recaptured
and used for synthesizing organic acids at night, which are decarboxylated the following day,
recovering the carbohydrate used during the refixation of respiratory CO2 [6]. Thus, under
extended drought conditions, for example, CAM-idling allows recycling internal CO2,
avoiding a negative balance of carbon at the expense of growth and maintaining photosyn‐
thetic competence [16].
1.2. Constitutive and facultative CAM
Some species possess the capacity to exhibit facultative CAM, in which the degree of CAM
expression greatly varies depending on internal or environmental cues. Facultative CAM may
be part of the ontogenetic plant program, in which environment factors could accelerate or
delay the preprogrammed C3-CAM transition [17-20]. Thus, it is possible to find variable
degrees of CAM modulation in facultative species, ranging from exclusively environmental
to strictly developmental control of CAM, passing through an intermediate state in which both
environmental and developmental cues influence CAM expression [19, 20] (Figure 2). Some
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well-characterized examples of facultative CAM plants are Mesembryanthemum crystallinum
and some Clusia species.
As above mentioned, Mesembryanthemum crystallinum was initially considered an exclusive
C3 plant; however, after the discovery of its capacity to switch from C3 to CAM [14], this plant
became a common model species for facultative CAM photosynthesis research. M. crystalli‐
num is an annual halophyte widely distributed in places with hot and dry summers, wet and
cold winters and increased salinity, as found in south and east Africa, along the coasts of the
Mediterranean and west United States [21, 22]. Thus, after a short cold and rainy season
(winter), M. crystallinum germinates and the juvenile plants perform exclusively C3 photosyn‐
thesis. Then, during the summer, in which the temperature and salinity increase and water
availability decreases, the mature plants produce smaller and succulent leaves with epidermal
bladders coinciding with the developmental CAM induction [21, 23]. Since young plants
cannot perform CAM, ontogenetic factors become visibly important for this plant [24], and
stressful conditions, like high salinity, would only accelerate the rate of CAM induction already
preprogrammed by the plant development [8, 9, 17, 21]. Nevertheless, Winter and Holtum [19]
observed that M. crystallinum is capable of performing C3 photosynthesis during its entire life
cycle if maintained in non-saline and well-watered conditions, demonstrating that CAM
induction in M. crystallinum is mainly controlled by environmental conditions rather than by
preprogrammed developmental processes. Once M. crystallinum shifts from C3 to CAM, it
never returns to C3 mode [17, 21, 22], even if the adverse conditions are removed. Curiously,
some degree of reversibility in CAM-induced M. crystallinum plants has already been reported
[25], but more studies are necessary to confirm this. On the other hand, some species of the
genus Clusia clearly show their capacity to switch from C3 to CAM and back again in response
to different environmental conditions.
In fact, the genus Clusia represents a magnificent example of diversity and inducibility of CAM.
In Clusia minor, for example, opposite leaves on the same node can perform either C3 or CAM
in response to different temperatures and leaf-air vapor pressures, as only the leaves main‐
tained in dry air conditions were capable of expressing CAM [26]. Among Clusia species, C.
minor is currently the most widely used model for C3-CAM photosynthesis studies [18, 20, 27,
28]. It has already been shown that juvenile plants of C. minor perform C3 photosynthesis and
switch their photosynthetic behavior to CAM when mature, increasing dark CO2 fixation [18,
20], activity of PEPC and PEPCK (key enzymes in CAM photosynthesis), and nocturnal
accumulation of organic acids [18]. Thus, apparently, C. minor plants are controlled by
programmed development. However, these plants when exposed to drought (or dry season
in nature) up-regulate CAM activity [18, 20, 29, 30], indicating that CAM can also be controlled
by the environment, even though reversion to the C3 state never occurs. Therefore, both
development and environment are capable of regulating CAM in C. minor. In another species
of the same genus, C. pratensis, shows that, in this case, CAM responds almost exclusively to
environmental cues and the switch from C3 to CAM is fully reversible [20].
Plants that always perform CAM in mature tissues independently of the environmental
conditions (stressful or not) are classified as constitutive (or obligate) CAM species. Examples
of constitutive CAM are some species from the Cactaceae family (e.g., some Opuntia species),
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regulating day/night length and temperature during growth of Kalanchoë daigremontiana and
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conditions, CAM plants are capable of using both C3 (Rubisco) and C4 (PEPC) fixation
mechanisms during their development. Thus, the environmental conditions regulate the
proportion of carbon acquired through each pathway.
1.1. Types of CAM
With more information in the literature regarding CAM, we now know that not all CAM plants
just fix CO2 at night while the stomata remain closed during the day (e.g. classical CAM); CAM
photosynthesis is now considered a more flexible phenomenon in plants. It has been proposed
that there is a continuum of photosynthetic expression from C3 to CAM and in this progression
several types of CAM photosynthesis can be found, ranging from a weak to a strong degree
of expression [4], which is determined by the stage of plant development, environmental
conditions and/or the species. Although classical CAM was characterized as traditionally
showing a four-phase pattern, the flexibility of CAM and the diversity of CAM species
illustrate the existence of a wide range of responses; thus, within CAM, three main types can
be identified: classical CAM, CAM-cycling and CAM-idling.
The term CAM-cycling is used to explain the photosynthetic condition represented by a diel
gas exchange pattern similar to that found in C3 plants, combined with nocturnal organic acid
accumulation [7, 14, 15], which results from the internal respiratory CO2 refixation via PEPC
at night. During the day, these acids are decarboxylated, releasing CO2 to Rubisco, while the
stomata remain open [8,16]. CAM-cycling can be expressed in some species at the early stages
of shifting from C3 to CAM in response to water limitation (facultative CAM plants) [16],
maintaining a positive carbon balance during repeated drought events [17], reducing respira‐
tory CO2 losses, allowing water retention and extending the life cycle [7]. On the other hand,
CAM-idling exhibits a null CO2 gas exchange over the entire 24-hour period, while a small
nocturnal acid accumulation still continues [7,15], in which the respiratory CO2 is recaptured
and used for synthesizing organic acids at night, which are decarboxylated the following day,
recovering the carbohydrate used during the refixation of respiratory CO2 [6]. Thus, under
extended drought conditions, for example, CAM-idling allows recycling internal CO2,
avoiding a negative balance of carbon at the expense of growth and maintaining photosyn‐
thetic competence [16].
1.2. Constitutive and facultative CAM
Some species possess the capacity to exhibit facultative CAM, in which the degree of CAM
expression greatly varies depending on internal or environmental cues. Facultative CAM may
be part of the ontogenetic plant program, in which environment factors could accelerate or
delay the preprogrammed C3-CAM transition [17-20]. Thus, it is possible to find variable
degrees of CAM modulation in facultative species, ranging from exclusively environmental
to strictly developmental control of CAM, passing through an intermediate state in which both
environmental and developmental cues influence CAM expression [19, 20] (Figure 2). Some
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well-characterized examples of facultative CAM plants are Mesembryanthemum crystallinum
and some Clusia species.
As above mentioned, Mesembryanthemum crystallinum was initially considered an exclusive
C3 plant; however, after the discovery of its capacity to switch from C3 to CAM [14], this plant
became a common model species for facultative CAM photosynthesis research. M. crystalli‐
num is an annual halophyte widely distributed in places with hot and dry summers, wet and
cold winters and increased salinity, as found in south and east Africa, along the coasts of the
Mediterranean and west United States [21, 22]. Thus, after a short cold and rainy season
(winter), M. crystallinum germinates and the juvenile plants perform exclusively C3 photosyn‐
thesis. Then, during the summer, in which the temperature and salinity increase and water
availability decreases, the mature plants produce smaller and succulent leaves with epidermal
bladders coinciding with the developmental CAM induction [21, 23]. Since young plants
cannot perform CAM, ontogenetic factors become visibly important for this plant [24], and
stressful conditions, like high salinity, would only accelerate the rate of CAM induction already
preprogrammed by the plant development [8, 9, 17, 21]. Nevertheless, Winter and Holtum [19]
observed that M. crystallinum is capable of performing C3 photosynthesis during its entire life
cycle if maintained in non-saline and well-watered conditions, demonstrating that CAM
induction in M. crystallinum is mainly controlled by environmental conditions rather than by
preprogrammed developmental processes. Once M. crystallinum shifts from C3 to CAM, it
never returns to C3 mode [17, 21, 22], even if the adverse conditions are removed. Curiously,
some degree of reversibility in CAM-induced M. crystallinum plants has already been reported
[25], but more studies are necessary to confirm this. On the other hand, some species of the
genus Clusia clearly show their capacity to switch from C3 to CAM and back again in response
to different environmental conditions.
In fact, the genus Clusia represents a magnificent example of diversity and inducibility of CAM.
In Clusia minor, for example, opposite leaves on the same node can perform either C3 or CAM
in response to different temperatures and leaf-air vapor pressures, as only the leaves main‐
tained in dry air conditions were capable of expressing CAM [26]. Among Clusia species, C.
minor is currently the most widely used model for C3-CAM photosynthesis studies [18, 20, 27,
28]. It has already been shown that juvenile plants of C. minor perform C3 photosynthesis and
switch their photosynthetic behavior to CAM when mature, increasing dark CO2 fixation [18,
20], activity of PEPC and PEPCK (key enzymes in CAM photosynthesis), and nocturnal
accumulation of organic acids [18]. Thus, apparently, C. minor plants are controlled by
programmed development. However, these plants when exposed to drought (or dry season
in nature) up-regulate CAM activity [18, 20, 29, 30], indicating that CAM can also be controlled
by the environment, even though reversion to the C3 state never occurs. Therefore, both
development and environment are capable of regulating CAM in C. minor. In another species
of the same genus, C. pratensis, shows that, in this case, CAM responds almost exclusively to
environmental cues and the switch from C3 to CAM is fully reversible [20].
Plants that always perform CAM in mature tissues independently of the environmental
conditions (stressful or not) are classified as constitutive (or obligate) CAM species. Examples
of constitutive CAM are some species from the Cactaceae family (e.g., some Opuntia species),
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Crassulaceae (e.g., some Kalanchoë species ) [16, 20] and Clusiaceae (C. rosea) [20, 31]. However,
despite being classified as constitutive CAM plants, some of these species might also show
some degree of plasticity in CAM expression in response to environmental conditions (Figure
2). Kalanchoë pinnata, K. daigremontiana and Opuntia ficus-indica, for example, are capable of up-
regulating CAM when maintained under drought conditions [16, 20, 32]. Also, Opuntia
basilaris, another constitutive CAM species, enhances its nocturnal CO2 fixation when exposed
to favorable conditions of watering [33]. It should be noted that neither favorable nor unfav‐
orable conditions are capable of changing the CAM mode to C3 mode because the ontogenetic
program of the plant does not allow such modification [20, 32].
Nowadays, there is an important debate going on about establishing clear differences between
facultative CAM and constitutive CAM plants since it has already been demonstrated that, in
some constitutive CAM plants, when juvenile (e.g.; K. daigremontiana, K. pinnata, Opuntia ficus-
indica and Clusia rosea), C3 photosynthesis is the main pathway to uptake CO2 and CAM only
becomes the dominant pathway when they are mature [20, 29]. For example, C. rosea seems to
be strongly controlled by ontogenetic factors, as variations in the environment did not affect
the degree of CAM in this species; nevertheless, when juvenile, facultative and fully reversible
CAM can be observed in this species [20]. Thus, due to the facultative component that exists
in constitutive CAM, it would be very difficult to strictly define a species as facultative or
constitutive CAM. We, therefore, propose that facultative CAM species should be those that
are capable of going from typically C3 photosynthesis to CAM and back, even in adulthood.
However, species that are capable of expressing CAM at some moment in their life cycle,
regardless of whether they are influenced by either environmental or developmental factors,
but cannot return to a C3 after they become adults should be considered simply CAM plants.
Figure 2. Capacity of plants to transition from C3 to CAM modes is controlled by environmental and developmental
cues (blue arrow). CAM and its flexibility to transit between different modes of CAM (classic-CAM, CAM-cycling and
CAM-idling) is under environmental control; however, it is unknown if it could also be regulated by developmental
factors.
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2. Biochemistry of CAM
2.1. Importance of carbohydrates in CAM plants
Due to its biochemical nature, the CAM cycle is inexorably associated with a serious metabolic
constraint: at the end of the Phase IV (end of the light period – Figure 1) there must be an
adequate pool of carbohydrates to generate PEP, required for nocturnal CO2 fixation via PEPC
during Phase I. That pool of carbohydrates must differ from the pool of carbohydrates needed
to ensure other metabolic processes including dark respiration, export and growth [6, 9, 17,
34, 35]. In several CAM species, the net flux of carbon for regenerating PEP is mainly based on
the pool of starch; thus, these plants show a large diel change in transitory starch [34, 36, 37].
Therefore, when CAM is induced, an increase in starch degradative enzymes is required [38,
39], and specific transporters of intermediate products across the chloroplast membrane must
also be present [38, 40]. The degradation of transitory starch can be very important in CAM
plants providing PEP through glycolysis, as demonstrated for Mesembryanthemum crystalli‐
num, in which mutant plants deficient in starch synthesis due to a lack of the enzyme phos‐
phoglucomutase were incapable of operating in CAM mode and had lower fecundity than the
wild type. However, when these mutants were fed with glucose, the nocturnal acidification
was recovered [41].
Interestingly, it was observed that M. crystallinum, when switching from C3 to CAM, changes
the metabolic pathway of starch degradation from hydrolytic to phosphorolytic [42]. In the
latter, after the starch is degraded, the main product exported from the chloroplast is glucose-6-
phosphate, while in the hydrolytic pathway the main product exported is maltose [43]. Thus,
when in C3 mode, M. crystallinum exports maltose from the chloroplast as a result of starch
degradation [42], but when it operates in CAM mode, the export switches from maltose to
glucose-6-phosphate [42, 44]. Interestingly, it was observed that in several so-called facultative
CAM species exposed to drought or salinity stress, PEPC increased its sensitivity to activation
by glucose-6-phosphate [45, 46]. This may suggest a link between the metabolic pathway of
phosphorolytic starch degradation and PEPC activation. It has been proposed that starch
degradation and its flux through PEPC is under circadian regulation in CAM plants because
it was observed that the activity of some enzymes that participate in the starch degradation
(e.g. β-amylase and starch phosphorylase) are coordinated in time with the phosphorylation
of PEPC at night [9].
As mentioned above, transitory starch plays an important role in the transition from C3 to CAM
in plants of Mesembryanthemum crystallinum [41] because starch is the main carbohydrate used
to generate PEP either in primary or axillary leaves [34]. The partitioning of assimilates in
different pools originating from C3-carboxylation or C4-carboxylation have been suggested as
a possible regulatory mechanism of carbohydrate metabolism in CAM plants [47]. It has also
been demonstrated that this carbohydrate partitioning has a crucial ecophysiological function
besides allowing CAM to function; in C3 primary leaves of M. crystallinum, the carbohydrate
partitioning works mainly to facilitate the development of the whole plant. Then, when the
dry season arrives, the growth of axillary leaves accelerates and the development of the plant
is mainly directed towards reproduction. Therefore, when the plant switches from C3 to CAM,
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program of the plant does not allow such modification [20, 32].
Nowadays, there is an important debate going on about establishing clear differences between
facultative CAM and constitutive CAM plants since it has already been demonstrated that, in
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be strongly controlled by ontogenetic factors, as variations in the environment did not affect
the degree of CAM in this species; nevertheless, when juvenile, facultative and fully reversible
CAM can be observed in this species [20]. Thus, due to the facultative component that exists
in constitutive CAM, it would be very difficult to strictly define a species as facultative or
constitutive CAM. We, therefore, propose that facultative CAM species should be those that
are capable of going from typically C3 photosynthesis to CAM and back, even in adulthood.
However, species that are capable of expressing CAM at some moment in their life cycle,
regardless of whether they are influenced by either environmental or developmental factors,
but cannot return to a C3 after they become adults should be considered simply CAM plants.
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by glucose-6-phosphate [45, 46]. This may suggest a link between the metabolic pathway of
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degradation and its flux through PEPC is under circadian regulation in CAM plants because
it was observed that the activity of some enzymes that participate in the starch degradation
(e.g. β-amylase and starch phosphorylase) are coordinated in time with the phosphorylation
of PEPC at night [9].
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in plants of Mesembryanthemum crystallinum [41] because starch is the main carbohydrate used
to generate PEP either in primary or axillary leaves [34]. The partitioning of assimilates in
different pools originating from C3-carboxylation or C4-carboxylation have been suggested as
a possible regulatory mechanism of carbohydrate metabolism in CAM plants [47]. It has also
been demonstrated that this carbohydrate partitioning has a crucial ecophysiological function
besides allowing CAM to function; in C3 primary leaves of M. crystallinum, the carbohydrate
partitioning works mainly to facilitate the development of the whole plant. Then, when the
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the axillary leaves are capable of exporting sugars during the day and the night derived from
C3 and C4-carboxylation, in contrast to primary leaves, which possess a limited export of sugars
[34]. Thus, the axillary leaves ensure the reproductive success by exporting sugars, while starch
guarantees the CAM cycle [17, 34]. Interestingly, measurements of δ13C in seeds of this species
showed a value of -16.4‰, indicating an important contribution of the nocturnal CO2 fixated
(CAM) to seedset [48].
Although starch represents the main carbohydrate to provide PEP in many CAM plants, there
are also CAM plants that show a smaller diel change in starch levels because they are also
capable of storing carbohydrates in the form of hexose inside the vacuole [49], as observed in
Ananas comosus (pineapple) [50, 51]. Therefore, there are differences among CAM plants in
their diel changes of energy-rich compounds used for nocturnal organic acid synthesis [52].
In addition, it was observed that species of Clusia display differences between their carbohy‐
drate pools derived from C3 and C4-carboxylation and the partitioning of each pool to storage
or exportation. In Clusia minor, in which CAM expression is environmentally and ontogenet‐
ically controlled, there was a doubling of its pool of carbohydrates after the switch from C3 to
CAM. Interestingly, two pools of soluble sugars were identified, one enriched in 13C and the
other depleted in 13C, the latter destined to be transported, indicating the existence of a
regulated partitioning of carbohydrates in this species [47]. Surveys comparing Clusia minor
(performing CAM) and Clusia rosea (constitutive CAM) showed that the carbohydrate pool in
leaves of C. rosea is mainly derived from PEPC carboxylation, while the carbohydrate pool of
C. minor is derived from Rubisco carboxylation. In both species, leaf soluble sugars were
enriched in 13C when compared with the leaf starch, indicating that C3 assimilates were
preferably redirected into starch [34]. In addition, in the same work, it was demonstrated that
regardless of the degree of CAM the pool of carbohydrates exported from the leaves to
reproductive sinks (fruits) was mainly derived from C3-carboxylation (showing values of δ13C
of -25.6 and -25.8 in Clusia minor and Clusia rosea, respectively). Thus, those results confirm the
existence of different partitioning of assimilates derived from C3 or C4-carboxylation between
reproductive and vegetative growth. As observed for most CAM plants, growth and produc‐
tivity are maximized when direct CO2 fixation via Rubisco in Phase IV predominates [17, 34,
35]. Therefore, the fact that assimilates are formed during this phase and exported from the
leaves to the sink shows the importance of Rubisco in the reproductive success and growth of
CAM plants.
2.2. An overview of PEPC and PPCK regulation
PEPC is a homotetrameric enzyme that participates in a broad range of functions (both
photosynthetic and non-photosynthetic) in the plant cell [53], not found in fungi nor animals
[54]. In C4 and CAM plants, PEPC irreversibly carboxylates PEP, using HCO3 - and generating
oxaloacetate (OAA). Both the capacity to use HCO3 - instead of gaseous CO2 (different from
Rubisco) and the high affinity for HCO3 - make CAM plants more efficient in terms of nitrogen
usage because less nitrogen allocation is required to form adequate quantities of the carboxy‐
lating enzymes (PEPC and Rubisco) than in C3 plants, in which a larger pool of Rubisco is
required to fixate CO2.
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Due to the activity of two carboxylase enzymes (PEPC and Rubisco) temporally separated in
CAM plants, a tight metabolic control to avoid futile cycles of carbon must exist [6]. PEPC
enzyme can be regulated by environment and endogenous circadian signals, resulting in the
reversible activation of the enzyme by phosphorylation. This regulation of PEPC through
phosphorylation is mediated by a PEPC kinase enzyme (PPCK- a specific Ca2+ -independent
serine/threonine kinase), which phosphorylates PEPC on its serine residue (Figure 3), reducing
its sensitivity to malate inhibition at night [55] and increasing its allosteric activation by glucose
6-phosphate and affinity for PEP [53]. During the day, PEPC is highly inhibited by malate
because this enzyme is dephosphorylated. Thus, PEPC activity is restricted to Phase I, early
Phase II and late Phase IV [6, 55] (Figure 1), minimizing the futile cycling of simultaneous
malate synthesis (mainly at night) and breakdown (only during daytime).
Figure 3. Daytime inactivation and nighttime posttranslational activation of PEPC enzyme. Activation of PEPC at night
depends on the phosphorylation of its serine residue by PPCK enzyme. Different allosteric malate inhibition and Glu-6-
P activation and affinity for PEP in light and dark periods is shown.
PEPC kinase enzyme is mainly regulated by transcriptional level abundance, showing the
peculiar characteristic among kinase enzymes of requiring de novo synthesis to be active [55].
In C3 and C4 plants, PPCK seems to be activated by light [56-59], while in CAM plants this
enzyme responds mostly to a circadian oscillator and is active during the night [55, 60, 62].
Taybi and cols. [63] showed that the transcript accumulation of PPCK in M. crystallinum is
largely subjected to circadian control under continuous light condition. However, that
circadian control is itself regulated by other factors, such as cytosolic malate level [55, 64]. In
Zea mays, a C4 species, it was found that ZmPPCK2, a specific PPCK isoform, is expressed
preferentially during the night [59]. These findings point toward a flexibility in the expression
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the axillary leaves are capable of exporting sugars during the day and the night derived from
C3 and C4-carboxylation, in contrast to primary leaves, which possess a limited export of sugars
[34]. Thus, the axillary leaves ensure the reproductive success by exporting sugars, while starch
guarantees the CAM cycle [17, 34]. Interestingly, measurements of δ13C in seeds of this species
showed a value of -16.4‰, indicating an important contribution of the nocturnal CO2 fixated
(CAM) to seedset [48].
Although starch represents the main carbohydrate to provide PEP in many CAM plants, there
are also CAM plants that show a smaller diel change in starch levels because they are also
capable of storing carbohydrates in the form of hexose inside the vacuole [49], as observed in
Ananas comosus (pineapple) [50, 51]. Therefore, there are differences among CAM plants in
their diel changes of energy-rich compounds used for nocturnal organic acid synthesis [52].
In addition, it was observed that species of Clusia display differences between their carbohy‐
drate pools derived from C3 and C4-carboxylation and the partitioning of each pool to storage
or exportation. In Clusia minor, in which CAM expression is environmentally and ontogenet‐
ically controlled, there was a doubling of its pool of carbohydrates after the switch from C3 to
CAM. Interestingly, two pools of soluble sugars were identified, one enriched in 13C and the
other depleted in 13C, the latter destined to be transported, indicating the existence of a
regulated partitioning of carbohydrates in this species [47]. Surveys comparing Clusia minor
(performing CAM) and Clusia rosea (constitutive CAM) showed that the carbohydrate pool in
leaves of C. rosea is mainly derived from PEPC carboxylation, while the carbohydrate pool of
C. minor is derived from Rubisco carboxylation. In both species, leaf soluble sugars were
enriched in 13C when compared with the leaf starch, indicating that C3 assimilates were
preferably redirected into starch [34]. In addition, in the same work, it was demonstrated that
regardless of the degree of CAM the pool of carbohydrates exported from the leaves to
reproductive sinks (fruits) was mainly derived from C3-carboxylation (showing values of δ13C
of -25.6 and -25.8 in Clusia minor and Clusia rosea, respectively). Thus, those results confirm the
existence of different partitioning of assimilates derived from C3 or C4-carboxylation between
reproductive and vegetative growth. As observed for most CAM plants, growth and produc‐
tivity are maximized when direct CO2 fixation via Rubisco in Phase IV predominates [17, 34,
35]. Therefore, the fact that assimilates are formed during this phase and exported from the
leaves to the sink shows the importance of Rubisco in the reproductive success and growth of
CAM plants.
2.2. An overview of PEPC and PPCK regulation
PEPC is a homotetrameric enzyme that participates in a broad range of functions (both
photosynthetic and non-photosynthetic) in the plant cell [53], not found in fungi nor animals
[54]. In C4 and CAM plants, PEPC irreversibly carboxylates PEP, using HCO3 - and generating
oxaloacetate (OAA). Both the capacity to use HCO3 - instead of gaseous CO2 (different from
Rubisco) and the high affinity for HCO3 - make CAM plants more efficient in terms of nitrogen
usage because less nitrogen allocation is required to form adequate quantities of the carboxy‐
lating enzymes (PEPC and Rubisco) than in C3 plants, in which a larger pool of Rubisco is
required to fixate CO2.
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Due to the activity of two carboxylase enzymes (PEPC and Rubisco) temporally separated in
CAM plants, a tight metabolic control to avoid futile cycles of carbon must exist [6]. PEPC
enzyme can be regulated by environment and endogenous circadian signals, resulting in the
reversible activation of the enzyme by phosphorylation. This regulation of PEPC through
phosphorylation is mediated by a PEPC kinase enzyme (PPCK- a specific Ca2+ -independent
serine/threonine kinase), which phosphorylates PEPC on its serine residue (Figure 3), reducing
its sensitivity to malate inhibition at night [55] and increasing its allosteric activation by glucose
6-phosphate and affinity for PEP [53]. During the day, PEPC is highly inhibited by malate
because this enzyme is dephosphorylated. Thus, PEPC activity is restricted to Phase I, early
Phase II and late Phase IV [6, 55] (Figure 1), minimizing the futile cycling of simultaneous
malate synthesis (mainly at night) and breakdown (only during daytime).
Figure 3. Daytime inactivation and nighttime posttranslational activation of PEPC enzyme. Activation of PEPC at night
depends on the phosphorylation of its serine residue by PPCK enzyme. Different allosteric malate inhibition and Glu-6-
P activation and affinity for PEP in light and dark periods is shown.
PEPC kinase enzyme is mainly regulated by transcriptional level abundance, showing the
peculiar characteristic among kinase enzymes of requiring de novo synthesis to be active [55].
In C3 and C4 plants, PPCK seems to be activated by light [56-59], while in CAM plants this
enzyme responds mostly to a circadian oscillator and is active during the night [55, 60, 62].
Taybi and cols. [63] showed that the transcript accumulation of PPCK in M. crystallinum is
largely subjected to circadian control under continuous light condition. However, that
circadian control is itself regulated by other factors, such as cytosolic malate level [55, 64]. In
Zea mays, a C4 species, it was found that ZmPPCK2, a specific PPCK isoform, is expressed
preferentially during the night [59]. These findings point toward a flexibility in the expression
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of this enzyme and indicate that a simple step could lead to its expression during nighttime,
as happens in CAM plants.
Differences in regulation of PEPC would also require changes in Rubisco activity to avoid futile
cycling of CO2. In a C3 plant, Rubisco apparently needs to be activated by Rubisco activase
(RCA), which responds positively to irradiance and ATP supply and negatively to high
concentrations of sugar phosphate [65]. The same authors found that in CAM-induced M.
crystallinum, the activation of Rubisco followed a rhythmicity of activation-deactivation.
Whether this is due to circadian or metabolite control, the authors could not confirm.
3. CAM origins
Phylogenetic reconstructions from comparative physiology and taxonomy confirm that C3
photosynthesis is ancestral to both CAM and C4, with CAM appearing multiple times in the
taxa and earlier than C4 photosynthesis [54, 66]. Since all enzymes related to CAM functions
are also found in C3 plants, several aspects of CAM appear to have evolved as minor modifi‐
cations of processes already present in ancestral C3, suggesting that CAM may have originated
from the reorganization of ancient metabolic pathways (co-option) [67]. Thus, processes such
as gene duplication, processing of mRNA and gene expression control by cis-regulatory
elements or enhancers can maintain essential ancestral functions along with new ones related
to CAM [67].
The majority of CAM plants is found in monocot and eudicot taxa, which had high diversifi‐
cation by the early and middle Miocene [68]. It has been hypothesized that atmospheric CO2
levels and the CO2/O2 ratio decreased sufficiently some time after the Cretaceous [69] and
during the Miocene, allowing the evolution of CAM in terrestrial and aquatic environments
[66, 70]. Thus, atmospheric CO2 reductions, coupled with warm climates in subtropical
latitudes, were factors with negative impacts on C3 photosynthesis, due to a depletion of
CO2 diffusion gradient that resulted in a decrease in the carboxylation efficiency and an
increase in photorespiration rates [71]. Therefore, the restricted daytime CO2 availability in
that environment may have been the most important driving force in the evolution of CAM.
As a result, plants that rely on the C4 and CAM pathway would have advantages compared
to C3 plants because of the higher carboxylation efficiency [70]. It is also proposed that a
photosynthetic mechanism similar to aquatic CAM arose during the late Paleozoic, also a
period of low atmospheric CO2 concentrations [72]. Thus, CAM photosynthesis may have
emerged several times as a means of improving carbon economy.
Currently, another evidence of the multiple origins of CAM is its occurrence in 35 taxonomi‐
cally diverse families [16], of which 32 belong to Magnoliophyta division. Among these 32
families, eight are monocots (Agavaceae, Alismataceae, Araceae, Asphodelaceae, Bromelia‐
ceae, Hydrocharitaceae, Orchidaceae and Ruscaceae) [4].
Nowadays, there is little fossil evidence about CAM origins. Isoetes species are at present-day
a monophyletic CAM taxon which represents the oldest clade of known CAM plants since
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there is fossil evidence of the existence of that taxon by the early Cretaceous [70]. More recent
CAM plant fossils are found from the middle Miocene and late Pleistocene to the Holocene.
The plant fossil from the middle Miocene, Protoyucca shadishii, is very likely an early member
of dry communities of present Yucca CAM plants (Agavaceae) [73]. Another survey analyzed
δ13C values of samples of CAM plant Opuntia polyacantha (Cactaceae) found in old pack rat
middens in the southwestern United States more than 40,000 years old and others 10,000 years
old, in which a shift in the δ13C value from -21.9‰ (in the 40,000-year-old sample) to - 13.9 ‰
(10,000-year-old sample) was observed. These results provided physiological evidence of drier
climates in the late Pleistocene in that region [74], which apparently favored CAM expression.
Recently, the fossil Karatophyllum bromelioides from the late Pleistocene to Holocene was
studied, which shares excellently correlated morphological characteristics with Aechmea
magdalenae, a CAM bromeliad [75]. Since succulence within Bromeliaceae seems to be related
to CAM (leaf thickness values greater than 1 mm showed carbon-isotope ratios lower than
-20‰ [76], both the similar morphology of this fossil plant to A. magdalenae and the leaf
thickness of 1.6 mm showed that, indeed, Karatophyllum bromelioides could be a fossil CAM [75].
4. CAM in Bromeliaceae
Bromeliaceae is considered a monophyletic family inside the order Poales [77]. It is one of the
largest and most widespread plant families in the neotropics, occupying a wide variety of
niches with different conditions [68, 78]. Recently, of the three classic subfamilies, only
Bromelioideae and Tillandsioideae are considered monophyletic, while Pitcairnioideae was
subdivided into five new subfamilies: Pitcairnioideae, Puyoideae, Navioideae, Hechtioideae,
Lindmanioideae and Brocchinioideae [79].
In the Bromeliaceae, CAM has arisen multiple times in a seemingly independent way. Crayn
and cols. [68] identified at least three independent origins for CAM in the 51 species analyzed,
and this pattern was maintained when more species were taken into account. Silvera and cols.
[4] also found multiple origins for CAM in the Orchidaceae family, which appeared to be linked
with the colonization of the epiphytic habitat. In contrast to the Orchidaceae family, however,
among bromeliads a strong correlation was not found between the occurrence of CAM and
epiphytism [68]. In fact, a more recent work suggested that CAM could be more common in
terrestrial, rather than epiphytic, bromeliad species [80]. Although very enlightening, these
studies focused on the phylogeny and took into account only whether the plants were
epiphytes or not. Some extra details could arise by observing how each species couples with
its environment. For example, one of the major morphologic features of bromeliads is the
rosette conformation of the leaves. This morphology is very important for some species in
which the overlapping of its leaves forms a structure capable of accumulating water and
organic matter – the so-called tank-bromeliads [78]. Based on the presence of the tank and how
the plant acquires nutrients, Pittendrigh [81] separates bromeliads into four classes (Types I,
II, III and IV - Figure 4). Table 1 shows a list of species grouped by type with their respective
habitat (simplified only as moist or dry) and photosynthetic pathway.
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of this enzyme and indicate that a simple step could lead to its expression during nighttime,
as happens in CAM plants.
Differences in regulation of PEPC would also require changes in Rubisco activity to avoid futile
cycling of CO2. In a C3 plant, Rubisco apparently needs to be activated by Rubisco activase
(RCA), which responds positively to irradiance and ATP supply and negatively to high
concentrations of sugar phosphate [65]. The same authors found that in CAM-induced M.
crystallinum, the activation of Rubisco followed a rhythmicity of activation-deactivation.
Whether this is due to circadian or metabolite control, the authors could not confirm.
3. CAM origins
Phylogenetic reconstructions from comparative physiology and taxonomy confirm that C3
photosynthesis is ancestral to both CAM and C4, with CAM appearing multiple times in the
taxa and earlier than C4 photosynthesis [54, 66]. Since all enzymes related to CAM functions
are also found in C3 plants, several aspects of CAM appear to have evolved as minor modifi‐
cations of processes already present in ancestral C3, suggesting that CAM may have originated
from the reorganization of ancient metabolic pathways (co-option) [67]. Thus, processes such
as gene duplication, processing of mRNA and gene expression control by cis-regulatory
elements or enhancers can maintain essential ancestral functions along with new ones related
to CAM [67].
The majority of CAM plants is found in monocot and eudicot taxa, which had high diversifi‐
cation by the early and middle Miocene [68]. It has been hypothesized that atmospheric CO2
levels and the CO2/O2 ratio decreased sufficiently some time after the Cretaceous [69] and
during the Miocene, allowing the evolution of CAM in terrestrial and aquatic environments
[66, 70]. Thus, atmospheric CO2 reductions, coupled with warm climates in subtropical
latitudes, were factors with negative impacts on C3 photosynthesis, due to a depletion of
CO2 diffusion gradient that resulted in a decrease in the carboxylation efficiency and an
increase in photorespiration rates [71]. Therefore, the restricted daytime CO2 availability in
that environment may have been the most important driving force in the evolution of CAM.
As a result, plants that rely on the C4 and CAM pathway would have advantages compared
to C3 plants because of the higher carboxylation efficiency [70]. It is also proposed that a
photosynthetic mechanism similar to aquatic CAM arose during the late Paleozoic, also a
period of low atmospheric CO2 concentrations [72]. Thus, CAM photosynthesis may have
emerged several times as a means of improving carbon economy.
Currently, another evidence of the multiple origins of CAM is its occurrence in 35 taxonomi‐
cally diverse families [16], of which 32 belong to Magnoliophyta division. Among these 32
families, eight are monocots (Agavaceae, Alismataceae, Araceae, Asphodelaceae, Bromelia‐
ceae, Hydrocharitaceae, Orchidaceae and Ruscaceae) [4].
Nowadays, there is little fossil evidence about CAM origins. Isoetes species are at present-day
a monophyletic CAM taxon which represents the oldest clade of known CAM plants since
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there is fossil evidence of the existence of that taxon by the early Cretaceous [70]. More recent
CAM plant fossils are found from the middle Miocene and late Pleistocene to the Holocene.
The plant fossil from the middle Miocene, Protoyucca shadishii, is very likely an early member
of dry communities of present Yucca CAM plants (Agavaceae) [73]. Another survey analyzed
δ13C values of samples of CAM plant Opuntia polyacantha (Cactaceae) found in old pack rat
middens in the southwestern United States more than 40,000 years old and others 10,000 years
old, in which a shift in the δ13C value from -21.9‰ (in the 40,000-year-old sample) to - 13.9 ‰
(10,000-year-old sample) was observed. These results provided physiological evidence of drier
climates in the late Pleistocene in that region [74], which apparently favored CAM expression.
Recently, the fossil Karatophyllum bromelioides from the late Pleistocene to Holocene was
studied, which shares excellently correlated morphological characteristics with Aechmea
magdalenae, a CAM bromeliad [75]. Since succulence within Bromeliaceae seems to be related
to CAM (leaf thickness values greater than 1 mm showed carbon-isotope ratios lower than
-20‰ [76], both the similar morphology of this fossil plant to A. magdalenae and the leaf
thickness of 1.6 mm showed that, indeed, Karatophyllum bromelioides could be a fossil CAM [75].
4. CAM in Bromeliaceae
Bromeliaceae is considered a monophyletic family inside the order Poales [77]. It is one of the
largest and most widespread plant families in the neotropics, occupying a wide variety of
niches with different conditions [68, 78]. Recently, of the three classic subfamilies, only
Bromelioideae and Tillandsioideae are considered monophyletic, while Pitcairnioideae was
subdivided into five new subfamilies: Pitcairnioideae, Puyoideae, Navioideae, Hechtioideae,
Lindmanioideae and Brocchinioideae [79].
In the Bromeliaceae, CAM has arisen multiple times in a seemingly independent way. Crayn
and cols. [68] identified at least three independent origins for CAM in the 51 species analyzed,
and this pattern was maintained when more species were taken into account. Silvera and cols.
[4] also found multiple origins for CAM in the Orchidaceae family, which appeared to be linked
with the colonization of the epiphytic habitat. In contrast to the Orchidaceae family, however,
among bromeliads a strong correlation was not found between the occurrence of CAM and
epiphytism [68]. In fact, a more recent work suggested that CAM could be more common in
terrestrial, rather than epiphytic, bromeliad species [80]. Although very enlightening, these
studies focused on the phylogeny and took into account only whether the plants were
epiphytes or not. Some extra details could arise by observing how each species couples with
its environment. For example, one of the major morphologic features of bromeliads is the
rosette conformation of the leaves. This morphology is very important for some species in
which the overlapping of its leaves forms a structure capable of accumulating water and
organic matter – the so-called tank-bromeliads [78]. Based on the presence of the tank and how
the plant acquires nutrients, Pittendrigh [81] separates bromeliads into four classes (Types I,
II, III and IV - Figure 4). Table 1 shows a list of species grouped by type with their respective
habitat (simplified only as moist or dry) and photosynthetic pathway.
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4.1. Type I Bromeliads
Type I bromeliads are the ones that obtain their nutrients from the soil through the roots. The
main differentiating feature of Type I bromeliads is that they do not have a structure capable
of accumulating water. For this reason it would be expected that, when growing in dry habitats,
these species would need other mechanisms to preserve water, such as CAM. Among this
group are a few species that have already been studied regarding CAM. Cristopher and
Holtum [50] studied some Type I bromeliads, such as Pitcairnia paniculata, Fosterella schido‐
sperma, Cryptanthus zonatus, Ortophytum vagans and Dyckia sp, along with species belonging to
other types. All Type I bromeliads showed some degree of CAM, except P. paniculata, indi‐
cating that this particular species might be better adapted to water-abundant environments,
while the others may be more successful in drier habitats. In the same paper, the authors
detailed the carbohydrate profile for these species but found no correlation between the type
of accumulated carbohydrate and habit or CAM expression. Among the subfamilies, however,
there were some similarities; for example, Tillandsioideae and Bromelioideae species accu‐
mulated starch, while plants belonging to the former Pitcairnioideae subfamily accumulated
mainly soluble sugars.
Figure 4. Four main bromeliad types proposed by Pittendrigh [81] and their dependency to acquire nutrients from the
soil through a root system (upward arrow). As examples, types are illustrated by different bromeliad species. Type I –
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Soil-Root: Dyckia sp.; Type II - Tank-Root: Ananas sp.; Type III –Tank-Epiphyte: Vriesea sp.; Type IV – Atmospheric-Epi‐
phyte: Tillandsia sp.
Species Type Habitat Photosynthetic patway Reference
Aechmea allenii III moist CAM1,2 [76]
Aechmea dactylina III moist CAM1,2 [76]
Aechmea fasciata III dry CAM3 [82]
Aechmea fendleri III moist CAM2 [83]
Aechmea floribunda III dry CAM3 [82]
Aechmea haltonii III moist CAM3 [68]
Aechmea magdalenae I moist CAM1 [84]
Aechmea nudicaulis III dry CAM3 [82]
Aechmea sphaerocephala III dry CAM3 [82]
Ananas ananassoides I dry CAM1,2,3 [68, 85]
Ananas comosus II dry CAM1,2,3 [50, 85]
Araeococcus pectinatus III moist CAM3 [68]
Billbergia amoena III dry CAM3 [82]
Billbergia pyramidalis III dry CAM3 [82]
Brocchinia acuminata I moist C33 [68, 86]
Brocchinia micrantha I moist C33 [68, 86]
Bromelia chrysantha II dry CAM3 [68]
Bromelia humilis II dry CAM1,2,3 [83, 87-88]
Bromelia plumieri I dry CAM1 [84]
Catopsis floribunda III moist C33 [68]
Catopsis wangerinii III moist? C33 [68]
Catopsis micrantha III moist C31,2 [76]
Cottendorfia florida I dry C33 [68]
Cryptanthus zonatus I dry CAM2 [50]
Cryptanthus beuckeri I dry CAM3 [68]
Deuterocohnia meziana I dry CAM3 [68, 86]
Deuterocohnia longipetala I dry CAM3 [68, 86]
Deuterocohnia lotteae I dry CAM3 [68, 86]
Dyckia dawsonii I dry CAM3 [86]
Dyckia ferox I dry CAM3 [68, 86]
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Aechmea fendleri III moist CAM2 [83]
Aechmea floribunda III dry CAM3 [82]
Aechmea haltonii III moist CAM3 [68]
Aechmea magdalenae I moist CAM1 [84]
Aechmea nudicaulis III dry CAM3 [82]
Aechmea sphaerocephala III dry CAM3 [82]
Ananas ananassoides I dry CAM1,2,3 [68, 85]
Ananas comosus II dry CAM1,2,3 [50, 85]
Araeococcus pectinatus III moist CAM3 [68]
Billbergia amoena III dry CAM3 [82]
Billbergia pyramidalis III dry CAM3 [82]
Brocchinia acuminata I moist C33 [68, 86]
Brocchinia micrantha I moist C33 [68, 86]
Bromelia chrysantha II dry CAM3 [68]
Bromelia humilis II dry CAM1,2,3 [83, 87-88]
Bromelia plumieri I dry CAM1 [84]
Catopsis floribunda III moist C33 [68]
Catopsis wangerinii III moist? C33 [68]
Catopsis micrantha III moist C31,2 [76]
Cottendorfia florida I dry C33 [68]
Cryptanthus zonatus I dry CAM2 [50]
Cryptanthus beuckeri I dry CAM3 [68]
Deuterocohnia meziana I dry CAM3 [68, 86]
Deuterocohnia longipetala I dry CAM3 [68, 86]
Deuterocohnia lotteae I dry CAM3 [68, 86]
Dyckia dawsonii I dry CAM3 [86]
Dyckia ferox I dry CAM3 [68, 86]
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Dyckia hilaireana I dry CAM3 [68]
Dyckia sp. I dry CAM2 [50]
Encholirium inerme I dry CAM3 [68, 86]
Encholirium irwinii I dry CAM3 [68, 86]
Edmundoa perplexa III moist CAM3 [68]
Fosterella schidosperma I dry CAM2 [50]
Fosterella elata I moist C33 [68, 86]
Fosterella penduliflora I moist C33 [68, 86]
Fosterella petiolata I moist? C33 [68, 86]
Guzmania calamifolia I moist C31,2 [76]
Guzmania circinnata III moist C31,2 [76]
Guzmania coriostachya III moist C31,2 [76]
Guzmania desautelsii III moist C31,2 [76]
Guzmania filiorum III moist C31,2 [76]
Guzmania glomerata III moist C31,2 [76]
Guzmania lingulata III moist C31,2,3 [76, 89]
Guzmania macropoda III moist C31,2 [76]
Guzmania monostachia III moist C3/CAM1,2,3 [68,89-90]
Guzmania mucronata III moist C32 [83]
Guzmania musaica III moist C31,2 [76]
Guzmania scherzeriana III moist C31,2 [76]
Guzmania sprucei III moist C31,2 [76]
Guzmania subcorymbosa III moist C31,2 [76]
Guzmania wittmackii III moist C33 [68]
Hechtia glabra I dry CAM3 [68, 86]
Hechtia glomerata I dry CAM3 [68, 86]
Hechtia guatemalensis I dry CAM3 [68, 86]
Hechtia lindmanioides I dry CAM3 [68, 86]
Lymania alvimii III moist CAM3 [68]
Mezobromelia pleiosticha III moist? C33 [68]
Navia igneosicola I moist C33 [68, 86]
Navia phelpsiae I moist C33 [68]
Neoregelia eltoniana III dry CAM3 [82]
Neoregelia pineliana III moist CAM3 [68]
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Neoregelia spectabilis III moist CAM2 [50]
Nidularium bilbergioides III moist CAM2 [50]
Orthophytum vagans I moist CAM2 [50]
Pepinia beachiae I - C33 [68, 86]
Pitcairnia arcuata I moist C31,2 [76]
Pitcairnia burle-marxii I moist C33 [68]
Pitcairnia carinata I moist C33? [68]
Pitcairnia corallina I moist C33 [86]
Pitcairnia heterophylla I moist C33 [68, 86]
Pitcairnia hirtzii I moist C33 [68]
Pitcairnia orchidifolia I moist C33 [68,86]
Pitcairnia paniculata I moist C32 [50]
Pitcairnia poortmanii I moist C33 [68]
Pitcairnia recurvata I moist C33 [68, 86]
Pitcairnia rubronigriflora I - C33 [68, 86]
Pitcairnia squarrosa I moist C33 [68, 86]
Pitcairnia smithiorum I moist C33 [86]
Pitcairnia sprucei I moist C33 [86]
Pitcairnia valerii I moist C31,2 [76]
Pitcairnia wendlandii I moist C33 [68]
Portea petropolitana I moist CAM2 [50]
Puya aequatorialis I dry C3/CAM3 [68, 86]
Puya floccosa I dry C3/CAM2,3 [92]
Puya humilis I dry C3/CAM3 [68, 86]
Puya laxa I dry C3/CAM3 [68, 86]
Puya werdermannii I dry C3/CAM3 [86]
Racinaea fraseri III moist C33 [68]
Racinaea spiculosa III moist C31,2 [76]
Ronnbergia explodens I moist C31,2 [76]
Tillandsia anceps III moist C31,2 [76]
Tillandsia balbisiana IV moist CAM1,2 [93]
Tillandsia bulbosa IV moist CAM1,2,3 [76]
Tillandsia circinnata IV moist CAM1,2 [93]
Tillandsia dodsonii III moist C33 [68]
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Fosterella schidosperma I dry CAM2 [50]
Fosterella elata I moist C33 [68, 86]
Fosterella penduliflora I moist C33 [68, 86]
Fosterella petiolata I moist? C33 [68, 86]
Guzmania calamifolia I moist C31,2 [76]
Guzmania circinnata III moist C31,2 [76]
Guzmania coriostachya III moist C31,2 [76]
Guzmania desautelsii III moist C31,2 [76]
Guzmania filiorum III moist C31,2 [76]
Guzmania glomerata III moist C31,2 [76]
Guzmania lingulata III moist C31,2,3 [76, 89]
Guzmania macropoda III moist C31,2 [76]
Guzmania monostachia III moist C3/CAM1,2,3 [68,89-90]
Guzmania mucronata III moist C32 [83]
Guzmania musaica III moist C31,2 [76]
Guzmania scherzeriana III moist C31,2 [76]
Guzmania sprucei III moist C31,2 [76]
Guzmania subcorymbosa III moist C31,2 [76]
Guzmania wittmackii III moist C33 [68]
Hechtia glabra I dry CAM3 [68, 86]
Hechtia glomerata I dry CAM3 [68, 86]
Hechtia guatemalensis I dry CAM3 [68, 86]
Hechtia lindmanioides I dry CAM3 [68, 86]
Lymania alvimii III moist CAM3 [68]
Mezobromelia pleiosticha III moist? C33 [68]
Navia igneosicola I moist C33 [68, 86]
Navia phelpsiae I moist C33 [68]
Neoregelia eltoniana III dry CAM3 [82]
Neoregelia pineliana III moist CAM3 [68]
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Neoregelia spectabilis III moist CAM2 [50]
Nidularium bilbergioides III moist CAM2 [50]
Orthophytum vagans I moist CAM2 [50]
Pepinia beachiae I - C33 [68, 86]
Pitcairnia arcuata I moist C31,2 [76]
Pitcairnia burle-marxii I moist C33 [68]
Pitcairnia carinata I moist C33? [68]
Pitcairnia corallina I moist C33 [86]
Pitcairnia heterophylla I moist C33 [68, 86]
Pitcairnia hirtzii I moist C33 [68]
Pitcairnia orchidifolia I moist C33 [68,86]
Pitcairnia paniculata I moist C32 [50]
Pitcairnia poortmanii I moist C33 [68]
Pitcairnia recurvata I moist C33 [68, 86]
Pitcairnia rubronigriflora I - C33 [68, 86]
Pitcairnia squarrosa I moist C33 [68, 86]
Pitcairnia smithiorum I moist C33 [86]
Pitcairnia sprucei I moist C33 [86]
Pitcairnia valerii I moist C31,2 [76]
Pitcairnia wendlandii I moist C33 [68]
Portea petropolitana I moist CAM2 [50]
Puya aequatorialis I dry C3/CAM3 [68, 86]
Puya floccosa I dry C3/CAM2,3 [92]
Puya humilis I dry C3/CAM3 [68, 86]
Puya laxa I dry C3/CAM3 [68, 86]
Puya werdermannii I dry C3/CAM3 [86]
Racinaea fraseri III moist C33 [68]
Racinaea spiculosa III moist C31,2 [76]
Ronnbergia explodens I moist C31,2 [76]
Tillandsia anceps III moist C31,2 [76]
Tillandsia balbisiana IV moist CAM1,2 [93]
Tillandsia bulbosa IV moist CAM1,2,3 [76]
Tillandsia circinnata IV moist CAM1,2 [93]
Tillandsia dodsonii III moist C33 [68]
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Tillandsia fasciculata III moist CAM1,2 [93]
Tillandsia fendleri III moist C32 [83]
Tillandsia flexuosa III dry CAM2 [83]
Tillandsia gardneri IV dry CAM3 [82]
Tillandsia ionantha IV moist CAM1,2 [94]
Tillandsia monadelpha III moist C31,2 [76]
Tillandsia pohliana IV moist CAM1,2 [91]
Tillandsia recurvata IV moist CAM1,2 [93]
Tillandsia schiedeana IV moist CAM1,2 [93, 95]
Tillandsia setacea IV moist CAM1,2 [93]
Tillandsia stricta IV dry CAM3 [82]
Tillandsia tricolor IV moist CAM2 [50]
Tillandsia usneoides IV moist CAM1,2,3 [82, 93, 96]
Tillandsia utriculata III moist CAM1,2 [93, 97]
Tillandsia valenzuelana III moist CAM1,2 [93]
Vriesea carinata III moist C32 [50]
Vriesea espinosae III? moist? CAM3 [68]
Vriesea espinosae III? moist? CAM3 [68]
Vriesea monstrum III moist C31,2 [76]
Vriesea procera III dry C33 [82]
Vriesea sucrei III dry CAM3 [82]
Werauhia viridifolia III moist C33 [68]
Werauhia capitata III moist C31,2 [76]
Werauhia greenbergii III moist C31,2 [76]
Werauhia hygrometrica III moist C31,2 [76]
Werauhia jenii III moist C31,2 [76]
Werauhia kupperiana III moist C31,2 [76]
Werauhia lutheri III moist C31,2 [76]
Werauhia milennia III moist C31,2 [76]
Werauhia panamensis III moist C31,2 [76]
Werauhia vittata III moist C31,2 [76]
Table 1. Habitat (moist or dry), type classification (according to Pittendrigh [81]) and photosynthetic pathway of 129
bromeliad species. Photosynthetic pathways were defined by 1 Gas exchange, 2 Biochemical parameters, and 3 δ13C
values.
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4.2. Type II Bromeliads
The leaves of Type II bromeliads are disposed in such a way that their bases overlap, forming
a space where water and nutrients can accumulate, called "tank". The absorption of the contents
inside the tank can be performed in some cases by a root system that grows through the
overlapping rosette leaves (called tank-roots) or even directly by the leaves, through epidermal
structures called absorbing trichomes [78]. In this group, however, absorption of water and
nutrients is still mostly performed by the roots. Some studies regarding CAM have been
performed in this type of bromeliad. For instance, in Bromelia humilis, Medina and cols. [87]
found differences in nocturnal CO2 fixation and acid accumulation that increased in the wet
season and with irrigation. Similar results were reported by Lee and cols. [98], indicating that
in this possibly constitutive CAM plant, a more favorable condition would lead to higher
stomatal conductance during the night, thereby increasing acid accumulation and plant
growth. Partially confirming this, Fetene and cols. [88] showed more nocturnal CO2 fixation
by Bromelia humilis in the presence of nitrogen and higher irradiance. On the other hand, it was
also demonstrated that another species, Puya floccosa, is capable of increasing nocturnal acid
accumulation in response to drought and/or other unfavorable microclimatic cues [92].
Working with Achmea magdalenae, Bromelia plumieri and Ananas comosus, Skillman and cols. [84]
showed that these plants performed well in a shaded understory, presenting higher photo‐
synthetic capacity when compared to C3 plants growing in the same conditions. The growth
rate, however, was inferior, when the same comparison was made, possibly because of
differences in the partitioning of carbohydrates produced. Also in this work, it was noted that
CAM plants grew more during the dry season, different from the C3 plants, which grew more
in the wet season. Therefore, CAM seems to be advantageous over C3 photosynthesis in
conditions with water shortage. This can be easily observed in facultative CAM species, in
which CAM is often induced by drought.
Recent studies on Ananas comosus provided some insight into the signaling of CAM up-
regulation in the Bromeliaceae [99]. Although considered a constitutive CAM species, this
work indicated that A. comosus is capable of performing C3 photosynthesis when young plants
are grown under in vitro conditions. In this same study, by investigating the signaling events
controlling pineapple CAM expression in response to water deficit, the authors characterized
the existence of at least three signaling pathways: one inhibitory, mediated by cytokinins, and
two stimulatory, one dependent and one independent of ABA. Furthermore, both stimulatory
pathways converged on cytosolic calcium signaling, while the ABA-dependent pathway also
involved the free radical nitric oxide. Another intriguing observation was made on A. como‐
sus, along with other species, regarding the longitudinal distribution of metabolites along the
leaves. Popp and cols. [83] showed that in this species, along with six other bromeliads, the
nocturnal accumulation of acids and the amount of carbohydrates showed an increase from
the leaf base to the tip. This interesting longitudinal gradient along the leaves of bromeliads,
and possibly other rosette plants, will be addressed and further discussed later in this chapter.
Apparently, CAM occurs in Type I and Type II bromeliads (both terrestrial) when required by
the environment (e.g, dry or exposed habitats). Types III and IV, however, are epiphytic.
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Werauhia milennia III moist C31,2 [76]
Werauhia panamensis III moist C31,2 [76]
Werauhia vittata III moist C31,2 [76]
Table 1. Habitat (moist or dry), type classification (according to Pittendrigh [81]) and photosynthetic pathway of 129
bromeliad species. Photosynthetic pathways were defined by 1 Gas exchange, 2 Biochemical parameters, and 3 δ13C
values.
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4.2. Type II Bromeliads
The leaves of Type II bromeliads are disposed in such a way that their bases overlap, forming
a space where water and nutrients can accumulate, called "tank". The absorption of the contents
inside the tank can be performed in some cases by a root system that grows through the
overlapping rosette leaves (called tank-roots) or even directly by the leaves, through epidermal
structures called absorbing trichomes [78]. In this group, however, absorption of water and
nutrients is still mostly performed by the roots. Some studies regarding CAM have been
performed in this type of bromeliad. For instance, in Bromelia humilis, Medina and cols. [87]
found differences in nocturnal CO2 fixation and acid accumulation that increased in the wet
season and with irrigation. Similar results were reported by Lee and cols. [98], indicating that
in this possibly constitutive CAM plant, a more favorable condition would lead to higher
stomatal conductance during the night, thereby increasing acid accumulation and plant
growth. Partially confirming this, Fetene and cols. [88] showed more nocturnal CO2 fixation
by Bromelia humilis in the presence of nitrogen and higher irradiance. On the other hand, it was
also demonstrated that another species, Puya floccosa, is capable of increasing nocturnal acid
accumulation in response to drought and/or other unfavorable microclimatic cues [92].
Working with Achmea magdalenae, Bromelia plumieri and Ananas comosus, Skillman and cols. [84]
showed that these plants performed well in a shaded understory, presenting higher photo‐
synthetic capacity when compared to C3 plants growing in the same conditions. The growth
rate, however, was inferior, when the same comparison was made, possibly because of
differences in the partitioning of carbohydrates produced. Also in this work, it was noted that
CAM plants grew more during the dry season, different from the C3 plants, which grew more
in the wet season. Therefore, CAM seems to be advantageous over C3 photosynthesis in
conditions with water shortage. This can be easily observed in facultative CAM species, in
which CAM is often induced by drought.
Recent studies on Ananas comosus provided some insight into the signaling of CAM up-
regulation in the Bromeliaceae [99]. Although considered a constitutive CAM species, this
work indicated that A. comosus is capable of performing C3 photosynthesis when young plants
are grown under in vitro conditions. In this same study, by investigating the signaling events
controlling pineapple CAM expression in response to water deficit, the authors characterized
the existence of at least three signaling pathways: one inhibitory, mediated by cytokinins, and
two stimulatory, one dependent and one independent of ABA. Furthermore, both stimulatory
pathways converged on cytosolic calcium signaling, while the ABA-dependent pathway also
involved the free radical nitric oxide. Another intriguing observation was made on A. como‐
sus, along with other species, regarding the longitudinal distribution of metabolites along the
leaves. Popp and cols. [83] showed that in this species, along with six other bromeliads, the
nocturnal accumulation of acids and the amount of carbohydrates showed an increase from
the leaf base to the tip. This interesting longitudinal gradient along the leaves of bromeliads,
and possibly other rosette plants, will be addressed and further discussed later in this chapter.
Apparently, CAM occurs in Type I and Type II bromeliads (both terrestrial) when required by
the environment (e.g, dry or exposed habitats). Types III and IV, however, are epiphytic.
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4.3. Type III Bromeliads
Epiphytes notably enrich the tropical forest ecosystems by providing new niches for a great
number of organisms [100, 101] but are subjected to several environmental limitations. For
example, nutrients and water are only available sporadically or seasonally through rainfall
[102]. Therefore, epiphytes may face water shortage even if living in a moist environment like
tropical forests.
One of the main characteristics of Type III bromeliads is the presence of the tank. In these
plants, the acquisition of water and nutrients comes mainly from the solution impounded there
[78]. These species present a large number of absorptive trichomes on the base of the leaves,
which allow them to directly absorb water and nutrients from the tank [78]. Their roots play
a minor role in nutrition, being more restricted to mechanical support [103]. In the epiphytic
habitat the tank is a very important structure, which allows the accumulation of water and/or
nutrients during drier periods. Therefore, Type III bromeliads have a reservoir of water even
when rain is absent. Another remarkable feature of epiphytic tank bromeliads is their inter‐
action with other organisms. The rosette conformation provides different compartments with
distinct ecological conditions, serving as favorable habitats for a wide variety of organisms
that, besides shelter, also need a supply of water to conclude their life cycles [104]. In addition,
the organisms living in the tank may provide important nutrients to the plant [101, 105].
Among Type III epiphytes it is possible to find C3 and CAM photosynthesis (Table 1). In fact,
some Type III bromeliads have been intensively studied in terms of photosynthetic plasticity.
For instance, Aechmea ‘Maya’, which is a cross between A. fasciata and A. tessmanii, expresses
CAM photosynthesis and has been used as a model for analyzing the impacts of several
environmental factors (e.g., light, nutrition, CO2 availability) on the CAM behavior and
carbohydrate partitioning [106-108]. Interestingly, when maintained under elevated concen‐
trations of CO2, this species increased the CO2 uptake during Phases II and IV, but the nocturnal
uptake of CO2 remained similar to control conditions [106]. The extra CO2 absorbed in those
phases was used for the synthesis of hexoses that were not exported from the leaves. A later
work on the same species showed that when these plants were transferred to low luminosity
conditions, CAM was strongly dampened in the short term [107]. In fact, there is an acidifica‐
tion of the cytosol, which seems to be the result of an incapacity of the cells to degrade the
malic acid formed during the previous night. The acid concentrations remained high for at
least the first two days, resulting in serious damage to the cells. Also, CO2 assimilation ceased
and remained null at least until the sixth day of treatment. In the long term, the plant recovered
a small part of the capacity to assimilate CO2, when compared to the levels observed for control
plants [107]. Accordingly, this species had a similar response when the four seasons were taken
into account, with a higher level of carbon assimilation in more illuminated seasons (summer
and spring) than in darker ones (winter and autumn - [108]).
Another Type III species that is receiving more and more attention in CAM studies is Guzmania
monostachia. Maxwell and cols. [109] noted that plants of this species accumulated less acid
when the photosynthetic active radiation decreased due to the season of the year or shading.
Later, Maxwell and cols. [110] verified that high light and drought had a positive effect on
CAM expression in this species, along with a powerful photoprotective mechanism, which
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could explain how G. monostachia couples with changing light and water supply in its envi‐
ronment. In fact, it was further described that when exposed to full sunlight, this species
increases its accumulation of acids along with its photoprotective mechanisms within five days
of the start of the dry season [111]. More recently, Freschi and cols. [90] studied the up-
regulation of CAM in response to drought in G. monostachia. The authors found that the plants
presented CAM-idling after seven days of drought. Another interesting feature brought forth
by these authors is the differences in CAM expression along the length of the leaves, relating
them to those observed in other bromeliads by Popp and cols. [83]. In the case of G. monosta‐
chia, there was an up-regulation of PEPC activity, followed by an increase in nocturnal acid
accumulation only in the apical portion of the leaves. This observation agrees with other data
regarding Type III bromeliads, showing that there is a division of functions along the leaf
length (Figure 5). This is easily understandable, since the leaves of these species must perform
both absorption of water/nutrients and photosynthesis. The base of the leaf, which receives
less light and is in direct contact with tank contents, may be more specialized in absorption,
while the apex, which intercepts more light, may be specialized in photosynthesis.
Figure 5. Comparative characteristics between apex and base of Type III bromeliad leaves. Characteristics described in
the different leaf portions illustrate that they are more abundant in that region than the other.
However, some differences in gas exchange along the leaf were also observed, even if to a
lesser extent, in other species that do not form the tank, like the Type I bromeliad Ananas
comosus [112] and agaves such as Agave sisalana (James Hartwell, personal communication).
This leads to the possibility that other factors besides functional specialization may be at
work. In fact, both agaves and bromeliads have a similar structure: they are monocarpic
monocots with the leaves disposed in a rosette (Figure 6). Therefore, these plants have a
structure that always places younger leaves inside the rosette and at a greater angle than
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those of the periphery [83]. Thus, light interception changes with leaf age [112]. Each indi‐
vidual leaf also has an age gradient along its length, due to the action of an intercalary mer‐
istem present in the leaf bases. Consequently, the apices of the leaves are older than their
bases, and since CAM can be developmentally regulated, this would at least partially ac‐
count for this base-apex gradient pattern. If this is true, then, this phenomenon should be
found in all rosette monocots, regardless of whether they have a tank or not. It is probable,
however, that the presence of the tank enhances the differences observed in the basal and
apical portions of the leaf. The apparent occurrence of a base-apex CAM expression gradient
along the leaves of the other non-bromeliad rosette plants, such as agaves, is discussed later
in this chapter.
In Type III bromeliads, recycling of internal CO2 seems to be an important resistance mecha‐
nism which allows the plant to keep stomata closed for a longer time and, therefore, save more
water. In fact, Stiles and Martin [97] demonstrated that, when Tillandsia utriculata remained
without water for several days, the stomatal conductance diminished, causing an increase in
the proportion of refixed CO2. This extreme response to drought can be even more important
for Type IV bromeliads, which are presented next.
Figure 6. Monocot rosette plants. A. Agave sp. B. Dyckia sp. C. Aloe sp.
4.4. Type IV Bromeliads
Type IV bromeliads are the so-called atmospheric ones. In the absence of a tank, their leaves
are covered by absorbing trichomes, which allow the uptake of water and nutrients that are
suspended in the atmosphere or during rainfall [78]. The trichomes also seem to be useful in
reflecting light to avoid photoinhibition [113, 114]. Therefore, atmospheric bromeliads must
have a very efficient mechanism to capture water and nutrients as quickly as possible when
these resources are available [102]. These species also need ways to save the absorbed water.
In fact, all atmospheric Tillandsia species present CAM [68]. Martin and Adams III [95]
measured the 24h gas exchange pattern in the CAM plant Tillandsia schideana, using it to
estimate the amount of acid that should accumulate during the night, based on the amount of
CO2 fixed. When they measured nighttime acid accumulation, however, the values were much
higher than the estimate. The authors concluded that this excess in acidity originated from
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recycling of the respired CO2. Moreover, drought exposure caused a drop in CO2 assimilation,
and this difference between estimated and measured acidity values increased even more [95].
It is possible, then, that this species was on its way to CAM-idling as a resistance mechanism
to withstand the drought period.
By comparing nighttime atmospheric CO2 uptake and malate accumulation in 12 Tillandsia
species, Loeschen and cols. [93] verified that respiratory CO2 recycling significantly occurred
only in T. schideana. One possibility is that these were well-hydrated greenhouse plants, so the
rates of CO2 recycling would be low when compared to CO2 assimilated during night. In
another study, Nowak and Martin [94] analyzed the CAM responses of Tillandsia ionantha
under drought for 60 days. From the 30th day on, the CO2 uptake started to drop until the
60th day. When comparing it to the acid accumulation, the authors observed that in response
to drought the percentage of recycled CO2 increased. Based on these data, it seems that T.
ionthana was also on its way to a CAM-idling state in order to withstand drought. Later, Haslam
and cols. [96] demonstrated that increasing irradiance was also capable of enhancing CO2
recycling, along with water shortage in the atmospheric T. usneoides. A recent work with the
atmospheric T. pohliana found that this plant accumulates almost equimolar concentrations of
malate and citrate [91]. This is interesting because citrate accumulation does not result in a net
carbon gain [115]; therefore, this accumulation may serve other purposes. Freschi and cols. [91]
suggest that, since MDH is inhibited by OAA, in this species citrate formation would be a way
to avoid excessive OAA accumulation. Moreover, citrate formation generates NADH, which
could be consumed during the night by MDH and other enzymes. In fact, the same authors
found that nitrate reductase, a great consumer of NAD(P)H, is mainly active at night in this
species. Therefore, Type IV bromeliads are very good examples of plants that are capable of
performing distinct CAM modes.
In conclusion, CAM can be found in Type I  bromeliads when they inhabit  xeromorphic
areas, such as deserts, following a distribution similar to other plants, including other non-
bromeliad terrestrial monocot rosette plants (e.g., agaves, aloes). Type II would allow some
accumulation of  water,  but  since the contents  of  the tank are not  so well  absorbed and
they have access to soil water, they seem to follow a similar CAM expression pattern to
that found in Type I bromeliads. Among Types III and IV, the presence of a tank is perhaps
a major  difference that  permits  C3,  or  at  least  facultative CAM, in the epiphytic  habitat
since water accumulation and absorption through this structure is  possible.  Without the
tank, atmospheric bromeliads (Type IV) have to perform CAM or they will  not survive.
Therefore, the presence of the tank in some epiphytic bromeliads could be the reason why
a clear correlation between CAM and epiphytism was not found in Bromeliaceae, differ‐
ent from other families with epiphytic species [4, 68, 80].
5. CAM in Agavaceae
When compared with the relatively abundant literature about CAM photosynthesis in
bromeliads, much less is known about the photosynthetic biochemistry, regulation and
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those of the periphery [83]. Thus, light interception changes with leaf age [112]. Each indi‐
vidual leaf also has an age gradient along its length, due to the action of an intercalary mer‐
istem present in the leaf bases. Consequently, the apices of the leaves are older than their
bases, and since CAM can be developmentally regulated, this would at least partially ac‐
count for this base-apex gradient pattern. If this is true, then, this phenomenon should be
found in all rosette monocots, regardless of whether they have a tank or not. It is probable,
however, that the presence of the tank enhances the differences observed in the basal and
apical portions of the leaf. The apparent occurrence of a base-apex CAM expression gradient
along the leaves of the other non-bromeliad rosette plants, such as agaves, is discussed later
in this chapter.
In Type III bromeliads, recycling of internal CO2 seems to be an important resistance mecha‐
nism which allows the plant to keep stomata closed for a longer time and, therefore, save more
water. In fact, Stiles and Martin [97] demonstrated that, when Tillandsia utriculata remained
without water for several days, the stomatal conductance diminished, causing an increase in
the proportion of refixed CO2. This extreme response to drought can be even more important
for Type IV bromeliads, which are presented next.
Figure 6. Monocot rosette plants. A. Agave sp. B. Dyckia sp. C. Aloe sp.
4.4. Type IV Bromeliads
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suspended in the atmosphere or during rainfall [78]. The trichomes also seem to be useful in
reflecting light to avoid photoinhibition [113, 114]. Therefore, atmospheric bromeliads must
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higher than the estimate. The authors concluded that this excess in acidity originated from
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recycling of the respired CO2. Moreover, drought exposure caused a drop in CO2 assimilation,
and this difference between estimated and measured acidity values increased even more [95].
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to withstand the drought period.
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they have access to soil water, they seem to follow a similar CAM expression pattern to
that found in Type I bromeliads. Among Types III and IV, the presence of a tank is perhaps
a major  difference that  permits  C3,  or  at  least  facultative CAM, in the epiphytic  habitat
since water accumulation and absorption through this structure is  possible.  Without the
tank, atmospheric bromeliads (Type IV) have to perform CAM or they will  not survive.
Therefore, the presence of the tank in some epiphytic bromeliads could be the reason why
a clear correlation between CAM and epiphytism was not found in Bromeliaceae, differ‐
ent from other families with epiphytic species [4, 68, 80].
5. CAM in Agavaceae
When compared with the relatively abundant literature about CAM photosynthesis in
bromeliads, much less is known about the photosynthetic biochemistry, regulation and
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plasticity in Agavaceae. As many bromeliads, most Agavaceae representatives are terrestrial
monocarpic rosette plants, inhabiting predominantly arid and semiarid regions. Similar to
other xeric plants, many species of Agavaceae exhibit relatively low growth rates under both
natural and optimal environmental conditions. On the other hand, sometimes impressive rates
of biomass productivity can be found in Agave plants [116], which might be associated with
their wide range of anatomical and physiological adaptations to survive and thrive under
water-limited conditions. Among the physiological adaptations exhibited by Agavaceae
representatives, the capacity to express CAM photosynthesis naturally deserves to be high‐
lighted and, therefore, will be the main focus of this chapter section. The current and ancient
uses of agaves for food, beverages and diverse natural products have already been recently
covered by excellent reviews [116-118] and will not be emphasized in this chapter.
According to APG III in 2009 [77], Agavaceae belongs to the expanded family Asparagaceae,
and Agave is currently treated as one of the 18 genera of the subfamily Agavoideae [119]. The
genus Agave sensu stricto (166 species), which is divided into the two subgenera Littaea (53
species) and Agave (113 species), is principally monocarpic and covers the most succulent and
dry-adapted members of the family. Among other adaptations, large succulent rosettes, which
funnel water, and shallow root systems, which allow a rapid uptake of sudden precipitation,
are traits commonly found among Agave species. Diversification and speciation of Agave, the
largest genus of the family, were significantly elevated between 8-6 million years ago (late
Miocene and early Pliocene), coinciding with an increase in dry conditions in central Mexico
[120, 121], and then again between 3-2.5 million years ago (late Pliocene), coinciding with the
distribution of nectarivorous bats, the main pollinators of current Agave species. The diversi‐
fication of Agaves in North America during the phenomenon of reduced precipitation and
atmospheric CO2 availability in the late Miocene-Pliocene was simultaneous with the diver‐
sification of several other succulent plant lineages across the world, such as the ice plants in
south Africa [122].
In contrast to observations in the Bromeliaceae, virtually all Agavaceae genera are believed to
have at least some species capable of expressing CAM photosynthesis [123, 124]. Naturally, a
certain number of Agavaceae representatives, such as some Yucca species, have been clearly
demonstrated to be C3 plants [125, 126]. For succulent agaves, CAM seems to be a ubiquitous
trait, expressed many times in a quite rigid pattern with reduced gas exchange at Phases II and
IV. For instance, it is known that species such as Agave deserti, A. fourcroydes, A. tequilana, A.
angustifolia, A. lecheguilla, A. lurida, A. murpheyi, A. parryi, A. salmiana, A. scabra, A. schottii, A.
shawii, A. sisalana, A. utahensis, A. vilmoriniana, A. virginica and A. weberii typically perform
CAM photosynthesis under natural conditions [127-131]. Nevertheless, it was reported that
Agave deserti is clearly able to change from CAM to C3 photosynthesis when maintained under
well-watered laboratory conditions [132]. In fact, a complete switch from CAM to C3 diel gas
exchange pattern with almost all net CO2 uptake occurring during daytime and virtually no
day/night acid fluctuations was observed in A. deserti plants maintained under well-watered
greenhouse conditions, reinforcing the notion that a possible C3-CAM facultative behaviour
might occur in this particular agave [132]. Moreover, a certain level of photosynthetic plasticity
has even been described for young and adult plants of the CAM constitutive A. tequilana, which
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allows them to modulate the contribution of daytime (Phases II and III) and nighttime (Phase
I) carbon acquisition when facing different environmental conditions [133-134]. In fact,
although most CO2 uptake in A. tequilana takes place at night (Phase I) [133-135], the relative
contribution of daytime carbon gain (especially in Phase IV) can be modulated throughout the
year [134]. Curiously, in both adults and young individuals of this species, at least some Phase
IV CO2 acquisition can be maintained even during the driest months of the year, which is a
phenomenon not very commonly observed among other CAM plants growing under arid
conditions [133, 134].
In addition to optimizing carbon gain and growth, the occurrence of some daytime gas
exchange might also contribute as a transpiration cooling mechanism, which would signifi‐
cantly benefit these plants as long as enough water is available in the soil or inside their
succulent leaves and stems [136]. This daytime transpiration cooling system can help tropical
plants minimize excessive increases in leaf temperature and is logically not present when
stomatal opening is restricted to the night period (Phase I). Interestingly, in a recent study, it
was verified that the spike (young folded leaves in the centre of the rosette) of A. tequilana is
the most thermotolerant part of the plant, presenting the highest stomatal density and elevated
levels of HSPs (heat-shock proteins) [136]. Considering the fact that the central spike is the
youngest part of the agave, it seems plausible to suggest that these young tissues might exhibit
lower levels of CAM expression and perhaps higher daytime gas exchange, which would
inexorably lead to at least some transpiration cooling during the light period.
Whether young tissues of agaves present lower levels of CAM photosynthesis still remains to
be investigated, but some current observations seem to indicate a possible influence of tissue
age on CAM expression in these plants. For instance, as observed for rosette bromeliads [90],
some base-apex longitudinal gradient in CAM expression might also be present along the
leaves of Agave sisalana, in which CO2 uptake in the more basal and younger leaf portion
occurred almost exclusively during daytime, whereas a gas exchange pattern typical of CAM
photosynthesis was observed in the more mature leaf tip (J. Hartwell, personal communica‐
tion). In this study, conducted in detached leaves, all leaf portions received the same amount
of PAR incidence, ensuring that these changes in CO2 uptake pattern would not simply be a
result of distinct light availability along the leaf blade. Further suggesting some influence of
plant ontogeny on CAM photosynthesis in Agavaceae species, Olivares and Medina [112]
observed that nocturnal changes in titratable acidity were also dependent on leaf age in
Fourcroya humboldiana since this parameter increased with the distance from the leaf bases and
also from the younger to more mature leaves, reaching maximum values at the 7th leaf
(counting from the rosette centre). Moreover, it has also been demonstrated that late-afternoon
CO2 uptake (Phase IV) in A. deserti decreases as the seedlings age, being virtually absent in
adult plants of this species [137], which might indicate a transition to a CAM mode more strictly
dependent on nighttime (Phase I) CO2 uptake. As in other CAM plants, factors like leaf
arrangement, total daytime PAR, daytime/nighttime temperature and drought seems to
influence CO2 uptake in Agave plants [129, 135, 138]. For instance, it has been suggested that
Agave required more than 4 mol photons m-2 d-1 (93 μmol m-2 s-1 for 12-photoperiod) to fix
CO2 at night and, therefore, to accumulate organic acids [129]. In A. fourcroydes, nearly 90% of
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sification of several other succulent plant lineages across the world, such as the ice plants in
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In contrast to observations in the Bromeliaceae, virtually all Agavaceae genera are believed to
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certain number of Agavaceae representatives, such as some Yucca species, have been clearly
demonstrated to be C3 plants [125, 126]. For succulent agaves, CAM seems to be a ubiquitous
trait, expressed many times in a quite rigid pattern with reduced gas exchange at Phases II and
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shawii, A. sisalana, A. utahensis, A. vilmoriniana, A. virginica and A. weberii typically perform
CAM photosynthesis under natural conditions [127-131]. Nevertheless, it was reported that
Agave deserti is clearly able to change from CAM to C3 photosynthesis when maintained under
well-watered laboratory conditions [132]. In fact, a complete switch from CAM to C3 diel gas
exchange pattern with almost all net CO2 uptake occurring during daytime and virtually no
day/night acid fluctuations was observed in A. deserti plants maintained under well-watered
greenhouse conditions, reinforcing the notion that a possible C3-CAM facultative behaviour
might occur in this particular agave [132]. Moreover, a certain level of photosynthetic plasticity
has even been described for young and adult plants of the CAM constitutive A. tequilana, which
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although most CO2 uptake in A. tequilana takes place at night (Phase I) [133-135], the relative
contribution of daytime carbon gain (especially in Phase IV) can be modulated throughout the
year [134]. Curiously, in both adults and young individuals of this species, at least some Phase
IV CO2 acquisition can be maintained even during the driest months of the year, which is a
phenomenon not very commonly observed among other CAM plants growing under arid
conditions [133, 134].
In addition to optimizing carbon gain and growth, the occurrence of some daytime gas
exchange might also contribute as a transpiration cooling mechanism, which would signifi‐
cantly benefit these plants as long as enough water is available in the soil or inside their
succulent leaves and stems [136]. This daytime transpiration cooling system can help tropical
plants minimize excessive increases in leaf temperature and is logically not present when
stomatal opening is restricted to the night period (Phase I). Interestingly, in a recent study, it
was verified that the spike (young folded leaves in the centre of the rosette) of A. tequilana is
the most thermotolerant part of the plant, presenting the highest stomatal density and elevated
levels of HSPs (heat-shock proteins) [136]. Considering the fact that the central spike is the
youngest part of the agave, it seems plausible to suggest that these young tissues might exhibit
lower levels of CAM expression and perhaps higher daytime gas exchange, which would
inexorably lead to at least some transpiration cooling during the light period.
Whether young tissues of agaves present lower levels of CAM photosynthesis still remains to
be investigated, but some current observations seem to indicate a possible influence of tissue
age on CAM expression in these plants. For instance, as observed for rosette bromeliads [90],
some base-apex longitudinal gradient in CAM expression might also be present along the
leaves of Agave sisalana, in which CO2 uptake in the more basal and younger leaf portion
occurred almost exclusively during daytime, whereas a gas exchange pattern typical of CAM
photosynthesis was observed in the more mature leaf tip (J. Hartwell, personal communica‐
tion). In this study, conducted in detached leaves, all leaf portions received the same amount
of PAR incidence, ensuring that these changes in CO2 uptake pattern would not simply be a
result of distinct light availability along the leaf blade. Further suggesting some influence of
plant ontogeny on CAM photosynthesis in Agavaceae species, Olivares and Medina [112]
observed that nocturnal changes in titratable acidity were also dependent on leaf age in
Fourcroya humboldiana since this parameter increased with the distance from the leaf bases and
also from the younger to more mature leaves, reaching maximum values at the 7th leaf
(counting from the rosette centre). Moreover, it has also been demonstrated that late-afternoon
CO2 uptake (Phase IV) in A. deserti decreases as the seedlings age, being virtually absent in
adult plants of this species [137], which might indicate a transition to a CAM mode more strictly
dependent on nighttime (Phase I) CO2 uptake. As in other CAM plants, factors like leaf
arrangement, total daytime PAR, daytime/nighttime temperature and drought seems to
influence CO2 uptake in Agave plants [129, 135, 138]. For instance, it has been suggested that
Agave required more than 4 mol photons m-2 d-1 (93 μmol m-2 s-1 for 12-photoperiod) to fix
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PAR saturation of nocturnal CO2 uptake happened near a total daily PAR of 20 mol m-2 [138],
values comparable to other CAM plants. Also in this Agave species, studies have demonstrated
that when drought conditions were imposed, a higher fraction of daytime CO2 uptake was lost
compared to nighttime CO2 uptake [138]. In fact, adult A. fourcroydes plants exposed to 11 days
of drought exhibited a reduction of 99% in net daytime CO2 uptake and 76% in nighttime
CO2 uptake (Nobel, 1985b). In addition, it has been demonstrated that low leaf temperatures
at night are quite beneficial for nocturnal gas exchange and organic acid accumulation in
different Agave species [127, 135, 138]. Based on the lack of information about CAM in
Agavaceae, additional studies are required to determinate whether CAM photosynthesis in
Agave plants really depends on the plant and/or leaf ontogenetic stage and whether it can be
facultatively expressed in some species in response to environmental stimuli. Naturally, the
regulatory mechanisms controlling CAM expression in these plants remains even more
elusive.
As commonly observed in many other CAM xerophytes, leaf succulence is a widespread
feature of agaves. The internal water storage provided by a prominent leaf hydrenchyma might
be, at least in part, responsible for the relatively high biomass productivity observed in some
Agave species living in severely water-limited habitats. This prominent succulence would serve
to buffer abrupt and long-term changes in water availability, helping to maximize nocturnal
CO2 uptake and extend the duration of atmospheric CO2 acquisition beyond the night period
[134]. As in other plants displaying the “succulent syndrome”, the presence of CAM photo‐
synthesis and leaf succulence in agaves is also correlated to features that reduce water loss,
like thick cuticles, reduced stomatal size and/or frequency, and other water-conserving
characteristics. As a result, remarkably high water use efficiency (WUE) is usually observed
in Agave, allowing these plants to colonize dry heterogeneous environments, sometimes even
achieving elevated productivity values at these locations. Naturally, precise adjustments in
photosynthetic biochemistry are clearly needed to obtain the highest day- and nighttime
CO2 uptake possible with the usually scant and erratic water supply of arid and semi-arid
regions.
Studies have demonstrated that the prominent leaf succulence of several adult Agave species
is key for allowing the occurrence of substantial net CO2 uptake even when soil water content
reaches relatively low levels, reinforcing the importance of this internal water supply to ensure
high photosynthetic performance during the entire year [133]. Interestingly, though, young
plants of Agave tequilana, even while presenting lower succulence than adult individuals and,
therefore, comparatively lower internal water storage, were able to obtain carbon during day
and night under field conditions. These plants exhibited almost the same carbon gain of adult
individuals and maintained relatively high photosynthetic assimilation rates during both dry
and wet seasons [134]. Naturally, the continuous water movement from the medullar hydren‐
chyma to the marginal chlorenchyma during the dry season, when soil water availability can
decrease to critical values, might in fact be a critical factor for allowing the occurrence of
relatively high levels of CO2 assimilation year-round, even in these young agave plants [134].
Under the severely dry conditions normally faced by many agaves, internal water storage
tissues such as hydrenchyma are obviously much more appropriate than an external water
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reservoir such as the tank of certain bromeliads. Besides the scarce and sporadic rain events,
the air humidity of arid and semi-arid regions would inexorably lead to a fast evaporation of
any external water reservoir, whereas internal water storage would last much longer by
benefiting from additional morphological, anatomical and physiological adaptations, such as
thick cuticles, highly regulated stomata control, accumulation of osmotically active com‐
pounds in the water storage tissues, among others.
In this sense, another typical feature of Agavaceae species is the production of fructans, which
are polymers of β-fructofuranosyl residues synthesized from sucrose and accumulated in the
vacuoles of succulent parenchymatic cells of leaves and stems. Fructans are believed to
contribute in several ways to plant metabolism and development, including osmoregulation,
cryoprotection, and drought tolerance [139-141], and in mature agave plants fructans become
an energy source for flowering. In general, the type and structure of fructans can be indicative
of the species, within the limits of effects triggered by the environment and growing stage of
the plant [116, 142]. Being water soluble and, therefore, osmotically active, fructans can
influence the osmotic potential of parenchymatic cells. This osmotic impact of fructans might
depend, among other factors, on their degree of polymerization and relative concentration
inside the vacuoles of each cell. Since fructans are not as highly polymerized as glucans (e.g.,
starch), their use as main storage carbohydrate might be of significance for determining the
osmotic pressure in agave cells [112]. Although some evidence suggests that fructans are not
broken down during the dark period to provide PEP as substrate for the nocturnal CO2 fixation
in agaves [143], other data indicate a possible use of these carbohydrates as the main source
of nighttime PEP production [112]. For instance, it has been observed that diel fluctuations in
sucrose could account for more than 83% of the carbon needed for nocturnal PEP regeneration
in Agave americana [143]. On the other hand, in Agave guadalajarana diel fluctuation in the leaf
starch, glucose, fructose and sucrose could not account for the carbon required for nighttime
PEP production, and a possible use of alternative extrachloroplastic carbohydrates (such as
fructans) for PEP generation has been suggested [144]. This suggestion is in agreement with
the relatively low content of starch normally observed in Agave tissues and with the inverse
relationship between fructans and malic acid observed in some Agavaceae species such as
Fourcroya humboldiana [112]. In fact, the leaf levels of soluble fructans (including sucrose and
fructose) in F. humboldiana clearly decreased during the night coinciding with the period of
malic acid accumulation. The amount of carbon involved in these reciprocating fluxes
indicated that fructans apparently represent the exclusive source of PEP for dark CO2 fixation
in this Agavaceae species [112]. Diel changes in the degree of polymerization of F. humboldi‐
ana fructans were also observed, which might be associated with the hydrolysis of fructose
molecules from the fructans during the night for PEP regeneration and a reverse process during
the day when CO2 from malate would be incorporated into new fructose units of the pre-
existing fructan molecules [112].
In summary, the impacts of environment and development on CAM expression capacity and
carbohydrate metabolism in Agave species are still poorly understood. This extensive lack of
knowledge regarding the relevant traits that account for the capacity of these plants to
productively grow under arid and semiarid conditions contrasts diametrically with the
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Agave plants really depends on the plant and/or leaf ontogenetic stage and whether it can be
facultatively expressed in some species in response to environmental stimuli. Naturally, the
regulatory mechanisms controlling CAM expression in these plants remains even more
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characteristics. As a result, remarkably high water use efficiency (WUE) is usually observed
in Agave, allowing these plants to colonize dry heterogeneous environments, sometimes even
achieving elevated productivity values at these locations. Naturally, precise adjustments in
photosynthetic biochemistry are clearly needed to obtain the highest day- and nighttime
CO2 uptake possible with the usually scant and erratic water supply of arid and semi-arid
regions.
Studies have demonstrated that the prominent leaf succulence of several adult Agave species
is key for allowing the occurrence of substantial net CO2 uptake even when soil water content
reaches relatively low levels, reinforcing the importance of this internal water supply to ensure
high photosynthetic performance during the entire year [133]. Interestingly, though, young
plants of Agave tequilana, even while presenting lower succulence than adult individuals and,
therefore, comparatively lower internal water storage, were able to obtain carbon during day
and night under field conditions. These plants exhibited almost the same carbon gain of adult
individuals and maintained relatively high photosynthetic assimilation rates during both dry
and wet seasons [134]. Naturally, the continuous water movement from the medullar hydren‐
chyma to the marginal chlorenchyma during the dry season, when soil water availability can
decrease to critical values, might in fact be a critical factor for allowing the occurrence of
relatively high levels of CO2 assimilation year-round, even in these young agave plants [134].
Under the severely dry conditions normally faced by many agaves, internal water storage
tissues such as hydrenchyma are obviously much more appropriate than an external water
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of the species, within the limits of effects triggered by the environment and growing stage of
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depend, among other factors, on their degree of polymerization and relative concentration
inside the vacuoles of each cell. Since fructans are not as highly polymerized as glucans (e.g.,
starch), their use as main storage carbohydrate might be of significance for determining the
osmotic pressure in agave cells [112]. Although some evidence suggests that fructans are not
broken down during the dark period to provide PEP as substrate for the nocturnal CO2 fixation
in agaves [143], other data indicate a possible use of these carbohydrates as the main source
of nighttime PEP production [112]. For instance, it has been observed that diel fluctuations in
sucrose could account for more than 83% of the carbon needed for nocturnal PEP regeneration
in Agave americana [143]. On the other hand, in Agave guadalajarana diel fluctuation in the leaf
starch, glucose, fructose and sucrose could not account for the carbon required for nighttime
PEP production, and a possible use of alternative extrachloroplastic carbohydrates (such as
fructans) for PEP generation has been suggested [144]. This suggestion is in agreement with
the relatively low content of starch normally observed in Agave tissues and with the inverse
relationship between fructans and malic acid observed in some Agavaceae species such as
Fourcroya humboldiana [112]. In fact, the leaf levels of soluble fructans (including sucrose and
fructose) in F. humboldiana clearly decreased during the night coinciding with the period of
malic acid accumulation. The amount of carbon involved in these reciprocating fluxes
indicated that fructans apparently represent the exclusive source of PEP for dark CO2 fixation
in this Agavaceae species [112]. Diel changes in the degree of polymerization of F. humboldi‐
ana fructans were also observed, which might be associated with the hydrolysis of fructose
molecules from the fructans during the night for PEP regeneration and a reverse process during
the day when CO2 from malate would be incorporated into new fructose units of the pre-
existing fructan molecules [112].
In summary, the impacts of environment and development on CAM expression capacity and
carbohydrate metabolism in Agave species are still poorly understood. This extensive lack of
knowledge regarding the relevant traits that account for the capacity of these plants to
productively grow under arid and semiarid conditions contrasts diametrically with the
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enormous economical potential that some Agave species possess for biomass and renewable
material production in marginal lands. This situation might possibly change in a near future,
especially considering the increasing interest in using these and other CAM species as
alternative crops in a context of global climate change and increased desertification.
6. Bromeliads and agaves CAM plants in a climate change and
desertification context
Climate change involves elevated CO2 concentrations, increasing temperatures and/or changes
in precipitation patterns. Therefore, the perspective of climate changes around the planet has
stimulated extensive research into assessing the impacts of elevated CO2, elevated temperature
and drought on different vegetation types. The atmospheric CO2 concentration has been
increasing rapidly during the last century, now reaching about 390 ppm. Promoted by
deforestation, land-use, and the burning of fossil fuels, CO2 is predicted to double by the
middle of this century. Besides being an important change in the environmental conditions in
and of itself, this progressive increase in atmospheric CO2 concentration might indirectly
impact climate by leading to increases in global temperature and perturbations in precipitation
patterns.
The effects of elevated atmospheric CO2 on carbon gain, plant growth and physiological
performance depends on the CO2 assimilation pathway, the exposure duration and the
environmental conditions, among other factors [106]. For instance, growth under CO2
enrichment might impact the relative contribution of C3 and C4 carboxylation pathways to net
carbon gain, which could affect WUE over the day/night cycle and carbohydrate fractioning
for growth and export [106]. As CAM plants use Rubisco and PEPC to take up CO2, different
conclusions have been reached. For instance, it has been proposed that PEPC in CAM plants
might be saturated at the current atmospheric CO2 concentration [145, 146]. However,
divergent results about the influence of elevated CO2 in CAM plants have been reported during
the last decades [147-153], demonstrating that the enrichment of CO2 into the atmosphere can
trigger complex responses in CAM plants. For example, elevated CO2 had no effect on diel
CO2 uptake by Kalanchoë daigremontiana [147] nor on nighttime CO2 uptake in Clusia uvitana
and Portulacaria afra [154, 155], whereas in several other CAM species more significant impacts
of elevated CO2 on the daytime, nighttime and/or diel carbon acquisition have been reported
[148, 150, 151, 153]. Changes in morphology, anatomy and biochemistry driven by modifica‐
tions in atmospheric CO2 concentration have also been observed in some CAM plants,
commonly associated with concomitant alterations in their growth rates and biomass accu‐
mulation. Moreover, in plants maintained under elevated atmospheric CO2, some researchers
have observed instantaneous net CO2 uptake increasing over time, which suggests that the
response to high levels of CO2 in the atmosphere is maximized by physiological and morpho‐
logical changes, such as chlorenchyma thickening [149, 152, 156]. Since leaf succulence limits
diffusion of CO2 and optimizes the accumulation photosynthetic products, changes in this
morphological trait over time might contribute to hamper the acclimation of CAM plants under
elevated CO2 in the atmosphere.
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Among bromeliads,  perhaps the first  study with the goal  of  evaluating the influence of
elevated CO2 on CAM photosynthesis was carried out by Nowak and Martin [157] in the
atmospheric epiphyte Tillandsia ionantha.  In this study, the authors demonstrated for the
first  time  that  a  CAM  plant  could  respond  to  high  atmospheric  CO2  with  significant
increases in nocturnal malate accumulation, which would potentially lead to increases in
productivity. Subsequent studies conducted with pineapple (Ananas comosus) plants have
demonstrated that under elevated CO2  concentration, this species responds with increas‐
es in both morning and nighttime CO2 uptake [150, 151], associated with higher values of
WUE [151], productivity, root:shoot ratio and leaf thickness [149]. Interestingly, when the
pineapple plants were heavily irrigated, CAM activity and biomass response to elevated
CO2 were significantly reduced [151, 158].
The responses of bromeliads of the genus Aechmea have also been investigated under elevated
atmospheric CO2 concentrations [106, 158, 159]. Long-term exposure of Aechmea magdalenae to
double CO2 concentration (~ 700ppm) resulted in improved growth, although non-significant
increases in daytime and dark CO2 fixation were observed [158]. For Aechmea ‘Maya’ it was
evidenced that an atmosphere of 700 ppm CO2 promoted a 60% increase in carbon gain,
through promotion of diurnal C3 pathway and C4 carboxylation during Phases II and IV, where
WUE was equivalent to night periods [106]. Elevated CO2 promoted the accumulation of
hexose during Phase IV, stopping neither net daytime carbohydrates export nor the stimula‐
tion of dark carboxylation and nocturnal export [106]. These authors point out respiration as
the major carbohydrate sink in A. Maya and recognized discrete pools of carbohydrates for
CAM and for export. They observed a two-fold increase in water use efficiency under elevated
CO2, suggesting this as the major physiological advantage of CO2 enriched atmosphere, which
can be favourable for growth during drought stress events [106]. Curiously, studies conducted
on Aechmea plants with ornamental value, like Aechmea ‘Maya’ and Aechmea fasciata ‘Primera’,
showed different responses under elevated CO2 atmosphere [159]. For example, during 34
weeks of growth under CO2 enriched atmosphere, A. ‘Maya’ biomass and leaf micromorphol‐
ogy showed no significant changes, whereas elevated CO2 promoted a reduction of total leaf
area and thickness in A. fasciata ‘Primera’, which led to a reduction in fresh and dry biomass.
Curiously, during these changes driven by elevated CO2, some ornamental traits were lost in
A. fasciata ‘Primera’, especially due to the reduction in total chlorophyll and the changes in leaf
allometric length/width ratios, producing paleness and more compact plants [159].
Thus far, studies on the impacts of elevated CO2 on Agavaceae species have been mainly
conducted in the genus Agave and Yucca [126, 156, 160-162]. Agave deserti, A. salmiana and A.
vilmoriniana plants grown under elevated CO2 concentrations showed higher nighttime
and/or afternoon CO2 uptake [156, 160-162] as well as increased WUE and productivity [156].
In A. deserti, elevated CO2 treatment for 17 months resulted in longer and thicker leaves, thicker
chlorenchyma and increased root cell length [156]. Moreover, in A. deserti and A. salmiana, long-
term treatments with elevated CO2 resulted in decreases in total PEPC and Rubisco activity
associated with increases in Rubisco in vivo activation status [156, 160], which can be inter‐
preted as a strategy for maintaining photosynthetic performance since increases in the
activated vs. total ratio for Rubisco would compensate for decreases in total activity of this
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enormous economical potential that some Agave species possess for biomass and renewable
material production in marginal lands. This situation might possibly change in a near future,
especially considering the increasing interest in using these and other CAM species as
alternative crops in a context of global climate change and increased desertification.
6. Bromeliads and agaves CAM plants in a climate change and
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in precipitation patterns. Therefore, the perspective of climate changes around the planet has
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and drought on different vegetation types. The atmospheric CO2 concentration has been
increasing rapidly during the last century, now reaching about 390 ppm. Promoted by
deforestation, land-use, and the burning of fossil fuels, CO2 is predicted to double by the
middle of this century. Besides being an important change in the environmental conditions in
and of itself, this progressive increase in atmospheric CO2 concentration might indirectly
impact climate by leading to increases in global temperature and perturbations in precipitation
patterns.
The effects of elevated atmospheric CO2 on carbon gain, plant growth and physiological
performance depends on the CO2 assimilation pathway, the exposure duration and the
environmental conditions, among other factors [106]. For instance, growth under CO2
enrichment might impact the relative contribution of C3 and C4 carboxylation pathways to net
carbon gain, which could affect WUE over the day/night cycle and carbohydrate fractioning
for growth and export [106]. As CAM plants use Rubisco and PEPC to take up CO2, different
conclusions have been reached. For instance, it has been proposed that PEPC in CAM plants
might be saturated at the current atmospheric CO2 concentration [145, 146]. However,
divergent results about the influence of elevated CO2 in CAM plants have been reported during
the last decades [147-153], demonstrating that the enrichment of CO2 into the atmosphere can
trigger complex responses in CAM plants. For example, elevated CO2 had no effect on diel
CO2 uptake by Kalanchoë daigremontiana [147] nor on nighttime CO2 uptake in Clusia uvitana
and Portulacaria afra [154, 155], whereas in several other CAM species more significant impacts
of elevated CO2 on the daytime, nighttime and/or diel carbon acquisition have been reported
[148, 150, 151, 153]. Changes in morphology, anatomy and biochemistry driven by modifica‐
tions in atmospheric CO2 concentration have also been observed in some CAM plants,
commonly associated with concomitant alterations in their growth rates and biomass accu‐
mulation. Moreover, in plants maintained under elevated atmospheric CO2, some researchers
have observed instantaneous net CO2 uptake increasing over time, which suggests that the
response to high levels of CO2 in the atmosphere is maximized by physiological and morpho‐
logical changes, such as chlorenchyma thickening [149, 152, 156]. Since leaf succulence limits
diffusion of CO2 and optimizes the accumulation photosynthetic products, changes in this
morphological trait over time might contribute to hamper the acclimation of CAM plants under
elevated CO2 in the atmosphere.
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Among bromeliads,  perhaps the first  study with the goal  of  evaluating the influence of
elevated CO2 on CAM photosynthesis was carried out by Nowak and Martin [157] in the
atmospheric epiphyte Tillandsia ionantha.  In this study, the authors demonstrated for the
first  time  that  a  CAM  plant  could  respond  to  high  atmospheric  CO2  with  significant
increases in nocturnal malate accumulation, which would potentially lead to increases in
productivity. Subsequent studies conducted with pineapple (Ananas comosus) plants have
demonstrated that under elevated CO2  concentration, this species responds with increas‐
es in both morning and nighttime CO2 uptake [150, 151], associated with higher values of
WUE [151], productivity, root:shoot ratio and leaf thickness [149]. Interestingly, when the
pineapple plants were heavily irrigated, CAM activity and biomass response to elevated
CO2 were significantly reduced [151, 158].
The responses of bromeliads of the genus Aechmea have also been investigated under elevated
atmospheric CO2 concentrations [106, 158, 159]. Long-term exposure of Aechmea magdalenae to
double CO2 concentration (~ 700ppm) resulted in improved growth, although non-significant
increases in daytime and dark CO2 fixation were observed [158]. For Aechmea ‘Maya’ it was
evidenced that an atmosphere of 700 ppm CO2 promoted a 60% increase in carbon gain,
through promotion of diurnal C3 pathway and C4 carboxylation during Phases II and IV, where
WUE was equivalent to night periods [106]. Elevated CO2 promoted the accumulation of
hexose during Phase IV, stopping neither net daytime carbohydrates export nor the stimula‐
tion of dark carboxylation and nocturnal export [106]. These authors point out respiration as
the major carbohydrate sink in A. Maya and recognized discrete pools of carbohydrates for
CAM and for export. They observed a two-fold increase in water use efficiency under elevated
CO2, suggesting this as the major physiological advantage of CO2 enriched atmosphere, which
can be favourable for growth during drought stress events [106]. Curiously, studies conducted
on Aechmea plants with ornamental value, like Aechmea ‘Maya’ and Aechmea fasciata ‘Primera’,
showed different responses under elevated CO2 atmosphere [159]. For example, during 34
weeks of growth under CO2 enriched atmosphere, A. ‘Maya’ biomass and leaf micromorphol‐
ogy showed no significant changes, whereas elevated CO2 promoted a reduction of total leaf
area and thickness in A. fasciata ‘Primera’, which led to a reduction in fresh and dry biomass.
Curiously, during these changes driven by elevated CO2, some ornamental traits were lost in
A. fasciata ‘Primera’, especially due to the reduction in total chlorophyll and the changes in leaf
allometric length/width ratios, producing paleness and more compact plants [159].
Thus far, studies on the impacts of elevated CO2 on Agavaceae species have been mainly
conducted in the genus Agave and Yucca [126, 156, 160-162]. Agave deserti, A. salmiana and A.
vilmoriniana plants grown under elevated CO2 concentrations showed higher nighttime
and/or afternoon CO2 uptake [156, 160-162] as well as increased WUE and productivity [156].
In A. deserti, elevated CO2 treatment for 17 months resulted in longer and thicker leaves, thicker
chlorenchyma and increased root cell length [156]. Moreover, in A. deserti and A. salmiana, long-
term treatments with elevated CO2 resulted in decreases in total PEPC and Rubisco activity
associated with increases in Rubisco in vivo activation status [156, 160], which can be inter‐
preted as a strategy for maintaining photosynthetic performance since increases in the
activated vs. total ratio for Rubisco would compensate for decreases in total activity of this
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enzyme. Also in A. deserti and A. salmiana, increases of up to 30% in dry weight gain have been
reported after long-term treatments under elevated CO2 [161]. On the other hand, significant
differences in dry weight accumulation in A. vilmoriniana grown for 6 months under 350 or
675 ppm of CO2 were only observed when these plants received water just once a week, but
not when they were watered twice a week [163].
Taken together, these reports, sometimes presenting contrasting results, may reflect the
inherent plasticity of CAM in terms of optimizing carbon gain and WUE in a changing scenario
[106]. The impressive absence of acclimatization in CAM plants to elevated CO2 enrichment
can be perhaps correlated with the prominent succulence observed in many of these species,
which might proportionate a large space for accumulating photosynthates without feedback
inhibition [152]. Naturally, more research about carbohydrate partitioning in CAM species is
clearly needed for a better understanding of the lack of acclimatization of these plants under
elevated CO2. It is also important to keep in mind that all the conclusions currently available
about the impacts of high atmospheric CO2 on CAM photosynthesis are still based in relatively
few studies and species.
Since most predictions about the future global climate scenario describe intensification in
aridity, with possibly increased desertification around the world, the adaptive success of CAM
plants in these challenging environments might represent an important alternative for carbon
sequestration and use as crops for production of biofuels and other renewable materials in
regions not suitable for cultivation of agronomic species performing C3 and C4 photosynthesis
[11, 49]. The capacity of CAM plants to survive and productively grow in environments
subjected to frequent and/or long-lasting dry periods, especially due to their ability to improve
net CO2 assimilation and WUE by carefully adjusting the period for capturing CO2 during the
24-hour daily cycle, is certainly a feature that justifies even more intensive research on these
plants in both the short and long term. Considering the fact that some CAM agaves (e.g., Agave
salmiana, A. mapisaga, A. tequilana, A. americana, A. sisalana) and bromeliads (e.g., Ananas
comosus) can achieve productivity levels only slightly lower than those found in C3 and C4
species [164], these plants might represent special targets for studies aimed to optimize their
use both at the current and future global climate scenarios.
7. Conclusions
It has been hypothesized that the evolution of CAM in terrestrial and aquatic environment
was favored by decreasing atmospheric CO2 levels and CO2/O2 ratio during the Miocene. Thus,
atmospheric CO2 reductions, coupled with warm climates in subtropical latitudes, were the
most important driving forces in the evolution of CAM. Then, CAM photosynthesis may have
originated as a means of improving carbon economy. Phylogenetic reconstructions from
comparative physiology and taxonomy have shown that CAM appeared multiple times and
originated from a C3 ancestor since all enzymes related to CAM functions are also found in
C3 plants. These facts suggest that metabolic pathways related to CAM have arisen from co-
option processes.
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Remarkable differences between C3 and CAM metabolisms continue to intrigue many
researchers, and the importance of many of these differences on CAM functioning is still not
completely understood, for example, the importance of the contribution of C4-carboxylation
or C3-carboxylation in reproductive development of CAM plants; in addition, nowadays very
few explanations about the existence of different starch breakdown pathways in C3 and CAM
plants are currently available. It is possible that Glu-6-P exportation at night from the chloro‐
plast (phosphorolytic pathway) in CAM plants could be related with the allosteric activation
of PEPC, but this issue has not been directly studied yet.
Nowadays, it is possible to observe that Crassulacean acid metabolism is a remarkable
adaptation to environments with low abundance of water, showing a great plasticity in its
expression. This plasticity resulted in a classification of several types of CAM (e.g., CAM
cycling, CAM idling, etc.), and it is important to keep in mind that even constitutive CAM
plants do not appear to perform one of these types exclusively, instead transiting between
them in response to environmental or developmental conditions. C3-CAM plants show an even
greater plasticity, being capable of going from the C3 mode to CAM mode, also as a result of
developmental or environmental cues. Nevertheless, it is currently almost impossible to
establish clear differences between facultative CAM and constitutive CAM plants since it has
already been demonstrated that even some constitutive CAM plants, when juvenile, are
capable of switching from C3 to CAM and return to C3 mode, in a fully reversible way.
Therefore, due to the facultative component that exists in constitutive CAM, we propose that
facultative CAM species should be those capable of going from C3 to CAM and back even in
adulthood and not just during the juvenile stage. On the other hand, species capable of
irreversibly expressing CAM at some moment in their life cycle, regardless of whether CAM
expression is influenced by either environmental or developmental factors, should simply be
considered as CAM plants.
Bromeliaceae is a very important neotropical plant family with several CAM-performing
species. This family has a variety of life forms, which allows the individuals to cope with
different kinds of environments, from semi-arid to rainforests, terrestrial to epiphytic habitats.
As a water saving mechanism, CAM is undeniably linked to environments in which water is
limited for some reason, including semi-arid regions or the epiphytic niche. Thus, a higher
abundance of CAM plants is expected to be found in these niches. This is true for semi-arid
environments, yet in the epiphytic habitat this observation is controversial: CAM does not
seem to be linked with epiphytism in Bromeliaceae. The response to this apparent contradic‐
tion could depend on how each species minimizes the lack of water in the environment. For
example, the presence of the tank could provide water for the plant in a longer term, thereby
allowing tank bromeliads to be C3-CAM plants or even exclusively C3, when almost all
epiphytes without the tank could be CAM-performing species.
In tank bromeliads, another issue that draws attention is the division of functions inside a
single leaf. The basal portion of the leaf seems to be responsible mainly for absorption of water
and nutrients, while the actual photosynthetic activity is more restricted to the apex. This
difference of functions could be, at least in part, the result of an intercalary meristem, present
in monocot leaves. The activity of this meristem generates a gradient of juvenility along the
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enzyme. Also in A. deserti and A. salmiana, increases of up to 30% in dry weight gain have been
reported after long-term treatments under elevated CO2 [161]. On the other hand, significant
differences in dry weight accumulation in A. vilmoriniana grown for 6 months under 350 or
675 ppm of CO2 were only observed when these plants received water just once a week, but
not when they were watered twice a week [163].
Taken together, these reports, sometimes presenting contrasting results, may reflect the
inherent plasticity of CAM in terms of optimizing carbon gain and WUE in a changing scenario
[106]. The impressive absence of acclimatization in CAM plants to elevated CO2 enrichment
can be perhaps correlated with the prominent succulence observed in many of these species,
which might proportionate a large space for accumulating photosynthates without feedback
inhibition [152]. Naturally, more research about carbohydrate partitioning in CAM species is
clearly needed for a better understanding of the lack of acclimatization of these plants under
elevated CO2. It is also important to keep in mind that all the conclusions currently available
about the impacts of high atmospheric CO2 on CAM photosynthesis are still based in relatively
few studies and species.
Since most predictions about the future global climate scenario describe intensification in
aridity, with possibly increased desertification around the world, the adaptive success of CAM
plants in these challenging environments might represent an important alternative for carbon
sequestration and use as crops for production of biofuels and other renewable materials in
regions not suitable for cultivation of agronomic species performing C3 and C4 photosynthesis
[11, 49]. The capacity of CAM plants to survive and productively grow in environments
subjected to frequent and/or long-lasting dry periods, especially due to their ability to improve
net CO2 assimilation and WUE by carefully adjusting the period for capturing CO2 during the
24-hour daily cycle, is certainly a feature that justifies even more intensive research on these
plants in both the short and long term. Considering the fact that some CAM agaves (e.g., Agave
salmiana, A. mapisaga, A. tequilana, A. americana, A. sisalana) and bromeliads (e.g., Ananas
comosus) can achieve productivity levels only slightly lower than those found in C3 and C4
species [164], these plants might represent special targets for studies aimed to optimize their
use both at the current and future global climate scenarios.
7. Conclusions
It has been hypothesized that the evolution of CAM in terrestrial and aquatic environment
was favored by decreasing atmospheric CO2 levels and CO2/O2 ratio during the Miocene. Thus,
atmospheric CO2 reductions, coupled with warm climates in subtropical latitudes, were the
most important driving forces in the evolution of CAM. Then, CAM photosynthesis may have
originated as a means of improving carbon economy. Phylogenetic reconstructions from
comparative physiology and taxonomy have shown that CAM appeared multiple times and
originated from a C3 ancestor since all enzymes related to CAM functions are also found in
C3 plants. These facts suggest that metabolic pathways related to CAM have arisen from co-
option processes.
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Remarkable differences between C3 and CAM metabolisms continue to intrigue many
researchers, and the importance of many of these differences on CAM functioning is still not
completely understood, for example, the importance of the contribution of C4-carboxylation
or C3-carboxylation in reproductive development of CAM plants; in addition, nowadays very
few explanations about the existence of different starch breakdown pathways in C3 and CAM
plants are currently available. It is possible that Glu-6-P exportation at night from the chloro‐
plast (phosphorolytic pathway) in CAM plants could be related with the allosteric activation
of PEPC, but this issue has not been directly studied yet.
Nowadays, it is possible to observe that Crassulacean acid metabolism is a remarkable
adaptation to environments with low abundance of water, showing a great plasticity in its
expression. This plasticity resulted in a classification of several types of CAM (e.g., CAM
cycling, CAM idling, etc.), and it is important to keep in mind that even constitutive CAM
plants do not appear to perform one of these types exclusively, instead transiting between
them in response to environmental or developmental conditions. C3-CAM plants show an even
greater plasticity, being capable of going from the C3 mode to CAM mode, also as a result of
developmental or environmental cues. Nevertheless, it is currently almost impossible to
establish clear differences between facultative CAM and constitutive CAM plants since it has
already been demonstrated that even some constitutive CAM plants, when juvenile, are
capable of switching from C3 to CAM and return to C3 mode, in a fully reversible way.
Therefore, due to the facultative component that exists in constitutive CAM, we propose that
facultative CAM species should be those capable of going from C3 to CAM and back even in
adulthood and not just during the juvenile stage. On the other hand, species capable of
irreversibly expressing CAM at some moment in their life cycle, regardless of whether CAM
expression is influenced by either environmental or developmental factors, should simply be
considered as CAM plants.
Bromeliaceae is a very important neotropical plant family with several CAM-performing
species. This family has a variety of life forms, which allows the individuals to cope with
different kinds of environments, from semi-arid to rainforests, terrestrial to epiphytic habitats.
As a water saving mechanism, CAM is undeniably linked to environments in which water is
limited for some reason, including semi-arid regions or the epiphytic niche. Thus, a higher
abundance of CAM plants is expected to be found in these niches. This is true for semi-arid
environments, yet in the epiphytic habitat this observation is controversial: CAM does not
seem to be linked with epiphytism in Bromeliaceae. The response to this apparent contradic‐
tion could depend on how each species minimizes the lack of water in the environment. For
example, the presence of the tank could provide water for the plant in a longer term, thereby
allowing tank bromeliads to be C3-CAM plants or even exclusively C3, when almost all
epiphytes without the tank could be CAM-performing species.
In tank bromeliads, another issue that draws attention is the division of functions inside a
single leaf. The basal portion of the leaf seems to be responsible mainly for absorption of water
and nutrients, while the actual photosynthetic activity is more restricted to the apex. This
difference of functions could be, at least in part, the result of an intercalary meristem, present
in monocot leaves. The activity of this meristem generates a gradient of juvenility along the
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leaf, the apex being the oldest portion. This may be one of the reasons why other species with
an architecture similar to that of bromeliads (like agaves, for example) also show some
differences in photosynthetic behavior along their leaves.
Besides sharing similarities with bromeliads in terms of general architecture and photosyn‐
thetic activity along the leaves, Agavaceae species also seem to present some degree of
flexibility in CAM expression. For instance, the ability to switch from C3 to CAM metabolism
in response to environmental cues has already been suggested for at least one agave, A.
deserti, and more research is needed to clarify whether CAM expression in other species of
Agavaceae family would also be controlled by environmental cues and/or ontogenetic
program. On the other hand, while many bromeliads usually rely on external water reservoir
(i.e., tank) for coping with periods of water shortage, agaves normally display large internal
water storage (i.e., medular hydrenchyma) to survive during the harsh xeric conditions where
they usually inhabit. In addition, particular water soluble carbohydrates (i.e., fructans) are
usually stored in the medullar hydrenchyma of agaves, possibly helping these plants to
osmotically adjust the pressure in their cells under variable conditions of water supply.
Finally, the impacts of elevated CO2 on CAM bromeliads and agaves seems to be relatively
variable, possibly indicating that these plastic plants might display distinct strategies to adapt
their photosynthetic activity to changes in this environmental factor. The combinatory effects
of high CO2 and other environmental changes predicted for future global climate scenarios
(e.g., high temperatures, intensified aridity, etc.) on the physiology of these plants still need
to be better defined through more extensive studies involving a wider range of bromeliad and
agave species. The possible economical use of these and other CAM plants as alternative crops
in a future scenario of increased temperature and aridity is currently a topic of great interest
in the research community.
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leaf, the apex being the oldest portion. This may be one of the reasons why other species with
an architecture similar to that of bromeliads (like agaves, for example) also show some
differences in photosynthetic behavior along their leaves.
Besides sharing similarities with bromeliads in terms of general architecture and photosyn‐
thetic activity along the leaves, Agavaceae species also seem to present some degree of
flexibility in CAM expression. For instance, the ability to switch from C3 to CAM metabolism
in response to environmental cues has already been suggested for at least one agave, A.
deserti, and more research is needed to clarify whether CAM expression in other species of
Agavaceae family would also be controlled by environmental cues and/or ontogenetic
program. On the other hand, while many bromeliads usually rely on external water reservoir
(i.e., tank) for coping with periods of water shortage, agaves normally display large internal
water storage (i.e., medular hydrenchyma) to survive during the harsh xeric conditions where
they usually inhabit. In addition, particular water soluble carbohydrates (i.e., fructans) are
usually stored in the medullar hydrenchyma of agaves, possibly helping these plants to
osmotically adjust the pressure in their cells under variable conditions of water supply.
Finally, the impacts of elevated CO2 on CAM bromeliads and agaves seems to be relatively
variable, possibly indicating that these plastic plants might display distinct strategies to adapt
their photosynthetic activity to changes in this environmental factor. The combinatory effects
of high CO2 and other environmental changes predicted for future global climate scenarios
(e.g., high temperatures, intensified aridity, etc.) on the physiology of these plants still need
to be better defined through more extensive studies involving a wider range of bromeliad and
agave species. The possible economical use of these and other CAM plants as alternative crops
in a future scenario of increased temperature and aridity is currently a topic of great interest
in the research community.
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Primary productivity is the product of the light energy absorbed by plants and the efficiency
by which this energy is stored as a photosynthate. The quantum yield (ϕ) of photosynthesis is
defined (Eq. 1) as the molar ratio between oxygen released in photosynthesis (or carbon
assimilated) to photons absorbed in the process (Fig. 1) (Dubinsky, 1980; Dubinsky & Berman,
1976, 1979, 1981; Dubinsky et al., 1984). The quantum yield is, therefore, equal to the ratio of
photosynthetically stored radiation (PSR) to the energy absorbed photosynthetically usable
radiation (PUR)[for definitions, see Morel (1978)].
ϕ=
moles oxygen evolved (CO2 absorbed)
moles light quanta absorbed =
PSR 
PUR (1)
To calculate ϕ, we need to know the fraction of incident light that is absorbed by phytoplankton
cells (Morel, 1978). This fraction is proportional to the product of the photosynthetic pigment
concentration and a* - the specific in vivo absorbance constant of pigments (Dubinsky, 1980,
1992; Kirk, 1994). For in situ studies, both the spectral absorbance of the cells and the intensity
and spectrum of ambient light are taken into account as the kc parameter (Dubinsky, 1992;
Dubinsky et al., 1986; Schanz et al., 1997) whose dimensions are m2 mg-1 chl. Thus, the absorbed
light is proportional to kc, the chlorophyll a concentration, and light intensity (E).
Early attempts to define and measure the quantum yield were published by several pioneers
in photosynthesis research. Some of the symbols for quantum yield used in the past and
references are listed in Table 1. The present review focuses on the measurement of the quantum
yields of photosynthesis in the aquatic domain.
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Source Symbol Value
Aruga and Ichimura, 1968 ε 0.0184
Taling, 1970 Ks 0.01-0.12
Megard, 1972 Ks 0.01-0.12
Bannister, 1974 Kc 0.016
Ganf, 1974 εs 0.012-0.016
Berman, 1976 εs 0.006
Jewson, 1976 εs 0.011
Bindloss, 1976 Ks 0.0086
Dubinsky and Berman, 1979 kc, from ηn 450 0.0121
Dubinsky and Berman, 1979 kc, from ηn 560 0.005
Dubinsky and Berman, 1979 kc, from ηn 650 0.0112
Dubinsky and Berman, 1979 kc, from ηn PhAR 0.0067
Table 1. Specific extinction coefficients of chlorophyll (in units* mg -1Chl*m-2) (Dubinsky & Berman, 1979)
1.2. Maximal quantum yield
In principle, ϕmax cannot exceed 0.125 since four electrons are required for the evolution of one
molecule of O2 from water. According to the "Z" diagram of photosynthesis (Emerson & Lewis,
1943), each electron is driven by two photons, each absorbed in PSII and PSI, resulting in a











Figure 1. Scheme of quantum yield, which is the ratio between the energy in photochemistry products to photons
absorbed from sunlight in the photosynthesis process, whereby the major initial loss is thermal dissipation (see chap‐
ter by Pinchasov, this volume), and minor ones are fluorescence emitted primarily by PSII and marginally by PSI.
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Figure 2. The "Z" scheme of photosynthesis, demonstrating the minimum requirement of 2 × 4 photons for the evolu‐
tion of one molecule of O2 and the concomitant assimilation of CO2.
In cases where the nitrogen source was nitrate, not ammonium, at least two more photons
were consumed to provide for its reduction to cell components, reaching ϕmax values <0.1. High
values, approaching the theoretical maxima, were observed only under low light. Under high
light, the rates of photon absorption by antennae exceed the rates of energy utilization in
photochemical processes. These rates were limited by the bottleneck of electrons shuttling
through the quinone pool from PSII to PSI. The excess energy had to be dissipated as heat
following absorption by photoprotective pigments, such as peridinin and astaxanthine, and
by means of the xanthophyll cycle. Table 2 lists some ϕmax values found in different regions.
In all studies, an increase in ϕmax values with depth from the surface to the deepest samples,
was observed. Morel (1978) estimated ϕmax values at the surface based on 14C incubation data
in the oligotrophic Sargasso Sea and the highly productive Mauritanian upwelling zone. In
the eutrophic, green Mauritanian data, ϕmax was considerably higher than in the Sargasso area,
as would be expected in a nutrient-replete environment, and reached 0.012. In the oligotrophic
Sargasso Sea, ϕmax was found to be only around 0.003, reflecting the oligotrophic conditions
in that region. Kishino et al. (1985), working in the Pacific, south of Japan, reported values of
0.004-0.01 at the surface and 0.01-0.026 at the 10-20 m level, where the peak of photosynthesis
was found. Values increased further up to 0.026-0.075 at the deep chlorophyll maximum
(DCM), at 70 m. During the annual Peridinium bloom in the monomictic, mesotrophic Lake
Kinneret (Israel), Dubinsky and Berman (1981) observed an increase from 0.025 at the surface
to 0.043 at 3 m, below the euphotic zone. During vernal stratification with nutrients in the
epilimnion (the nutrients were exhausted in that period), phytoplankton was dominated by
minute chlorophytes and ϕmax values were lower as expected: 0.0126 at the surface and a
maximum of 0.06 at 5-7 m.
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In the Gulf of Eilat, we found an increase in ϕmax values with depth for all profiles (Fig. 3).
However, it is noteworthy that the correlation coefficient between light and ϕ was only R2 =
0.7 for all profiles, whereas in summer it was 0.85 and in winter it reached 0.91. For the pooled
data, these differences indicate that additional factors besides light intensity do affect the
quantum yields of photosynthesis. The seasonal trend lines clearly point towards the effect of
nutrients. In summer, lack of nutrients does restrict photosynthetic efficiency, whereas in
winter, due to vertical mixing, no such effect is evident (Iluz et al., 2008).
The trends observed in quantum-yield values are in agreement with their oceanic distributions.
For instance, Prezelin et al. (1991) found ϕ ranging from0.01 to 0.06 in a transect 200 km south
of California. These differences were linked to different water masses and depths. Some of
these spatial changes were related to the taxonomic differences between phytoplankton
assemblages. For instance, diatom-dominated sites had ϕ twice as high as those consisting of
picoplankton at the DCM (Schofield et al., 1991). However, these represent complex differen‐
ces, not necessarily taxonomic per se. Diatoms thrive in nutrient-rich situations, whereas
picophytoplankton outcompete all larger eukaryotes in oligotrophic waters due to their higher
surface/volume ratios. Furthermore, the DCM is found at the very bottom, or even just below,
the euphotic depth at very low light, where higher ϕ values are always to be expected.
In their study on the Sargasso Sea, Cleveland et al. (1989) reported an inverse correlation
between ϕ values ranging from 0.033 to 0.102, and the distance from the nitrocline. These
results are in accord with those of Kolber et al. (1990) from the Gulf of Maine. In both cases,
Locality Depth ϕ Reference
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Table 2. Quantum yield (ϕ) values found in different regions
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the difference in quantum yields was explained by the flux of nitrogen from deep waters into
the euphotic zone. A diel pattern superimposed upon the spatial differences in φ, peaking in
the morning and declining in the afternoon (Kishino et al., 1985; Prezelin et al., 1987, 1991),
was also reported. Such an "afternoon nap" (Schanz & Dubinsky, 1988; Walsby et al., 2001) was
also seen by Tilzer (1984) in Lake Konstanz, where threefold diel changes in φ exceeded their
seasonal amplitude. Here, too, values decreased from morning to afternoon. In general, other
than in their universal bathymetric trend, quantum yields of photosynthesis [e.g., Cleveland
et al. (1989)] and the related fluorescence yields (Falkowski, 1991; Kolber et al., 1990)reveal the
overriding control of nutrients over oceanic primary productivity.
2. Methods based on measuring light absorption and photosynthesis rates
To calculate the quantum yield most ways, we need to measure the rate of photosynthe‐
sis (but see below the sections on photoacoustics and variable fluorescence) and light ab‐
sorption (Eq. 2).
Figure 3. Linear regression of the quantum yield vs. light intensity for all profiles down to 100 m depth, between
24.10.94 and 18.06.96 (n= 56).
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The denominator of that fraction, the absorbed light, was calculated as follows (Dubinsky &
Berman, 1981). From the vertical attenuation coefficient, the total light absorbed in the slice
was calculated as the difference between light entering the top of the layer and that at the
bottom. It was then partitioned into that absorbed by the phytoplankton and all other light-
absorbing substances in the water according to:
d w' c w' w g trK = k + k chl and k = k + k + k (2)
where Kd is the attenuation coefficient PAR [ln units m-1], kc[m2mg-1chl a] is the spectrally
averaged, in situ, specific extinction coefficient of chlorophyll a, and chl is chlorophyll a concen‐
tration [mg chl a m-3]. kw is attenuation coefficient due to water alone, kg is gilvin, and ktr is
tripton - all of these in ln units m-1.
Thus the absorbed light, given in mole quanta is:
(PARz1 - PARz2)kc* chl 
Kd
(3)
From these, using 14C tracer incubations (Steemann-Nielsen, 1952) in order to estimate the
enumerator of the quantum yield fraction, the authors were able to calculate the ratio of mole
carbon stored as photosynthate in a defined water volume to that of light quanta absorbed by
the phytoplankton in the same water volume and at the same time interval.
By dividing primary production rates for the same time interval and volume as the absorbed
light, we obtained the values of ϕ for all depths as molar ratios O2/quanta.
A part of the light impinging on a phototroph cell is absorbed according to the relation between
the absorbance spectrum of that cell’s pigment assortment and the spectral distribution of the
surrounding underwater light field. The fate of harvested light and the losses incurred until
the remainder is stored in a generalized algal cell, and until it becomes available as a substrate
for life-supporting respiration and building blocks for cell growth and multiplication, are
summarized in Figure 1.
Under low-light intensity, photosynthesis is proportional to photon flux. In the light-limited
range of the photosynthesis versus energy curve (P vs. E*), the quantum yield remains
maximal, ϕmax. This is equal to the ratio between α and kc, when α is defined as the initial slope





mole photons m-2s-1 =  ϕmaxkc (4)
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From here we can release ϕmax without knowing the amount of absorbed light at any given
depth (Dubinsky et al., 1986; Falkowski et al., 1990).
The maximum quantum yield (ϕmax) is measured when photosynthesis is light-limited, a
situation diagnosed by a linear relationship between photosynthesis and photosynthetic
photons, also incorrectly termed photon flux (flux already implies density!) density (PPFD).
Theoretically, ϕmax is 0.125, since 8 moles of photons are required for a mole of oxygen to evolve
from water according to the "Z" scheme of photosynthesis (Emerson & Arnold, 1932) in two
photoactivations per electron, and concomitantly reduce 1 mole of CO2 in the absence of
photorespiration. Because there is some cyclic photophosphorylation, ϕmax may be closer to
0.112 in most plants (Long et al., 1993). Furthermore, whenever the source of nitrogen is nitrate
rather than ammonia, ϕmax is further reduced due to the energy required for its reduction
2.2. Carbon
Primary production is usually measured in terms of the amount of biomass, carbon fixation,
or oxygen produced. Gross primary production (Pg) is the rate of photosynthesis, the total
amount of fixed energy (sunlight that has been transformed into the chemical energy of organic
materials, i.e., photosynthesis):
Pg = R+Pn (5)
where R is the energy that has been used by the autotrophs themselves in their respiration,
and Pn is the energy that was not consumed, and results in growth or food for grazers.
The most common method for measuring aquatic photosynthesis is based on 14C assimilation,
which is briefly summarized below. Samples for 14C productivity measurements -P(14C)- are
usually incubated in 60-ml polycarbonate bottles. Carbon uptake is measured with a modified
14C uptake technique (Steemann-Nielsen, 1952). A spike of approximately 8 mCi of [14C]
bicarbonate is added to each bottle. After incubation, the samples are filtered under light
vacuum (about 100 mm Hg) onto 25-mm 0.45-m filters (Millipore), rinsed with 15 ml of filtered
lake water, and briefly fumed in HCl vapor to eliminate any remaining traces of inorganic 14C.
Control samples poisoned by Lugol’s iodine at time zero were run with each experimental
series to compensate for nonbiological adsorption to filters. The total added 14C is also checked
for each sampling series by counting 0.1-ml portions directly from each of the incubated bottles.
Total radioactivity and the radioactivity in the particulate fraction retained on the filters are
determined by liquid scintillation with quench correction. From the ratio of 14C added to 12C
in the water, 14C assimilation rates are converted to photosynthesis rates, taking into account
the isotopic discrimination factor of 1.06.
2.3. Oxygen
Whenever quantum yields are based on oxygen evolution rates, there is an inherent difficulty
since measured changes in oxygen concentration are net rates (Eq. 6), where PG stands for gross
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photorespiration. Because there is some cyclic photophosphorylation, ϕmax may be closer to
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rather than ammonia, ϕmax is further reduced due to the energy required for its reduction
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or oxygen produced. Gross primary production (Pg) is the rate of photosynthesis, the total
amount of fixed energy (sunlight that has been transformed into the chemical energy of organic
materials, i.e., photosynthesis):
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where R is the energy that has been used by the autotrophs themselves in their respiration,
and Pn is the energy that was not consumed, and results in growth or food for grazers.
The most common method for measuring aquatic photosynthesis is based on 14C assimilation,
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photosynthesis, the parameter needed for the calculation of quantum yields, PN is the meas‐
ured, net photosynthesis rate, and R is respiration, usually measured in the dark. This assumes
that dark respiration is the same as in the light, which is likely to be an underestimate, resulting
in too low estimates of PG and, consequently, of the quantum yield.
Oxygen exchange by photosynthesis and respiration is the largest biogeochemical cycle in
aquatic systems, and the major biogeochemical cycle in the biosphere. In order to understand
this cycle, it is necessary to know the gross rates of the major processes involved in oxygen
production and uptake. The production of O2 is known to occur in a four-step process in
photosystem II, but O2 consumption in aquatic organisms takes place by several reactions.
These include ordinary respiration through the cytochrome oxidase pathway, respiration by
the alternative oxidase pathway, Mehler reaction, and photorespiration. The first two proc‐
esses take place in the light as well as under dark conditions, whereas the latter two occur only
under illumination. Although the presence of the above-mentioned mechanisms has been
established in different studies, their quantitative importance in the overall O2 uptake in
aquatic systems is not well known, and it is necessary to assess their role in natural environ‐
ments. In this respect, ordinary O2 incubation methods, which are very useful for the assess‐
ment of photosynthetic production from light- and dark-incubation experiments [e.g.,
Williams &Purdie (1991)], do not provide the necessary information.
Clark electrodes were used to measure the effect of intermittent light on photosynthetic oxygen
evolution and on dark respiration rates. The main parameters of photosynthesis will be derived
from the generated photosynthesis versus energy (P vs. E) curves (Fig. 4), including α, the
initial slope of light-limited photosynthesis, and φ, the quantum yield of that process. Ek (=Ik),
the irradiance level of incipient light saturation, the light saturated rate of photosynthesis,
Pmax, the light compensation point Ec (=Ic), and dark respiration R (Fisher et al., 1996), will also
be obtained. The enhanced post-illumination respiration (EPIR) rates will be determined
according to Falkowski et al. (1985) and Beardall et al. (1994). The Arnold and Emerson number
will be determined from the evolution of oxygen per short, saturating flash, as chlorophyll
molecules/O2 molecules evolved (Emerson & Arnold, 1932).
Ek=Ik, Ic=Ec.
2.3.1. Stable isotopes
The main drawback of the above methods is their inability to measure the rate of respiratory
O2 uptake in the light, and it is assumed that the rates of dark and light uptakes are equal. The
rates of gross production as well as light O2 uptake can be estimated in field incubation
experiments using H218O as a spike (e.g., (Bender et al., 1987, 1999; Luz & Barkan, 2000).
However, this method alone cannot help to characterize the type of the respiratory mechanisms
involved in aquatic O2 uptake.
The discrimination against 18O associated with the cytochrome oxidase pathway is 18‰ (Guy
et al., 1992), but with the cyanide-resistant alternative oxidase pathway (AOX) it is much
greater: 31‰ in green tissues and26‰ in nongreen tissues (Robinson et al., 1992). The
discrimination in the Mehler reaction is 15‰ and in photorespiration – 21‰ (Berry, 1992; Guy
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et al., 1993). d18O of O2 in a purified oxygen–argon mixture determined by dual inlet mass
spectrometry.
3. Methods that do not require light absorption and photosynthesis rates
3.1. Variable fluorescence
Using a custom-built fluorescence induction and relaxation (FIRe) instrument, as described in
Gorbunov and Falkowski (2004). The FIRe technique is based on recording fluorescent
transients (called “variable fluorescence”) induced by a sequence of excitation flashes of light
with precisely controlled intensity, duration, and intervals between flashes. Analysis of the
fluorescence signals provides a comprehensive suite of photosynthetic characteristics of the
organism, including the minimum (Fo) and maximum (Fm) fluorescence yields corresponding
to open and closed reaction centers of PSII, respectively, variable fluorescence component (Fv),
the quantum yield of photochemistry in PSII (simply put - photosynthetic efficiency), the
functional absorption cross section of PSII, and the rates of photosynthetic electron transport
down to PSII (Gorbunov & Falkowski, 2004; Kolber et al., 1998) (Fig. 5). The size of the
plastoquinone (PQ) pool (i.e., the number of PQ molecules per reaction center) can be deter‐
mined from the comparative analysis of the fluorescence induction on the millisecond time
scale in the absence and presence of (3-(3,4-dichlorophenyl)-1,1-dimethylurea) (DCMU). The
redox state of the PQ pool is also assessed from the shape of the fluorescence induction curve.
Variable fluorescence measurements under ambient light provide information about the
Figure 4. Light response curve of photosynthesis versus light intensity (Grobbelaar, 2006).
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efficiency of non-photochemical quenching (NPQ) and the rates of photosynthetic electron
transport as a function of light intensity. A computer-controlled ambient light source is
integrated into the FIRe instrument for fully automatic measurements of the above variables.
The photoinhibition of PSII by supra-optimal light will be estimated from the reduction in
dark-adapted values of Fv/Fm compared to their night values (Long et al., 1994).
Figure 5. The parameters obtainable from FIRe measurements: the minimum (Fo) and maximum (Fm) fluorescence
yields corresponding to open and closed reaction centers of PSII, respectively, variable fluorescence component (Fv),
the quantum yield of photochemistry in PSII (simply put - photosynthetic efficiency), and the functional absorption
cross section of PSII.
3.2. Fast Repetition Rate (FRR) fluorescence
The simultaneous response of σPSII(Å2 quanta-1) and τ(μs)reveals important information about
the photosynthetic response to the growth environment. Specifically, the light saturation
parameter (EK, μmol photons m-2 s-1) was estimated as [1/(τ σ)] 1.66 × 108 (Falkowski & Raven,
2007), where the factor 1.66 × 108 accounts for the conversion of Å2 to m2, quanta to μmol quanta
(photons), and μs to s (e.g., Moore et al. (2006). The actual value of EK is dependent upon both
the wavelength used to generate σPSII as well as which time constant associated with the FRR
relaxation phase is used to describe τ (Kolber et al., 1998).
3.3. Photoacoustics
Energetics of photosynthesis determined by pulsed photoacoustics. This methodology directly
determines the light energy not stored in photosynthesis. It is, thus, ideal for determining the
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changes in stored energy on the microsecond, i.e., the photochemical time scale, caused by the
differing light regimes. The methodology has been described and protocols given for meas‐
urements of both reaction centers and whole cells (Boichenko et al., 2001; Hou et al., 2001a,
2001b). The method has been successfully applied to the measurement of biomass (Dubinsky
et al., 1998), to discriminate between taxa of phytoplankton (Mauzerall et al., 1998), and to
study the physiological state of phytoplankton (Pinchasov et al., 2005). The efficiency of energy
storage will be determined in the sample before and after a light regime that affects the growth
rate and/or oxygen production rate of the organism. The variable light regime is continued
until a steady state is reached and the photoacoustic measurements can be made in a shorter
time compared to that of the light regime. For the slower intermittent light-dark regimes, one
may be able to measure the state of the system in each phase. The results will indicate if the
variable light effect is caused by a change in the efficiency of light utilization at the photo‐
chemical level. If a change is seen then, energy utilization has changed and the xanthophyll
cycle will be implicated. If no change is seen, then the change has occurred on the long time
scale, such as in the case of CO2 fixation.
Figure 6. Photoacoustic phytoplankton cell.
4. Factors affecting quantum yields
4.1. Photoacclimation and photoinhibition
Phytoplankton photosynthesis at any depth depends principally on the intensity and spectral
quality of the ambient light. However, the amount of light harvested by phytoplankton also
depends on the quantity of chlorophyll present and on the variable, average, spectral in vivo
attenuation coefficient, kc (Dubinsky & Berman, 1981; Schanz et al., 1997). Moreover, as
available light changes, so does the fraction of the harvested light that can be transduced by
the cell into photochemical products - this fraction is ϕ. Contrary to what has been discussed
above, happening under limiting light, at high irradiances the photon flux harvested by the
Quantum Yields in Aquatic Photosynthesis
http://dx.doi.org/10.5772/56539
145
efficiency of non-photochemical quenching (NPQ) and the rates of photosynthetic electron
transport as a function of light intensity. A computer-controlled ambient light source is
integrated into the FIRe instrument for fully automatic measurements of the above variables.
The photoinhibition of PSII by supra-optimal light will be estimated from the reduction in
dark-adapted values of Fv/Fm compared to their night values (Long et al., 1994).
Figure 5. The parameters obtainable from FIRe measurements: the minimum (Fo) and maximum (Fm) fluorescence
yields corresponding to open and closed reaction centers of PSII, respectively, variable fluorescence component (Fv),
the quantum yield of photochemistry in PSII (simply put - photosynthetic efficiency), and the functional absorption
cross section of PSII.
3.2. Fast Repetition Rate (FRR) fluorescence
The simultaneous response of σPSII(Å2 quanta-1) and τ(μs)reveals important information about
the photosynthetic response to the growth environment. Specifically, the light saturation
parameter (EK, μmol photons m-2 s-1) was estimated as [1/(τ σ)] 1.66 × 108 (Falkowski & Raven,
2007), where the factor 1.66 × 108 accounts for the conversion of Å2 to m2, quanta to μmol quanta
(photons), and μs to s (e.g., Moore et al. (2006). The actual value of EK is dependent upon both
the wavelength used to generate σPSII as well as which time constant associated with the FRR
relaxation phase is used to describe τ (Kolber et al., 1998).
3.3. Photoacoustics
Energetics of photosynthesis determined by pulsed photoacoustics. This methodology directly
determines the light energy not stored in photosynthesis. It is, thus, ideal for determining the
Photosynthesis144
changes in stored energy on the microsecond, i.e., the photochemical time scale, caused by the
differing light regimes. The methodology has been described and protocols given for meas‐
urements of both reaction centers and whole cells (Boichenko et al., 2001; Hou et al., 2001a,
2001b). The method has been successfully applied to the measurement of biomass (Dubinsky
et al., 1998), to discriminate between taxa of phytoplankton (Mauzerall et al., 1998), and to
study the physiological state of phytoplankton (Pinchasov et al., 2005). The efficiency of energy
storage will be determined in the sample before and after a light regime that affects the growth
rate and/or oxygen production rate of the organism. The variable light regime is continued
until a steady state is reached and the photoacoustic measurements can be made in a shorter
time compared to that of the light regime. For the slower intermittent light-dark regimes, one
may be able to measure the state of the system in each phase. The results will indicate if the
variable light effect is caused by a change in the efficiency of light utilization at the photo‐
chemical level. If a change is seen then, energy utilization has changed and the xanthophyll
cycle will be implicated. If no change is seen, then the change has occurred on the long time
scale, such as in the case of CO2 fixation.
Figure 6. Photoacoustic phytoplankton cell.
4. Factors affecting quantum yields
4.1. Photoacclimation and photoinhibition
Phytoplankton photosynthesis at any depth depends principally on the intensity and spectral
quality of the ambient light. However, the amount of light harvested by phytoplankton also
depends on the quantity of chlorophyll present and on the variable, average, spectral in vivo
attenuation coefficient, kc (Dubinsky & Berman, 1981; Schanz et al., 1997). Moreover, as
available light changes, so does the fraction of the harvested light that can be transduced by
the cell into photochemical products - this fraction is ϕ. Contrary to what has been discussed
above, happening under limiting light, at high irradiances the photon flux harvested by the
Quantum Yields in Aquatic Photosynthesis
http://dx.doi.org/10.5772/56539
145
photosynthetic pigments exceeds the rate at which these photons can be utilized by the
photochemical reaction centers. In such light-saturated situations, an increased fraction of the
harvested light will be dissipated by nonradiative decay as heat, and emitted as fluorescence.
Under such conditions, the photosynthetic apparatus may be temporarily or irreversibly
damaged, leading to photoinhibition and ensuing reduction in quantum yields. In a bathy‐
metric profile, in any water body (Fig. 7) exposed to full sunshine, the photosynthesis of
phytoplankton is inhibited at the surface due to supra-optimal irradiance levels, photosyn‐
thesis is inhibited, and quantum yields are low, as light reaches limiting levels at (Ek), and
below that depth throughout the photic zone, photosynthesis is light limited and quantum
yields are constant (Fig. 7). All these depth-related changes in irradiance, chlorophyll, kc, and
ϕ are essential inputs for modeling and predicting the depth-distribution of photosynthesis in
aquatic environments.
Figure 7. Profile of irradiance, photosynthesis and quantum yield.
In the laboratory, Dubinsky et al. (1986) exposed different cultures to different light levels and
found changes in quantum yield (ϕ) vs. light intensity (Fig. 8).
Additional features emerge when summer (June 1995, June 1996) data are compared to winter
(February 1995, December 1996) data (Fig. 9). Winter ϕ values decreased steeply at high
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irradiance levels, reaching undetectably low ones at I>400 μmole quanta m-2s-1, whereas in
summer samples, values were measurable even at irradiances twice as high. We attribute the
high sensitivity of summer phytoplankton to light intensity to the fast vertical mixing charac‐
teristic of that period, which did not allow sufficient time for photoacclimation (Falkowski &
Wirick, 1981). The phytoplankton organisms acclimate to a light intensity that is the average
over the entire mixing depth of ~400 m, resulting in cells with far too much pigmentation not
to be damaged or at least strongly photoinhibited upon exposure to near-surface irradiances.
That also explains why they fare better under dim light, under which the nearly optically black
cells maximize light harvesting and its efficient utilization. Conversely, during summertime,
stratification cells acclimate to the light intensity at each depth, thereby mitigating the effects
of light gradients. However, the shortage of nutrients limits the ability of phytoplankton to
fully exploit the advantages of photoacclimation.
At all times, the quantum yields of photosynthesis are strongly reduced under high light since
non-photochemical quenching (NPQ) excess-energy–dissipating processes avert photody‐
namic damage. Furthermore, not only is there, under high light, a mismatch between light
harvesting and end-electron flow rates, but also between the fast light-driven carbon assimi‐
lation and the Redfield rate supply of nitrogen and phosphorus [see (Dubinsky & Berman-
Frank, 2001)], all depressing the quantum yields of photosynthesis. Under low light
approaching ~1% of the subsurface, light-harvesting rates, being in step with τ values, allow
quantum yields to reach their theoretical upper boundaries of 8-10 photons per mole O2
evolved.
Figure 8. Quantum yield (ϕ) values found in cultures, after Dubinsky et al. (1986).
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Al Qutob et al. (2002) showed the co-limitation of phytoplankton photosynthesis in the gulf
by both nitrogen and phosphorus. During thermal summer stratification, nutrient depletion
was severe, and no nitrite could be detected in the upper 70 m. Their field data suggest that
the accumulation of nitrite is associated with nutrient-stimulated phytoplankton growth. This
hypothesis was supported by nutrient-enrichment bioassays performed concomitantly: only
when phytoplankton growth was stimulated by nutrient additions, did nitrite accumulate in
the water., Using photoacoustics, Pinchasov et al. (2005) showed the depression of photosyn‐
thetic efficiency of several phytoplankton species under iron deficiency (Fig. 10) and under
nitrogen and phosphorus starvation (Fig. 11) (Pinchasov et al., 2005).
There is a dependence of quantum yields on light intensity (Dubinsky, 1992; Dubinsky &
Berman, 1981; Morel, 1978). However, quantum yields depend not only on ambient light. It
was also reported that in laboratory experiments, nutrient limitation lowers quantum yields
(Cleveland et al., 1989; Falkowski, 1991; Kolber et al., 1990). Where the specific importance of
an individual nutrient is concerned, Kolber et al. (1988) showed the effects of lack of nitrogen,
Greene et al. (1991) showed the effects of lack of iron, and Falkowski (1991) reported the effects
of phosphorus limitation. The impact of these shortages depends on their cellular requirements
for balanced growth, N>P>Fe, which differ among phytoplankton taxa, but also in their
amounts stored in cells [sensucell quota, Droop (1983)]. In the case of the Gulf of Eilat, during
Figure 9. Linear regression of the quantum yield vs. light intensity, comparison between summer (June 1995, June
1996) and winter profiles (February 1995, December 1996) down to 100 m depth.
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summertime stratification, there is a concomitant shortage of both nitrogen and phosphorus
as their winter concentrations of NO3- = 0.2 μmol l-1 and PO4-3 = 0.1 μmol l-1 in winter, drop to
PO4-3 = 0.02 μmol l-1 and NO3- = 0.04 μmol l-1 in summer, respectively (Al-Qutob, 2001; Al-Qutob
et al., 2002; Genin et al., 1995; Iluz et al., 2008; Labiosa et al., 2003; Lazar & Erez, 1992; Levanon-
Figure 10. The effect of changing iron concentration on photosynthetic energy storage for Isochrysis galbana. The
iron concentrations in the cultures were 0 mg L–1, (*); 0.03 mg L–1, (o); 0.09 mg L–1, (◊); 0.18 mg L–1 (Δ); and for the
control, 0.6 mg L–1 (▫). The maximal storage in the nutrient-replete control was taken as 100%.
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Spanier et al., 1979; Lindell & Post, 1995; Reiss et al., 1984). It seems that due to the limited
availability of nitrogen and phosphorus in the gulf, it is these two nutrients that control the
annual phytoplankton cycle in the gulf (Al-Qutob et al., 2002). Thus, the changes in iron
availability (Chase et al., 2006) themselves may play, at most, a minor role in that cycle, even
though iron does affect the supply of the two major nutrients.
Figure 11. The effect of nutrient limitation on the relative photosynthetic energy storage in the three algae, Nanno‐
chloropsis sp., Phaeodactylu mtricornutum, and Isochrysis galbana. For each species, photosynthetic energy storage of
the nutrient-replete control was taken as 100%. Controls (clear columns) were grown in nutrient-replete media,
whereas in the P (oblique hatch) and N (horizontal hatch) cultures, phosphorus and nitrogen were omitted from the
medium.
Photosynthesis150
In the Gulf of Eilat, the quantum yields of photosynthesis are constrained in summer by low
nutrient supply and in winter by vertical mixing rates being too fast to allow for effective
photoacclimation (Iluz et al., 2008).
4.3. Pollutants
Like exposure to excessive light intensity and nutrient limitation, pollutants may also affect
the normal function of various components of the photosynthetic apparatus, leading to
decreased quantum yields. Pinchasov et al. (2006) reported a biphasic decrease in the quantum
yield of the cyanobacterium Synechococcusleopoliensis. A rapid decrease in the very first minutes
of exposure was followed by a slower decline over the next few hours, probably due to harm
to different components of the photosynthetic apparatus (Fig. 12).




Hyperspectral satellite-image–based global oceanic primary productivity estimates use a
universal factor of ϕ for converting absorbed light to primary productivity (Kolber et al.,
1990). These values should be determined for each oceanic province and, other than in the
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tropics, are adjusted for seasonal differences. Parallel approaches are also applied in terrestrial
ecology.
In ecological studies, in many cases the preferred efficiency parameter is not the quantum
yield, where the energy absorbed by the ecosystem's primary producers is difficult to estimate.
In such cases, the denominator used is the total light energy impinging on the area studied.
This ecological efficiency parameter is always considerably smaller than the quantum yield,
since usually all of the solar energy is absorbed by phototrophs, except in dense plant cover
or hypertrophic water bodies. The ecological efficiency parameter allows the comparison of
natural and man-made ecosystems, and of aquatic and terrestrial ecosystems, whereas the
quantum yield reports the physiological status of the plants. High ecological light utilization
efficiencies form the basis for high-biomass ecosystems, such as tropical rainforests, upwelling
oceanic regions, and coral reefs, whereas desert and steppe biomes are biomass-limited by low
ecological light-utilization efficiencies.
5.2. Biotechnology
The economic viability of photobioreactors and algal mass culture ponds depends, to a large
extent, on the quantum yield of the algae, since that translates into harvested product per
insolation both for the same time interval and area. That easily determines into annual income
per surface devoted to that crop.
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ecological light-utilization efficiencies.
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1. Introduction
Photosystem I (PSI) from cyanobacteria and chloroplasts is a multisubunit membrane-protein
complex that catalyses electron transfer from reduced plastocyanin in the thylakoid lumen to
oxidized ferredoxin in the chloroplast stroma or cyanobacterial cytoplasm [1-4]. PSI is
responsible for NADP+ reduction and cyclic photophosphorylation and consists of at least 8
polypeptides. Its major components are the P700 chlorophyll a A1 and A2 apoproteins whose
molecular weights vary between 60 and 70 kd, depending on the species [5]. In this chapter,
we discuss recent progress on several topics related to the functions of the PSI complex, like
the protein composition of the complex in the plant and algae, the structure and organization
of the PSI subunits and the regulation of photosystem I-related gene under abiotic stress
conditions. Furthermore, PSI seems to be well protected from photoinhibition in vivo in many
plant and algae species and many environmental conditions. The physiology and molecular
mechanism during short term adaptation to changes under oxidative stress is discussed in
functional and structural terms. Finally, such characteristics of PSI photoinhibition with special
emphasis on the relationship between two photosystems as well as the protective mechanism
of PSI in vivo is reviewed with respect to function of the thylakoid membrane.
2. Structure of photosystem I
PSI catalyzes the light-driven electron transfer from the soluble electron carrier plastocyanin
on the luminal side of thylakoid membrane, to ferredoxin on the stromal side of thylakoid
membrane. In plants, the PSI complex consists of at least 19 protein subunits, approximately
175 chlorophyll molecules, 2 phylloquinones and 3 Fe4S4 clusters [6]. The crystal structure of
© 2013 Ozakca; licensee InTech. This is an open access article distributed under the terms of the Creative
Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
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PSI from Synechococcus elongatus has also been recently determined at a resolution of less than
4 Å which is sufficient for distinguishing 31 transmembrane and 14 parallel helices and the
three ironsulfur clusters [7].
The PSI complex of most plants and algae consists of 13 subunits: at least five chloroplast-
encoded subunits (PsaA, PsaB, PsaC, PsaI and PsaJ) and eight nucleusencoded subunits (PsaD,
PsaE, PsaF, PsaG, PsaH, PsaK, PsaL, PsaN) and numerous redox cofactors and antenna
chlorophylls [8]. An additional subunit, PsaM, has only been found in cyanobacteria and in
the chloroplast genomes of some lower plants and algae. The PSI subunits PsaG, PsaH and
PsaN are only found in eukaryotic photosynthetic organisms and are missing in cyanobacte‐
ria[8,9,10].
2.1. Subunits of PSI
2.1.1. PsaA and PsaB
The major subunits of photosystem I, PsaA and PsaB, show strong sequence homology [10,
11] and it was suggested that they have been evolved via gene duplication [12]. They are from
the central heterodimer holding the reaction center p700 and components of the electron
transport chain (ETC), Ao (a CHLa), A1 (phylloquinon) and Fx (a (4Fe-4S) cluster). In addition,
the heterodimer coordinates 80 chlorophylls that function as the instric light-harvesting
antenna [13]
Previous studies showed that mutants deficient in PsaB are unable to synthesize both PsaB
and PsaA whereas mutants affected primarily in PsaA synthesis are still able to produce PsaB
[2,3,11]. Based on these results it was proposed that PsaB is an anchor protein during PSI
assembly, which needs to be synthesized and integrated into the thylakoid membrane before
the other PSI subunits are synthesized [12]. In its absence these polypeptides are no longer
synthesized and/or are rapidly degraded. Elucidating how PsaB is translated and inserted into
the thylakoid membrane is thus important for understanding the initial steps of PSI assembly.
2.1.2. PsaC, PsaD and PsaE
The subunits PsaC, PsaD and PsaE do not contain transmembrane α-helices [3,2,14]. They are
located on the stromal side of the complex, forming the stromal hump. They are in close contact
to the stromal loop regions of PsaA and PsaB. Subunit PsaC carries the two terminal FeS
clusters FA and FB, and is located in the central part of the stromal hump. PsaD forms the part
of this hump, which is closest to the trimeric axis [15,2,3]. The C-terminal part of PsaD forms
a `clamp' surrounding PsaC. PsaE is located on the side of the hump, which is distal from the
trimer axis[16,17].
The clusters of PsaC are characterised by their distinct electron paramagnetic resonance (EPR)
spectra [18,19]. PsaC is likely to posses a pseudo-C2 symmetry axis that is oriented perpendic‐
ular to distance vector connecting the two iron-sulfur clusters, FA and FB. The role of subunit
PsaC in coordination of the two terminal FeS clusters was suggested from the conserved
sequence motif CXXCXXCXXXCP which is found twice in the gene of PsaC [3,20]. A homology
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of subunit PsaC to bacterial ferredoxins, also containing two [4Fe-4S] clusters, was proposed
from sequence similarity [21]. The structures of PsaC and these ferredoxins, such as that from
Peptostreptococcus asacharolyticus [3,21,22], are indeed similar, with pronounced pseudo-two-
fold symmetry, concerning previous models which related the structure of subunit PsaC to
this ferredoxin [3,2,21].
PsaD is a peripheral subunit of photosystem I (PSI1), an integral protein complex in the
thylakoid membrane of oxygenic photosynthetic organisms. Biochemical experiments [20,
21] and analyses of the primary structure of PsaD suggest that it does not posses a transmem‐
branal segment and that it faces the stromal side of the thylakoid membrane. The PsaD is a
polypeptide of 139-144 amino acids in cyanobacteria, but has an N-terminal extension of
several residues in higher plants, yielding a total length of 158-162 residues [20]. Topological
studies [3, 2, 19, 22, 23] and data from an X-ray structure of PSI at 4 Å [24, 25]show that PsaD
probably contains an R-helix and is in contact principally with PsaC and PsaE, and also with
PsaH and PsaL [25, 26, 27]. The three-dimensional structure of the higher-plant PSI as deter‐
mined by electron crystallography has been recently reported [27], confirming that the stromal
ridge of higher-plant PSI can also be interpreted as being due to the PsaC, -D, and -E subunits.
The N-terminal part of the PsaD subunit can be accessed by the proteases, and its C-terminal
region is exposed to solvent [23, 14]. Comparison of the amino acid sequences of PsaD from
several species shows that the C-terminal part is highly conserved, especially in a region
containing many basic residues[23].
In spinach, PsaD is synthesized in the cytoplasm as a precursor of 23.2 kDa [2,23, 21] that is
processed to produce the mature 17.9-kDa PasD. In vitro assembly assays indicated that both
forms of the protein, pre-PsaD and PsaD, can assemble into the thylakoid membranes,
specifically into the PSI complex [2, 14, 22, 24, 25, 26]
PsaD is known to interact strongly with ferredoxin. Chemical cross-linking of PSI and
ferredoxin consistently yield a product consisting of PSI-D and ferredoxin [14, 23, 25], and
recently the interaction has been shown even with isolated PSI-D and ferredoxin [47]. These
observations clearly point to an important function of PSI-D in docking of ferredoxin in both
eukaryotes and cyanobacteria. The position of ferredoxin in these crosslinked complexes was
also identified by electron microscopy [28]. The same docking site was also found for flavo‐
doxin [29] and is in agreement with a docking site proposed from the structural model of PS
I at 6 Å resolution. Subunit PsaD is essential for electron transfer to ferredoxin [28].
PsaE is like PsaD a hydrophilic subunit exposed to the stroma. PsaE is encoded in the nucleus
and the mature protein is about 11 kDa. Just like PsaD, the mature PsaE in plants has an
extended N-terminal region. The extension is variable from 30-40 amino acid residues. As was
the case for PsaD, there is no extension in the chloroplast encoded PsaE in Odontella [30],
Porphyra [31], and Cyanidium, nor in the cyanelle-encoded PsaE in Cyanophora. Chlamydomo‐
nas is peculiar in having PsaE with a short extension of only about ten residues compared to
the cyanobacterial PsaE [22].
The structure of subunit PsaE (8 kDa) in solution was determined by 1H and 15N-NMR [32,
33]. The loop connecting L-strands 3 and 4 was found to be flexible in the NMR structure[33].
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The structure of PsaE in the PSI complex is very similar to the solution structure, with some
remarkable deviations in the loop region E-L3L4, which corresponds to the CD loop in the
NMR structure. The twist of this loop reported at 4 Å [34] is fully confirmed in the structural
model at 2.5 Å resolution. This loop is involved in interactions with PsaA, PsaB and PsaC,
suggesting a change of the loop conformation during assembly of the photosystem I complex.
Different functions have been reported for PsaE. PsaE in barley has also been found to be
associated with ferredoxin NADP oxidoreductase (FNR) [35]. In cyanobacteria, FNR has a
domain linking it to the phycobilisomes [36]. However, recent observations have shown that
in spite of this domain, FNR does appear to interact with PsaE [37].
2.1.3. Other subunits of PSI
Six small intrinsic membrane protein components of photosystem I have been identified from
the gene sequence in S. elongatus [28]: the subunits PsaF (15 kDa), PsaI (4.3 kDa), PsaJ (4.4 kDa),
PsaK (8.5 kDa), PsaL (16.6 kDa) and PsaM (3.4 kDa). In the 2.5 Å resolution structure [38, 39,
40], a 12th subunit of PS I, PsaX, which contains one transmembrane K-helix, was identified.
All of the small membrane integral subunits are located peripherally to the subunits PsaA and
PsaB. The main function of the small subunits is the stabilisation of the antenna system and
the quaternary structure of photosystem I. The central Mg2+ ions of 10 antenna Chla molecules
are axially liganded by amino acid side chains or via water molecules by PsaJ, PsaK, PsaL,
PsaM and PsaX. Furthermore, subunits PsaF, PsaI, PsaJ, PsaL, PsaM and to a lesser extent PsaK,
are in numerous hydrophobic contacts with the carotenoids[40].
The small subunits can also be divided into two groups according to their location in the
complex: PsaL, PsaI and PsaM are located in the region where the adjacent monomers face
each other in the trimeric PS I complex, whereas PsaF, PsaJ, PsaK and PsaX are located at the
detergent exposed surface of photosystem[40].
PsaF binds the luminal electron donor, plastocyanin [41, 42, 43, 44], and It is essential for
providing excitation energy transfer from LHCI to the core complex. Early work showed that
PsaF (then called subunit III) was required for electron transfer from Pc to P700 [45, 46].
Subsequently, it was demonstrated that Pc cross-linked to PSI is capable of fast electron transfer
to P700 and the cross-linking partner was identified as PsaF.
PsaG and PsaK are two small membrane intrinsic proteins of approximately 10-11 kDa each
with two transmembrane α-helices connected by a stromal-exposed loop [47, 48] and they
show a 30 % sequence homology in Arabidopsis [49]. PsaG is unique to plants and green algae.
Within the PSI complex PsaK is bound to PsaA and PsaG is bound to PsaB at a roughly
symmetry-related position [49, 50]. PsaK is involved in Lhca3/Lhca2 binding as revealed by
knock-out and gene knock-down studies [51, 52, 53].
PsaH is a 10 kDa protein with one predicted transmembrane helix [54]. The subunit can be
chemically cross-linked to PsaD, PsaI and PsaL [50, 54, 55, 56]. Thus, PsaH must be located
near the region that constitutes the domain of interaction between monomers in Synechococ‐
cus PSI [57]. PSI-H has only been found in plants and green algae. The orientation of PSI-H is
not known but based on the positive-inside-rule, the N terminal region is predicted to be in
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the stroma [58]. Thus, PsaH appears to have about 6 kDa of N terminal region on the stromal
side of the membrane and only about 2 kDa facing the lumen. PSI-H is encoded in the nuclear
genome. Apparently, PsaH was a late addition to PSI since it has not been found outside
Chlorophyta [54].
PsaN is a small extrinsic subunit of about 10 kDa [54]. PsaN is synthesized with a presequence
directing it to the lumen and is the only subunit located exclusively on the lumenal side of PSI
[59]. The Psa-G, -H, and -N fulfill functions in PSI that are unique to eukaryotic PSI. PsaH has
been shown to be involved in state 1–state 2 transitions probably in the interaction with LHCII
[54], PsaN is involved in interaction with plastocyanin [41], and PsaG is involved in the
stabilization of LHCI and regulation of PSI activity [53]. It is therefore likely that PsaO plays
a role in the interaction between the PSI core and other complexes in the thylakoid membrane
such as LHCI or LHCII [50, 60]. Alternatively PsaO is involved in the regulation or fine tuning
of PSI activity. Together with PsaO, the subunits Psa-G, -H, and -N are unique to higher plants
and algae. Structure of plant PSI at 4.4 Å, the structure and position of the Psa-G and -H
subunits within the PSI complex are revealed [49]. However, Psa-N and -O are either not
resolved at the current resolution or are lost from the complex during preparation and their
structure and exact position in the PSI complex are therefore not known.
PsaJ is a hydrophobic subunit of 4-5 kDa. The protein is chloroplast encoded as is the case also
for PsaI, which has a similar size and hydrophobicity [54]. PsaJ is located near PsaF as
evidenced by cross-linking [56]. The protein has been thought to be membrane spanning,
however, the structural model of cyanobacterial PSI suggest that PsaJ may form an unusual
bend helix in the plane of the membrane [60]. In the unicellular green alga Chlamydomonas
reinhardtii, PsaJ is required for the stabilization of the PC-binding site [40]. In the absence of
PsaJ, a large fraction of photo-oxidized P700 (chl-a dimer of the PSI reaction centre) is not
efficiently reduced by PC or cyt (cytochrome) c6, although the PsaF subunit, which forms the
actual binding site for both mobile redox carriers, is still present. This has suggested a role of
PsaJ in adjusting the conformation of the PC-binding site. These physiological data are
circumstantially supported by structural data [49] and cross-linking studies [15] revealing a
localization of the J-subunit adjacent to PsaF
Psa-K from spinach may be tightly associated with the PSIA/B heterodimer [61, 62]. However,
PsaK from spinach, pea, and barley was depleted from the PSI core by methods used for
separation of LHCI from PSI [65, 64]. Treatment of thylakoids with proteases resulted in
degradation of PsaK, indicating that part of the PSI-K polypeptide is exposed on the stromal
side of the thylakoid membrane. It has therefore been proposed that the membrane-spanning
PsaK subunit is located near the rim of the PSI complex between the PSI and LHCI and is thus
easily lost upon detergent treatment [51].
There is significant sequence similarity between PsaG and PsaK from eukaryotes [64]. A
computer comparison of PsaG and PsaK from Arabidopsis displays approximately 30% amino
acid identity. In fact, the cyanobacterial PsaK is equally similar to plant PSI-G and PsaK.
However, there is no evidence that cyanobacterial PSI contains more than one copy of PsaK.
In the genome sequence of Synechocystis PCC6803 two open reading frames have been assigned
as potential psaK genes[51, 65]. The deduced primary sequences of the two open reading frames
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The structure of PsaE in the PSI complex is very similar to the solution structure, with some
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model at 2.5 Å resolution. This loop is involved in interactions with PsaA, PsaB and PsaC,
suggesting a change of the loop conformation during assembly of the photosystem I complex.
Different functions have been reported for PsaE. PsaE in barley has also been found to be
associated with ferredoxin NADP oxidoreductase (FNR) [35]. In cyanobacteria, FNR has a
domain linking it to the phycobilisomes [36]. However, recent observations have shown that
in spite of this domain, FNR does appear to interact with PsaE [37].
2.1.3. Other subunits of PSI
Six small intrinsic membrane protein components of photosystem I have been identified from
the gene sequence in S. elongatus [28]: the subunits PsaF (15 kDa), PsaI (4.3 kDa), PsaJ (4.4 kDa),
PsaK (8.5 kDa), PsaL (16.6 kDa) and PsaM (3.4 kDa). In the 2.5 Å resolution structure [38, 39,
40], a 12th subunit of PS I, PsaX, which contains one transmembrane K-helix, was identified.
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PsaB. The main function of the small subunits is the stabilisation of the antenna system and
the quaternary structure of photosystem I. The central Mg2+ ions of 10 antenna Chla molecules
are axially liganded by amino acid side chains or via water molecules by PsaJ, PsaK, PsaL,
PsaM and PsaX. Furthermore, subunits PsaF, PsaI, PsaJ, PsaL, PsaM and to a lesser extent PsaK,
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complex: PsaL, PsaI and PsaM are located in the region where the adjacent monomers face
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PsaF (then called subunit III) was required for electron transfer from Pc to P700 [45, 46].
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to P700 and the cross-linking partner was identified as PsaF.
PsaG and PsaK are two small membrane intrinsic proteins of approximately 10-11 kDa each
with two transmembrane α-helices connected by a stromal-exposed loop [47, 48] and they
show a 30 % sequence homology in Arabidopsis [49]. PsaG is unique to plants and green algae.
Within the PSI complex PsaK is bound to PsaA and PsaG is bound to PsaB at a roughly
symmetry-related position [49, 50]. PsaK is involved in Lhca3/Lhca2 binding as revealed by
knock-out and gene knock-down studies [51, 52, 53].
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chemically cross-linked to PsaD, PsaI and PsaL [50, 54, 55, 56]. Thus, PsaH must be located
near the region that constitutes the domain of interaction between monomers in Synechococ‐
cus PSI [57]. PSI-H has only been found in plants and green algae. The orientation of PSI-H is
not known but based on the positive-inside-rule, the N terminal region is predicted to be in
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the stroma [58]. Thus, PsaH appears to have about 6 kDa of N terminal region on the stromal
side of the membrane and only about 2 kDa facing the lumen. PSI-H is encoded in the nuclear
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reinhardtii, PsaJ is required for the stabilization of the PC-binding site [40]. In the absence of
PsaJ, a large fraction of photo-oxidized P700 (chl-a dimer of the PSI reaction centre) is not
efficiently reduced by PC or cyt (cytochrome) c6, although the PsaF subunit, which forms the
actual binding site for both mobile redox carriers, is still present. This has suggested a role of
PsaJ in adjusting the conformation of the PC-binding site. These physiological data are
circumstantially supported by structural data [49] and cross-linking studies [15] revealing a
localization of the J-subunit adjacent to PsaF
Psa-K from spinach may be tightly associated with the PSIA/B heterodimer [61, 62]. However,
PsaK from spinach, pea, and barley was depleted from the PSI core by methods used for
separation of LHCI from PSI [65, 64]. Treatment of thylakoids with proteases resulted in
degradation of PsaK, indicating that part of the PSI-K polypeptide is exposed on the stromal
side of the thylakoid membrane. It has therefore been proposed that the membrane-spanning
PsaK subunit is located near the rim of the PSI complex between the PSI and LHCI and is thus
easily lost upon detergent treatment [51].
There is significant sequence similarity between PsaG and PsaK from eukaryotes [64]. A
computer comparison of PsaG and PsaK from Arabidopsis displays approximately 30% amino
acid identity. In fact, the cyanobacterial PsaK is equally similar to plant PSI-G and PsaK.
However, there is no evidence that cyanobacterial PSI contains more than one copy of PsaK.
In the genome sequence of Synechocystis PCC6803 two open reading frames have been assigned
as potential psaK genes[51, 65]. The deduced primary sequences of the two open reading frames
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show only 42% overall identity. The role of one of the psaK genes, which encoded a peptide
with an amino terminus corresponding to that of the PsaK peptide purified from PSI, has
recently been analyzed, and it was shown that the gene product was dispensable for growth,
photosynthesis, and the formation of PSI trimers in Synechocystis [65]. The role of the other
potential psaK gene remains unknown. However, this gene does not encode a protein with
higher similarity to PsaG.
2.2. Light harvesting complex I
X-ray crystallography of the PSI core from cyanobacteria [22, 25, 50, 55] as well as modeling
studies indicates strong interpigment interactions and unique protein environment as a source
for the low energy shifts in absorption of PSI. Biochemical and spectroscopic studies of Light
Harvesting Complex I (LHCI) suggest that in the PSI-LHCI super complexes the peripheral
antenna and the PSI core antenna have structurally and spectrally distinct pools of red
pigments [22]. As in the PSI core antenna, excitonically coupled dimers or trimers of Chl a or
Chl b in the LHCI were suggested to form a pool of red pigments in the LHCI [2, 66, 67]. Recent
experiments with antisense inhibited Arabidopsis plants in vivo [68], and reconstitution of the
polypeptides in vitro suggests that the presence of low energy pigments is a feature of all four
Lhca polypeptides (Lhca1, Lhca2, Lhca3, and Lhca4). Lhca1 seems to possess the less red-
shifted spectral forms (684 nm) [69, 70], which is in agreement with its close relatedness to a
minor light harvesting polypeptide of PSII, CP29. On the contrary, the Lhca4 binds the
“reddest” pigments [71]. The presence of the strong fluorescence at 730 nm in Lhca4 even at
room temperature indicates a specific molecular organization of the pigments that efficiently
localizes the excitation and could dissipate the excess excitation energy as a nonphotochemical
sink when the LHCI antenna is energetically uncoupled from the PSI. Despite a consensus that
all the chlorophyll a/b binding proteins (cab) have common evolutionary origin, similar
structure and protein sequences [67, 72], there are local structural differences that determine
the assembly of Lhca polypeptides around PSI as dimers (Lhca2/Lhca2, Lhca3/Lhca3, and
Lhca1/Lhca4) in contrast to the trimer-forming Lhcb polypeptides in LHCII.
3. Photosytem I antenna
3.1. Core antenna
The antenna of PSI consists of two structurally and functionally parts; the core antenna and
preripheral antenna.
The core antenna of PSI contains in total appromeximately 100 chla and 15 β-carotene of which
the majority is bound to the PsaA/PsaB dimmer [49]. The chlorophylls have their Q4 absorption
maxima around 680 nm. A comparison of absorbtion spectra of PSI, LHCI complexes from
wild type A, thaliana and from a mutant lacking the PsaL and PsaH subunits revealed that the




The prepheral antenna of PSI consists of nuclear encoded chlorophyll binding proteins (Lhca)
which are transported into the chloroplast and form a light-harvesting complex (LHCI) which
increases the light-harvesting capacity of PSI [74].
The protein contacts between the core complex and LHCI appear to be relatively weak, which
explains the biochemical sensitivity of the PSI-LHCI supercomplex to detergent attack. It is
clear, however, that each of the four light-harvesting proteins fits its specific binding site,
because the interface of the core complex formed by subunits PsaG, PsaB, PsaF, PsaJ, PsaA,
and PsaK is asymmetric [4, 49]. Lhca1 antenna protein is bound to the core through PsaB and
PsaG. Previous studies showed that plants in which psaG gene expression was suppressed by
antisense technology or eliminated by transposon tagging exhibited compromised stability of
the antenna and weaker binding of LHCI to the core. Thus, it was proposed that PsaG somehow
stabilizes the peripheral antenna. In addition, Lhca3 appears to interact with PsaA. However,
the position of newly traced subunit PsaK suggests that it also binds Lhca3. PsaK [39] was
proposed to stabilize LHCI organization, and PSI lacking PsaK, isolated from Arabidopsis
plants, showed 30–40% less Lhca3, whereas associations with Lhca1 and Lhca4 were unaffect‐
ed [75].
4. Role of the PSI subunits specific to plants and algae
The extrinsic protein, PsaD, has two reported functions in the PS I complex of cyanobacteria,
algae and higher plants. The first function, deduced from in vitro reconstitution experiments,
is to stabilize PsaC on the PS I reaction center [2, 23]. The second function, inferred from cross-
linking studies, is to serve as a “docking” protein to facilitate interaction of soluble ferredoxin
with the PS I complex [2]. Recent cross-linking experiments have shown that Lys106 of PsaD
from Synechocystis sp. PCC 6803 can be cross-linked to Glu93 in ferredoxin [76]. Therefore these
two residues come in physical proximity with each other during at least one stage of electron
transfer from PS I to ferredoxin. These results indicate a ferredoxin-docking function of PsaD,
but do not illustrate a functional requirement of PsaD for NADP+ photoreduction [77].
While the function of the ten PSI subunits common to plants, algae and cyanobacteria has been
studied extensively, the role of the three eukaryotic-specific subunits PsaH, PsaG and PsaN is
less well understood. One reason is that these subunits are nucleus-encoded and thus less
amenable to genetic manipulation [2, 53]. However it has recently been possible to generate
transgenic Arabidopsis plants lacking PsaH or PsaN by cosuppression or by using an antisense
strategy after transformation of the plants with the corresponding cDNAs in the sense or
antisense orientation under the control of a constitutive promoter [41, 53, 78, 79, 80]. PSI
complexes lacking the intrinsic PsaH membrane protein contain normal amounts of the other
PSI subunits except PsaL which is reduced two-fold [80]. Electron flow through PSI is impaired
and the purified PSI complex is highly unstable in the presence of urea. Plants lacking the
lumenal PsaN subunit are impaired in the interaction between plastocyanin and photosystem
I and the steady-state reduction of NADP+ is decreased two-fold [2, 41].
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polypeptides in vitro suggests that the presence of low energy pigments is a feature of all four
Lhca polypeptides (Lhca1, Lhca2, Lhca3, and Lhca4). Lhca1 seems to possess the less red-
shifted spectral forms (684 nm) [69, 70], which is in agreement with its close relatedness to a
minor light harvesting polypeptide of PSII, CP29. On the contrary, the Lhca4 binds the
“reddest” pigments [71]. The presence of the strong fluorescence at 730 nm in Lhca4 even at
room temperature indicates a specific molecular organization of the pigments that efficiently
localizes the excitation and could dissipate the excess excitation energy as a nonphotochemical
sink when the LHCI antenna is energetically uncoupled from the PSI. Despite a consensus that
all the chlorophyll a/b binding proteins (cab) have common evolutionary origin, similar
structure and protein sequences [67, 72], there are local structural differences that determine
the assembly of Lhca polypeptides around PSI as dimers (Lhca2/Lhca2, Lhca3/Lhca3, and
Lhca1/Lhca4) in contrast to the trimer-forming Lhcb polypeptides in LHCII.
3. Photosytem I antenna
3.1. Core antenna
The antenna of PSI consists of two structurally and functionally parts; the core antenna and
preripheral antenna.
The core antenna of PSI contains in total appromeximately 100 chla and 15 β-carotene of which
the majority is bound to the PsaA/PsaB dimmer [49]. The chlorophylls have their Q4 absorption
maxima around 680 nm. A comparison of absorbtion spectra of PSI, LHCI complexes from
wild type A, thaliana and from a mutant lacking the PsaL and PsaH subunits revealed that the




The prepheral antenna of PSI consists of nuclear encoded chlorophyll binding proteins (Lhca)
which are transported into the chloroplast and form a light-harvesting complex (LHCI) which
increases the light-harvesting capacity of PSI [74].
The protein contacts between the core complex and LHCI appear to be relatively weak, which
explains the biochemical sensitivity of the PSI-LHCI supercomplex to detergent attack. It is
clear, however, that each of the four light-harvesting proteins fits its specific binding site,
because the interface of the core complex formed by subunits PsaG, PsaB, PsaF, PsaJ, PsaA,
and PsaK is asymmetric [4, 49]. Lhca1 antenna protein is bound to the core through PsaB and
PsaG. Previous studies showed that plants in which psaG gene expression was suppressed by
antisense technology or eliminated by transposon tagging exhibited compromised stability of
the antenna and weaker binding of LHCI to the core. Thus, it was proposed that PsaG somehow
stabilizes the peripheral antenna. In addition, Lhca3 appears to interact with PsaA. However,
the position of newly traced subunit PsaK suggests that it also binds Lhca3. PsaK [39] was
proposed to stabilize LHCI organization, and PSI lacking PsaK, isolated from Arabidopsis
plants, showed 30–40% less Lhca3, whereas associations with Lhca1 and Lhca4 were unaffect‐
ed [75].
4. Role of the PSI subunits specific to plants and algae
The extrinsic protein, PsaD, has two reported functions in the PS I complex of cyanobacteria,
algae and higher plants. The first function, deduced from in vitro reconstitution experiments,
is to stabilize PsaC on the PS I reaction center [2, 23]. The second function, inferred from cross-
linking studies, is to serve as a “docking” protein to facilitate interaction of soluble ferredoxin
with the PS I complex [2]. Recent cross-linking experiments have shown that Lys106 of PsaD
from Synechocystis sp. PCC 6803 can be cross-linked to Glu93 in ferredoxin [76]. Therefore these
two residues come in physical proximity with each other during at least one stage of electron
transfer from PS I to ferredoxin. These results indicate a ferredoxin-docking function of PsaD,
but do not illustrate a functional requirement of PsaD for NADP+ photoreduction [77].
While the function of the ten PSI subunits common to plants, algae and cyanobacteria has been
studied extensively, the role of the three eukaryotic-specific subunits PsaH, PsaG and PsaN is
less well understood. One reason is that these subunits are nucleus-encoded and thus less
amenable to genetic manipulation [2, 53]. However it has recently been possible to generate
transgenic Arabidopsis plants lacking PsaH or PsaN by cosuppression or by using an antisense
strategy after transformation of the plants with the corresponding cDNAs in the sense or
antisense orientation under the control of a constitutive promoter [41, 53, 78, 79, 80]. PSI
complexes lacking the intrinsic PsaH membrane protein contain normal amounts of the other
PSI subunits except PsaL which is reduced two-fold [80]. Electron flow through PSI is impaired
and the purified PSI complex is highly unstable in the presence of urea. Plants lacking the
lumenal PsaN subunit are impaired in the interaction between plastocyanin and photosystem
I and the steady-state reduction of NADP+ is decreased two-fold [2, 41].
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The analysis of the PsaF-deficient strain and its suppressor reveals that in the presence of a
functional antenna, an intact donor side of PSI is required for protection of C. reinhardtii cells
from photo-oxidative damage in high light [43]. It is therefore possible that the development
of light-harvesting systems for PSI and PSII in eukaryotic organisms demanded an improved
donor side of PSI, especially with regard to its functional interaction with the electron donors
[81]. This may have led to the evolution of the recognition site within the N-terminal part of
PsaF that is essential for fast electron transfer between PSI and its electron donors under high
light. It is also possible that plastocyanin replaced cytochrome c6 as electron donor for PSI
during evolution because it is slightly more efficient than the heme-containing protein in
reducing P700+ [2, 15, 81, 82] and should therefore provide a beter protection against photo-
oxidative damage.
The function of the PsaF protein (15 kDa) at the lumenal side has been subject to discussion.
In intact cells of the green alga Chlamydomonas reinhardtii, PsaF is implicated in the electron
transfer from plastocyanin to oxidized P700 by providing a docking site for the electron donor:
psaFÿ mutants of this organism had a dramatically reduced electron transfer rate [15, 45, 76].
In contrast, a psaFÿ mutant of the cyanobacterium Synechocystis PCC 6803 exhibited normal
electron transfer to P700., implying that PsaF is not essential for the docking of either cyto‐
chrome c6 or plastocyanin to PSI [15, 76, 82]. While PSI is extracted as a mixture of trimers and
monomers from thylakoid membranes of wild-type cyanobacteria, PSI from mutants that lack
the PsaL protein (16 kDa) exists exclusively as a monomer after membrane solubilization [73].
In addition, proteolysis studies have shown PsaL to be located about the 3-fold axis of the
trimer, thus holding it together [5, 15]. Little is known about the function of the four other
membrane intrinsic subunits (PsaI, -J, -K and -M) that have molecular masses ranging from 3
to 8 kDa [63].
Comparison of deduced primary sequences indicates that the PsaL subunits contain a greater
diversity than seen in other subunits [15, 54]. Function of PsaL in the formation of PS I trimers
was revealed by the inactivation of the psaL gene in Synechocystis sp. PCC 6803 [3, 54, 176].
The requirement of PsaL for the trimer formation was later conformed in a PsaL-deficient
mutant from Synechococcus sp. PCC 7002 [76, 83]. Recent studies showed that the C-terminus
of PsaL is embedded inside the monomeric PS I complex and is involved in trimer formation.
Another role of PsaL is in binding to some antenna chlorophyll a molecules.
5. Gene of photosystem I
Photosystem I (PSI) is a multiprotein complex in the thylakoid membrane of chloroplasts,
providing an interesting system for studying the nucleo-choloroplast relationship in plants..
The core subunits of the PSI reaction centre are still encoded by the chloroplast genome,
whereas the genes for the peripheral subunits are located in the nucleus in green algae and
land plants. In this study, we dissected the promoter architecture of a nuclear-encoded PSI
gene in tobacco, and investigated whether the characteristics found in this promoter are shared
by those of the other photosynthesis nuclear genes.
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Sequencing of these proteins and/or their corresponding genes have registered two genes, psaA
and psaB, for the P700-carrying proteins [84], 6 genes, psaC to psaH, for the core subunits and
at least three types of cab genes for the LHCI subunits [87]. In green plants, psaA, psaB and psaC
are encoded by chloroplast genome while the others are encoded by nuclear genome. Sequence
comparison indicates that the two P700-carrying proteins and most of the core subunits are
more or less conserved between cyanobacteria and green plants, although LHCI is absent in
cyanobacteria. In addition to these components, Ikeuchi et al. [88] found that three new low-
molecular-mass components of 4.8 kDa, 5.2 kDa and 6.8 kDa in cyanobacterial PSI complex
and reported their partial amino acid sequences. Interestingly, the sequence of this cyanobac‐
terial 4.1 kDa component corresponded to ORF42/44 of higher plant chloroplast DNA,
although its product had not yet been found in plants. Scheller et al. [22] reported the presence
of two small proteins below 4 kDa in higher plant PSI complex. These prompted us to search
for the product(s) of ORF42/44 in higher plant PSI complex as well. Here we report the presence
of three lowmolecular- mass proteins in spinach and pea PSI complexes and their unambigu‐
ous identification by N terminal sequencing.
The genes for the two subunits, psaA and psaB, are located adjacent to each other in the large
single-copy region of circular plastid genome in higher plants [89]. Gene psaB is followed by
rps14 encoding the chloroplast ribosomal protein CS14 [90]. The psaA-psaB-rps14 gene cluster
was found to co-transcribe into a 5- to 6-kb polycistronic mRNA in spinach [91], tobacco [90],
and rice [89]. Cheng et. al. [90] have performed a detailed transcriptional analysis of the
promoter of rice psaA-psaB-rps14 operon with deleted mutants in vitro. They showed that
two functional promoters denoted as “-175” and “-129” were revealed.
Some of the known signals which are targeted to these genes are light, plastid signal(s) and
hormones. Nuclear encoded genes of PSI are effectively activated by white and red light, while
blue light is less effective. Essential promoter units which are responsive to light were
identified by deletions and mutational analyses. Another set of signals is produced by the
plastids reporting the state of the plastids to the nucleus. When plastids were bleached by the
addition of norflurazon, transcription of nuclear PSI genes was decreased [92]. The nature of
these plastid-derived signals has still to be elucidated, however it appears that the communi‐
cation between the two organelles is mediated by more than one signal [93, 94]. The responsive
units within the promoter appear to be the same as the light-responsive elements [93]. The
third group of signals acting on genes for thylakoid proteins is plant hormones. Kusnetsov et
al. [95] suggested that it could be shown that cytokinin stimulated the transcription of AtpC
and Cab genes in the dark. Even the formation of thylakoid membranes could be stimulated
by cytokinin. Antagonistic to the cytokinin effect abscisic acid decreased transcription of target
genes. In addition to these types of regulation PSI genes were also regulated by daytime. The
peaks of transcriptional activities of PsaE, PsaF, PsaG and PsaH were one hour after the onset
of light [92]. The oscillation stopped in continuous light. The regulatory interactions leading
to this phenomenon are not known at present. However, it became obvious that all of these
signaling systems controlling nuclear gene expression can only operate fully when functional
plastids are available [92]. Therefore we examined whether the expression of a photosynthesis
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5. Gene of photosystem I
Photosystem I (PSI) is a multiprotein complex in the thylakoid membrane of chloroplasts,
providing an interesting system for studying the nucleo-choloroplast relationship in plants..
The core subunits of the PSI reaction centre are still encoded by the chloroplast genome,
whereas the genes for the peripheral subunits are located in the nucleus in green algae and
land plants. In this study, we dissected the promoter architecture of a nuclear-encoded PSI
gene in tobacco, and investigated whether the characteristics found in this promoter are shared
by those of the other photosynthesis nuclear genes.
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Sequencing of these proteins and/or their corresponding genes have registered two genes, psaA
and psaB, for the P700-carrying proteins [84], 6 genes, psaC to psaH, for the core subunits and
at least three types of cab genes for the LHCI subunits [87]. In green plants, psaA, psaB and psaC
are encoded by chloroplast genome while the others are encoded by nuclear genome. Sequence
comparison indicates that the two P700-carrying proteins and most of the core subunits are
more or less conserved between cyanobacteria and green plants, although LHCI is absent in
cyanobacteria. In addition to these components, Ikeuchi et al. [88] found that three new low-
molecular-mass components of 4.8 kDa, 5.2 kDa and 6.8 kDa in cyanobacterial PSI complex
and reported their partial amino acid sequences. Interestingly, the sequence of this cyanobac‐
terial 4.1 kDa component corresponded to ORF42/44 of higher plant chloroplast DNA,
although its product had not yet been found in plants. Scheller et al. [22] reported the presence
of two small proteins below 4 kDa in higher plant PSI complex. These prompted us to search
for the product(s) of ORF42/44 in higher plant PSI complex as well. Here we report the presence
of three lowmolecular- mass proteins in spinach and pea PSI complexes and their unambigu‐
ous identification by N terminal sequencing.
The genes for the two subunits, psaA and psaB, are located adjacent to each other in the large
single-copy region of circular plastid genome in higher plants [89]. Gene psaB is followed by
rps14 encoding the chloroplast ribosomal protein CS14 [90]. The psaA-psaB-rps14 gene cluster
was found to co-transcribe into a 5- to 6-kb polycistronic mRNA in spinach [91], tobacco [90],
and rice [89]. Cheng et. al. [90] have performed a detailed transcriptional analysis of the
promoter of rice psaA-psaB-rps14 operon with deleted mutants in vitro. They showed that
two functional promoters denoted as “-175” and “-129” were revealed.
Some of the known signals which are targeted to these genes are light, plastid signal(s) and
hormones. Nuclear encoded genes of PSI are effectively activated by white and red light, while
blue light is less effective. Essential promoter units which are responsive to light were
identified by deletions and mutational analyses. Another set of signals is produced by the
plastids reporting the state of the plastids to the nucleus. When plastids were bleached by the
addition of norflurazon, transcription of nuclear PSI genes was decreased [92]. The nature of
these plastid-derived signals has still to be elucidated, however it appears that the communi‐
cation between the two organelles is mediated by more than one signal [93, 94]. The responsive
units within the promoter appear to be the same as the light-responsive elements [93]. The
third group of signals acting on genes for thylakoid proteins is plant hormones. Kusnetsov et
al. [95] suggested that it could be shown that cytokinin stimulated the transcription of AtpC
and Cab genes in the dark. Even the formation of thylakoid membranes could be stimulated
by cytokinin. Antagonistic to the cytokinin effect abscisic acid decreased transcription of target
genes. In addition to these types of regulation PSI genes were also regulated by daytime. The
peaks of transcriptional activities of PsaE, PsaF, PsaG and PsaH were one hour after the onset
of light [92]. The oscillation stopped in continuous light. The regulatory interactions leading
to this phenomenon are not known at present. However, it became obvious that all of these
signaling systems controlling nuclear gene expression can only operate fully when functional
plastids are available [92]. Therefore we examined whether the expression of a photosynthesis
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promoter-driven reporter gene construct is also expressed in roots and whether elements can
be distinguished which respond differently to externally applied signals.
In the spinach PsaF promoter a CAAT box is located near the transcription start site (at position
-178/-174). A similar motif has been found in the light-reactive promoter unit of the PsaD gene
in Nicotiana sylvestris [96]. A protein factor binding to such a motif has been isolated from
Arabidopsis thaliana and was shown to be regulated by light, cytokinin, and the stage of the
plastid [97]. While the CAAT box region appears to be sufficient for regulated expression of
AtpC, hardly any expression could be detected for a CAAT box containing PsaF fragment
lacking the region upstream of -179 [97, 98]. In gel retardation studies binding of a nuclear
factor to the adjacent PsaF promoter region -220/-179 could be demonstrated [99]. The -220/-179
region was not only shown to be a stimulator of PsaF expression, but also enhances expression
in response to different stimuli. It includes a GT–1 binding site (–194/–180) [100]. Results of
this study show that in transgenic tobacco roots this promoter region is crucial for the activation
by cytokinin, mastoparan and Ca2+. This suggests that phosphoinositides, such as inositol-3-
phosphate, and a Ca2+-dependent kinase are involved in regulating transcription factor activity
operating on this promoter region.
In higher plants, the function of the nuclear-encoded subunits has been elucidated in recent
years using RNAi (RNA interference), antisense techniques and insertional mutagenesis in
Arabidopsis thaliana [101]. This work has revealed non-essential functions of most nuclear-
encoded PSI subunits, with the exception of PsaD, which is essential for PSI accumulation and
is involved in the formation of the ferredoxinbinding site [101]. All other knockout mutants
displayed much weaker phenotypes, often including a reduced PSI content due to destabili‐
zation of the complex and sometimes showing altered antenna binding and exciton transfer
to the reaction centre [16].
6. Photoinhibition of PSI and response to abiotic stress
Plant chloroplasts include two large pigment-protein complexes, such as photosystem I and
photosystem II that are located within thylakoid membranes. The reaction centres of PSI and
PSII are formed by chlorophyll a-binding heterodimers, PsaA/PsaB and PsbA/PsbD proteins,
respectively. PSI and PSII are both organized into supercomplexes with variable amounts of
nuclear-encoded chlorophyll a/b-binding proteins forming light-harvesting antenna com‐
plexes around PSI (LHCI) and PSII (LHCII) (Figure 1).
Environmental factors such as temperature, UV-light, irradiance, drought and salinity are
known to affect photosynthesis in both cyanobacteria and plants (Figure 1). In cyanobacteria,
several studies have been reported on photosynthetic electron transport activities both under
salt and high light stress conditions in whole cells as well as thylakoid membranes[102,103].
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Figure 1. Schematic figure of oxidative stress effects on PSII and PSI
Photoinhibition of Photosystem I (PSI) was first reported by Jones and Kok [104], is the one
who originally called them ‘photoinhibition’ [105]. The subsequent studies revealed that the
activity of PSI could be photoinhibited in thylakoid membranes [106, 107] as well as in isolated
PSI complexes [108, 109]. However, PSI-specific photoinhibition was never observed in intact
leaves until 1994 [110]. The selective photoinhibition of PSI was first observed in cucumber
leaves treated at chilling temperatures [111]. In contrast PSI is generally believed to be less
sensitive to light stress and its photoprotection mechanisms were less investigated. Neverthe‐
less, several recent evidences showed that PSI can also be targeted by photoinhibition,
especially under chilling conditions and when the linear electron transport chain is unbalanced
[111, 112]. PSI photoprotection has been suggested to be mainly mediated by oxygen scav‐
enging enzymes (e.g., superoxide dismutase and ascorbate peroxidase) which efficiently
detoxify reactive species produced at the reducing side of Photosystem I [113]. A decreased
ability of these enzymes to scavenge ROS at low temperatures was proposed to be the reason
of the major PSI photo-sensitivity in chilling conditions [111, 112, 114]. As a summary,
processes during of PSI photoinhibition as follow;
1. Decreased rate of reducing power utilization by Calvin cycle enzymes (Rubisco) at low
temperature;
2. Photoinduced electron transfer from PS2 and reduction of PS1 electron acceptors (FeS
centres, Fd, NADP);
3. Cold-induced diminish of oxidative defense system (tAPX, sAPX etc.) capacity;
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4. Recombination of separated charges in PS1 reaction centres between P700+ and A0 – or
A1– and Chl triplet formation;
5. Energy migration from TChl to O2 and production of singlet oxygen 1O2;
6. Superoxide anion radical and H2O2 production in Mehler reaction;
7. Fenton reaction (OH• formation as result of interaction of H2O2 with reduced FeS-clusters);
8. Destruction of FeS-clusters by OH;
9. Inactive FeS-clusters induce the conformational changes of PS1 core complex proteins
facilitating its access for proteases;
10. Degradation of PsaB and PsaA gene products and release of 45 kDa and 51kDa proteins;
11. Processes (8) and (10) result PS1 photoinhibition
The eventual effect of the abiotic stress on plant growth and crop productivity is a result not
only of the extent of the damage but also on the capacity for recovery after the damage has
taken place. Although the recovery and repair of PSII after photoinhibition have been a subject
of many studies [115, 116, 117], there is very little known about the recovery and repair of PSI.
Teicher et. al. [118] showed that PSI recovery is a very slow process, which may take several
days even under optimal conditions in field-grown barley. A more recent study showed that
PSI damage in cucumber is not even completely reversible [119]
The few previous studies have not shown whether PSI repair is similar to PSII repair where
one particular subunit, D1, is specifically remade whereas the rest of the complex is reused
[120]. Clearly, the PSI repair process must involve some protein turnover but it is not known
whether the breakdown that is observed during photodamage is caused directly by the damage
or is part of the recovery process.
Light are highly unpredictable resource for plants and the changes in growth irradiance induce
several changes in biochemical and molecular composition of the plant cell. Murchie et al. [121]
showed that there are 99-light responsive genes which were down regulated and 130 were up-
regulated in rice during light treatment. Majority of these genes showed reduced levels of
expression in response to high light, whereas stress related genes showed increased level of
expression. In order to avoid over-excitation of chlorophyll protein complexes and photooxi‐
dation, a regulated degradation of LHC was observed in rice leaves along with a decline in
CP-24, PSI genes and a 10 kD PSII gene was also noticed under high light [121].
PS I has long been reported to be less affected than PSII by high light [105]. PSI in isolated
thylakoid membranes was inactivated by high light [122]. Since PSI is the terminal electron
carrier in the chloroplast, it was identified as a major site producing ROS and shown to be
closely associated with ROS-scavenging systems in the chloroplast [123]. The role of ROS
inactivating PSI reaction center and degradation of psaA and psaB under high light conditions
has been studied [124]. Very recently, Jiao et al [125] demonstrated that high light stress readily
photoinhibited PSI, following the loss of psaC as well as degradation of PSI reaction center
proteins (psaA and psaB). The findings suggest that PSI photoinhibition can be a limiting factor
in crop productivity under high light.
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Several studies demonstrated that thylakoid memebrane proteins were affected by salt stress.
In Synechococcus cells, NaCl at 0.5 M concentration inactivated both PSII and PSI due to the
changes in K/Na [102]. Lu and Voshak [126, 127] have also been demonstrated that salt stress
itself has no direct effect on PSII activity in Spirulina plantensis preincubated in the dark, but
the same salt stress in combination with Photosynthetically active radiation (PAR) led to block
of electron transport between QA and QB (primer and secondary quinine electron acceptors of
PSII), and the inhibition of PSII electron transport was proportional to the intensity of light. In
addition, it has been revealed that cyclic electron flow around PSI was enhanced during salt
stress in cyanobacteria [128,129]. Zhang et al. [103] observed that PSI activity in salt-stressed
cells increased. Sudhir et al. [130] also reported that salt stress induced an increase in PSI
activity. The increased PSI activity may be due to an increase in the content of P700 reaction
centers[131,132]. An increase in PSI activity should increase cyclic electron transport. Several
reports have shown that cyclic electron flow increases under salinity stress[130]. Hence, it
seems that an increase in PSI activity in salt-adapted cells may protect PSII from excessive
excitation energy under salt stress.
A few reports have shown the effects of metals on the activity of photosystem I (PSI) and some
of them was controversial. Neelam and Rai [133] reported that cadmium treatment inhibits
PSI activity in Microcystis sp. Zhou et al. [134] also suggested that the increase in PSI activity
results from the increase of cyclic electron transport around PSI, which increases of ATP
synthesis. At the same time, this cyclic electron transport around PSI is suggested to play an
important role in the synthesis of more ATP, which would provide more energy to maintain
proper defense system within the cell. In addition, Ivanov et al [135] showed that increased
PSI mediated cyclic electron transport would be observed in plants which was grown under
temperature / light stress conditions. It has been suggested that cyclic electron flow around
PSI is required to supply sufficient proton motive force to initiate energy-dependent excitation
quenching (qE). Jin et al. [136] showed that cyclic electron flow around PSI plays an important
role in the production of pH gradient across the thylakoid membrane (ΔpH) that leads to the
effective dissipation of excess excitation energy under high temperature conditions. Thus, the
increase in PSI activity resulting from the increase of cyclic electron transport around PSI could
be one of the adaptive mechanisms to stress conditions [137, 138, 139].
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1. Introduction
The application of knowledge with strong physiological basis of crop yield, allied to genetic
and environmental factors, is essential in developing proper practices for crop management
aiming high yields. Several aspects determine the performance of a particular crop plant in a
given environment, such as temperature, water availability, incidence of pests, plant genetics
and management applied. Although it is virtually impossible to control all these factors, plant
behavior can be assessed when submitted to different levels of these factors to understand how
the responses of the plant to that given stress are formed [1; 2].
Sugarcane is the most widely planted crop in Brazil for bioenergy, being grown in about 8.1
million hectares in the year 2011 [3]. The high yields associated to the suitability for fabrication
of ethanol, as well as easiness for bulk processing in high-capacity industrial facilities, catches
the attention from businessmen and researchers. Furthermore, this crop is currently consid‐
ered the best option for biofuel generation from the economical, energetic and environmental
points of view.
There is still a big gap between physiological, high-specialized studies and application of these
results for practical everyday crop management. Crop scientists, usually do not use physio‐
logical parameters in association to the directly measured variables as tools for supporting
their findings. Basic research materials, which support applied studies [1; 4; 2; 5], propose
changes to this scenario.
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Among the factors which limit sugarcane yield, the interference caused by weed species can
be highlighted. Weeds compete with sugarcane for resources as water, CO2, nutrients, physical
space and light, being responsible for considerable losses in crop yield and quality, also
reducing the useful life of the sugarcane plantation under high infestation levels. The useful
life of a sugarcane plantation is defined by the number of times the crop is able to sprout and
form new canes, which grow from the stubble, left behind from previous harvest (called ratoon
crop). Weed control is mandatory in sugarcane plantations, being the chemical control the most
widely used method, due to its high efficiency, easiness of use and low cost compared to other
control methods [6]. When plants are subjected to strong competition in the plant community,
physiological traits of growth and development are usually changed. This results in differences
in the use of environmental resources, especially water, which directly affects the availability
of CO2 in leaf mesophyll as well as leaf temperature, therefore, the photosynthetic efficiency.
Water competition can also affect the absorption of soil nutrients by sugarcane plants.
If from one side weeds are the main biotic factor that causes reduction in sugarcane yield,
herbicides used for weeds management are usually considered the main abiotic factor
impacting yields. Several herbicides are usually applied at high doses in sugarcane, often
causing high toxicity levels to the crop [7]. Herbicidal toxicity to sugarcane should not be
evaluated based only in visual symptoms, once there are herbicides known to reduce crop
yields with almost no external symptoms. There are some herbicides, however, known to cause
severe external toxicity symptoms, which disappear after some days with little to no impact
on final crop yield.
It is known that sugarcane varieties behave differently to some herbicides, and as consequence
it is common to observe different levels of intoxication by given herbicides [7]. Thus, there is
the need to classify varieties in terms of susceptibility to the most widely used herbicides for
weed control in sugarcane fields. The application of herbicides will, as mandatory, cause some
level of harm to crops – from almost no harm to near total plant death. These impacts are
sometimes not easily visible externally at the plant, but the physiological parameters would
be imbalanced resulting in lower plant performance. Because of that, more susceptible
parameters like the ones associated to the photosynthesis and water use of plants are essential
tools for monitoring herbicide safety for crops.
The data presented in this chapter includes the state-of-the-art about sugarcane susceptibility
to herbicides, plus the most up-to-date knowledge about this subject generated by a group of
researchers which are reference in herbicide physiology, from different Brazilian institutions.
Parameters associated to the photosynthetic efficiency, as CO2 concentration in the environ‐
ment and in the leaf mesophyll, leaf temperature, and parameters associated to the dynamics
of use of water - including Water Use Efficiency - impact the photosynthesis rate, thus affecting
yield.
2. Chemical weed control
The wide acceptance of chemical weed control with herbicides can be attributed to: (1) less
demand of human labor; (2) efficient even under rainy seasons; (3) efficient in controlling
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weeds at the crop row with no damage to crop root system; (4) essential tool for no-till planting
systems; (5) efficient in controlling vegetatively propagated weed species; and (6) allows free
decision about planting system (in rows, sowing) and crop row spacing [8].
It is important to consider, however, that an herbicide is a chemical molecule that should be
correctly managed to avoid human intoxication as well as environmental contamination [8].
The knowledge in plant physiology, chemical herbicide groups and technology of pesticide
application is essential for the success of the chemical weed control [9]. Surely there are risks
involved at this method, but if they are known they can be avoided and controlled.
Chemical weed control should be applied as an auxiliary method. Efforts should be focused
on the cultural method of weed management once it allows the best conditions for the
development of crops while at the same time creating barriers for the proper development of
seedlings of weed species [8; 9].
3. Traits related to the photosynthesis and water use efficiency
The photosynthesis rate surely is one of the main processes responsible for high crop yields,
but the liquid photosynthesis is a result of interaction among several processes, and each one
of these processes, alone or in sets, may limit plant gain in terms of photoassimilates [9]. The
genetic variation among species and even among biotypes of the same species may shift the
enzymatic mechanism and make a given species more capable than other in extracting or using
efficiently a given environmental resource, aiming to maximize its photosynthetic rate. Until
recently, it was widely accepted that light affected indirectly the stomatal opening through the
CO2 assimilation dependent on light – i.e., light increased the photosynthesis rate, which would
reduce the internal CO2 concentration in the leaf and as a consequence the stomata would open
[5; 10]. More accurate studies, however, concluded that stomatal response is less connected to
the internal CO2 concentration of the leaf than anticipated; most of the response to light in
stomatal opening is direct, not mediated by CO2 [10].
Distinct light regimes, both in terms of quantity and composition, influence almost all physio‐
logical processes like photosynthesis and respiration rates, affecting also variables like plant
height, fresh and dry mass and water content of the plant [11]. Water content, on the other hand,
shifts both the stem length and leaf area of the plant, in a way to adapt the plant to the amount
or quality of light intercepted [12]. Interspecific and intraspecific plant competition affects the
amount and the quality of the final product, as well as its efficiency in utilization of environmen‐
tal resources [13; 14]. This is noted when assessing physiological traits associated to photosyn‐
thesis, such as concentration of internal and external gases [15], light composition and intensity
[16] and mass accumulation by plants under different conditions.
Although gas exchange capability by stomata is considered a main limitation for photosyn‐
thetic CO2 assimilation [17], it is unlikely that gas exchange will limit the photosynthesis rate
when interacting with other factors. However, photosynthetic rate is directly related to the
photosynthetically active radiation (composition of light), to water availability and gas
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exchange. Plants have specific needs for light, predominantly in bands of red and blue [23].
When plants do not receive these wavelengths in a satisfactory manner, they need to adapt
themselves in order to survive [25]. When under competition for light, the red and far-red ratio
affected by shading is also important [16] and influences the photosynthetic efficiency [18].
4. Physiological parameters
Table 1 presents the main physiological parameters evaluated by the equipment called Infra Red
Gas Analyzer (IRGA). Details on the principles of measurements by this equipment, as well as
cares to be taken to avoid reading errors, can be found in [19], [20] and in the technical manual
of the equipment. Please note that the parameters available vary among equipments from
different manufacturers, as well as among models of the same manufacturer. Some of them (∆C,
Tleaf, ∆T and WUE) are usually not automatically supplied, but may be easily calculated based
on parameters supplied by most of the equipments. The measuring units of the parameters also
vary, and the most common units were adopted at Table 1. Water use efficiency (WUE) has
several interpretations and may be presented in several different units, for distinct purposes.
For a more comprehensive overview of this parameter, please consult [21].
Parameter Usual Unit Name and Description
A µmol m-2 s-1
Photosynthesis rate – Rate of incorporation of carbon molecules from the
air into biomass. Supplied by equipment.
E mol H2O m-2 s-1
Transpiration – Rate of water loss through stomata. Supplied by
equipment.
Gs mol m-1 s-1
Stomatal conductance - Rate of passage of either water vapor or carbon
dioxide through the stomata. Supplied by equipment.
Ci µmol mol-1
Internal CO2 concentration – Concentration of CO2 in the leaf mesophyll .
Supplied by equipment.
Ean mBar
Vapor pressure at sub-stomatal chamber – Water pressure at the sub-
stomatal zone within the leaf. Not supplied by some equipments.
∆C µmol mol-1
Carbon gradient – Gradient of CO2 between the interior and the exterior
of the leaf. Usually not supplied by equipment. May be calculated by the
difference between the CO2 of reference (supplied by equipment) and its
concentration at the mesophyll (Ci – supplied by equipment).
Tleaf °C Leaf temperature – Supplied by equipment in °C or °F.
∆T ∆ °C
Temperature gradient – Not supplied by equipment. May be calculated by
the difference between the temperature of the leaf (supplied by
equipment) and the environmental temperature (supplied by equipment).
WUE µmol CO2 mol H2O-1
Water use efficiency – Describes the relation between the rate of
incorporation of CO2 into biomass and the amount of water lost at the
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Parameter Usual Unit Name and Description
same time interval. Usually not supplied. May be calculated by dividing
photosynthesis (A) by transpiration (E). May be presented in several
distinct units.
A/Gs Curve*
Intrinsic water use efficiency – Not widely used, but describes a relation
between the actual photosynthesis rate and the stomatal conductance.
The original units of each parameter is maintained.
A/Ci Curve*
Photosynthesis / CO2 relation – Describes the curve of photosynthesis rate
as the concentration of CO2 within the leaf is increased. The original units
of each parameter is maintained.
Table 1. Physiological parameters usually available when using an Infra Red Gas Analyzer (IRGA). Parameters available
vary among manufacturers as well as among models of the same manufacturer. The equipment supplies some
parameters while others have to be calculated. * These data should be represented as a graph showing the relation
between variables as the concentration of one of them is increased; thus, the original units are maintained.
5. Photosynthesis
The photosynthesis (A) and thus the respiration, depend upon a constant flux of CO2 and O2
in and out of the cell; this free flux is a function of the concentration of CO2 (Ci) and O2 at the
intercellular spaces, which depend on the stomatal opening, major controller of the gas flux
through stomata [22; 23]. This is mainly controlled by the turgescence both of the guard cells
(which control stomatal opening) as well as by the epidermic cells at the stomata [24]. A low
water potential will promote reduction in stomatal opening and reduce the leaf conductance,
inhibiting photosynthesis and also the respiration [25], and increasing the gradient of CO2
concentration between the leaf mesophyll and the exterior of the leaf (∆C).
6. Water use efficiency
When plants are studied in terms of the efficiency they present when using water, the
parameters stomatal conductance of water vapor (Gs), vapor pressure at the sub-stomatal
chamber (Ean), transpiration rate (E) and water use efficiency (WUE) should be considered. The
WUE is obtained by the relation between CO2 incorporated in the plant and the amount of
water lost by transpiration during the same period [2]. The more efficient water use is directly
related to the photosynthetic efficiency as well as the dynamics of stomatal opening, because
while the plant absorbs CO2 for the photosynthesis, it also loses water to the atmosphere by
transpiration, in rates that depend on the potential gradient between the interior and the
exterior of the leaf [9]. Water exchange also allows the plant to keep adequate temperature
levels, which can be evaluated by the leaf temperature (Tleaf), as well as by the difference
between the leaf temperature and the temperature of the air surrounding the leaf (∆T).
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The original units of each parameter is maintained.
A/Ci Curve*
Photosynthesis / CO2 relation – Describes the curve of photosynthesis rate
as the concentration of CO2 within the leaf is increased. The original units
of each parameter is maintained.
Table 1. Physiological parameters usually available when using an Infra Red Gas Analyzer (IRGA). Parameters available
vary among manufacturers as well as among models of the same manufacturer. The equipment supplies some
parameters while others have to be calculated. * These data should be represented as a graph showing the relation
between variables as the concentration of one of them is increased; thus, the original units are maintained.
5. Photosynthesis
The photosynthesis (A) and thus the respiration, depend upon a constant flux of CO2 and O2
in and out of the cell; this free flux is a function of the concentration of CO2 (Ci) and O2 at the
intercellular spaces, which depend on the stomatal opening, major controller of the gas flux
through stomata [22; 23]. This is mainly controlled by the turgescence both of the guard cells
(which control stomatal opening) as well as by the epidermic cells at the stomata [24]. A low
water potential will promote reduction in stomatal opening and reduce the leaf conductance,
inhibiting photosynthesis and also the respiration [25], and increasing the gradient of CO2
concentration between the leaf mesophyll and the exterior of the leaf (∆C).
6. Water use efficiency
When plants are studied in terms of the efficiency they present when using water, the
parameters stomatal conductance of water vapor (Gs), vapor pressure at the sub-stomatal
chamber (Ean), transpiration rate (E) and water use efficiency (WUE) should be considered. The
WUE is obtained by the relation between CO2 incorporated in the plant and the amount of
water lost by transpiration during the same period [2]. The more efficient water use is directly
related to the photosynthetic efficiency as well as the dynamics of stomatal opening, because
while the plant absorbs CO2 for the photosynthesis, it also loses water to the atmosphere by
transpiration, in rates that depend on the potential gradient between the interior and the
exterior of the leaf [9]. Water exchange also allows the plant to keep adequate temperature
levels, which can be evaluated by the leaf temperature (Tleaf), as well as by the difference
between the leaf temperature and the temperature of the air surrounding the leaf (∆T).
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7. Interference of Brachiaria brizantha in the morphology and physiology
of sugarcane
The study was installed at the experimental station of Horta Nova, owned by the Federal
University of Viçosa (UFV), Viçosa-MG, Brazil, in an Acrisol. The planting of sugarcane was
carried out under conventional system of 1-year sugarcane, after the operations of plowing
and harrowing, in rows spaced in 1.4m. Planting density was 18 buds m-1 with fertilization
performed at planting according to the results of physicochemical analysis of the soil and
following the recommendations for the crop, using 500 kg ha-1 NPK 08-28-16, supplemented
by topdressing of 160 kg ha-1 KCl.
The experimental unit measured 8.4m wide by 5.0m long (42 m2 per plot). Treatments consisted
of 12 populations of B. brizantha, planted among three varieties of sugarcane, at the following
densities : 0, 1, 3, 7, 15, 32, 40, 32, 64, 92, 88, and 112 plants m-2; 0, 1, 4, 14, 10, 18, 28, 30, 36, 54,
52 and 72 plants m-2; 0, 1, 3, 6, 14, 20, 24, 26, 26, 32, 46 and 56 plants m-2, for the varieties RB72454,
RB867515 and SP801816, respectively.
The populations of B. brizantha were obtained by sowing 10 kg ha-1 of seeds, 10 days before the
emergence of sugarcane; densities for competition were established when plants were at the
stage of two leaves to one tiller through thinning, carried out with application of the herbicide
MSMA (Volcane® - 2 L ha-1). Random plants were covered with plastic cups before application,
in order to escape from the herbicide, resulting in the desired densities. Weeds other than B.
brizantha were controlled with 2,4-D or through manual hoeing, especially the new emergences
of B. brizantha. Herbicides were applied with a CO2-propelled backpack sprayer, coupled to a
2m wide bar with four spray nozzles Teejet TT 110.02, calibrated to spray 150 L ha-1.
The evaluations of the final populations of B. brizantha in each treatment were accomplished
90 days after crop emergence (DAE), with scores in two areas of 0.25 m2 (0.5 x 0.5 m) in each
experimental plot. At 120 DAE, the stalks diameter, the number of stalks, the plant height and
number of leaves per plant were measured. After these determinations, sugarcane plants were
sectioned at the soil level, and stalks were separated from leaves. The leaves were placed in
polystyrene boxes containing ice, to prevent dehydration, in order to determine the leaf area
(LA) in electronic equipment (Licor, model LI-3100C). After LA determination, stalks were
added to the corresponding leaves, and the material was placed inside ovens at 65 °C with
continuous air circulation, for determination of shoot dry mass.
The yield of stalks was estimated by counting stalks present in the four central rows of 0.5m,
disregarding borders on each side and front portion. Later, 30 stalks were collected at random
then weighed. With the average weight of stalks and number of stalks per unit area, sugarcane
yield was estimated in t ha-1.
At the same time of the morphological evaluations, the physiological parameters of the
treatments were evaluated by using an Infra Red Gas Analyzer (IRGA), model LCA Pro+. The
sub-stomatal CO2 concentration (Ci - μmol mol-1), photosynthesis rate (A - μmol m-2 s-1), a
stomatal conductance (GS – mol m-1 s-1), transpiration rate (E – mol H2O m-2 s-1) water use
efficiency (EUA – mol CO2 mol H2O-1) were obtained. To avoid excessive interference of the
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environmental parameters on the readings, each block of the experiment was evaluated in a
different day, between 07:00 and 10:00 am.
Data were tested for homoscedasticity and then submitted to analysis of variance. Subse‐
quently, analyses of linear and nonlinear regression were performed to evaluate the effects of
populations of B. brizantha on morphological traits of each sugarcane variety. The choice of the
most suitable model for each variable was based on the statistical significance (F-test), fitting
correlation coefficient (R2) and the biological significance of the model.
The leaf area (LA) of sugarcane was reduced as the population of B. brizantha was increased,
for varieties RB72454 and SP80-1816 (Figure 1A). Variety RB867515 was more tolerant to
competition with the weed, for the same variable, because constant values of LA were observed
with the increasing in the population of the competitor. Under competition, plants tend to have
lower leaf area, due to the allocation of a higher proportion of dry mass in stalks, making them
longer and raising the leaves in search for light. In addition, under this situation leaves usually
have smaller dimensions. Similar results were found by [26] who observed that the increase
in the population of ryegrass under competition with wheat, caused a decrease in leaf area but
did not alter the thickness of the leaves. In some cases, under competition leaves can also
become thinner, changing the leaf area while keeping constant weight. For varieties in which
leaf area was not affected, it may be necessary to determine whether there were changes in
leaf thickness in order to elucidate the mechanism of tolerance.
Figure 1. Leaf area (A) and shoot dry mass (B) of sugarcane varieties (•) RB72454, (o) RB758515, and (▼) SP801816
under competition with populations of Brachiaria brizantha. DFT/UFV, Viçosa-MG-Brazil, 2008/09.
The results show that there was less accumulation of dry mass (DM) in the variety RB72454 as
a function of increase in population of B. brizantha. Since the DM of varieties RB867515 and
SP80-1816 did not change with the increasing in weed population, it may be hypothesized they
are less affected by competition in the early stages of development (Figure 1B). High popula‐
tions of weeds extract more resources from the environment and therefore interfere with the
growth and accumulation of assimilates in crop plants, which is reflected in slower develop‐
ment of LA and the accumulation of plant DM [27].
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environmental parameters on the readings, each block of the experiment was evaluated in a
different day, between 07:00 and 10:00 am.
Data were tested for homoscedasticity and then submitted to analysis of variance. Subse‐
quently, analyses of linear and nonlinear regression were performed to evaluate the effects of
populations of B. brizantha on morphological traits of each sugarcane variety. The choice of the
most suitable model for each variable was based on the statistical significance (F-test), fitting
correlation coefficient (R2) and the biological significance of the model.
The leaf area (LA) of sugarcane was reduced as the population of B. brizantha was increased,
for varieties RB72454 and SP80-1816 (Figure 1A). Variety RB867515 was more tolerant to
competition with the weed, for the same variable, because constant values of LA were observed
with the increasing in the population of the competitor. Under competition, plants tend to have
lower leaf area, due to the allocation of a higher proportion of dry mass in stalks, making them
longer and raising the leaves in search for light. In addition, under this situation leaves usually
have smaller dimensions. Similar results were found by [26] who observed that the increase
in the population of ryegrass under competition with wheat, caused a decrease in leaf area but
did not alter the thickness of the leaves. In some cases, under competition leaves can also
become thinner, changing the leaf area while keeping constant weight. For varieties in which
leaf area was not affected, it may be necessary to determine whether there were changes in
leaf thickness in order to elucidate the mechanism of tolerance.
Figure 1. Leaf area (A) and shoot dry mass (B) of sugarcane varieties (•) RB72454, (o) RB758515, and (▼) SP801816
under competition with populations of Brachiaria brizantha. DFT/UFV, Viçosa-MG-Brazil, 2008/09.
The results show that there was less accumulation of dry mass (DM) in the variety RB72454 as
a function of increase in population of B. brizantha. Since the DM of varieties RB867515 and
SP80-1816 did not change with the increasing in weed population, it may be hypothesized they
are less affected by competition in the early stages of development (Figure 1B). High popula‐
tions of weeds extract more resources from the environment and therefore interfere with the
growth and accumulation of assimilates in crop plants, which is reflected in slower develop‐
ment of LA and the accumulation of plant DM [27].
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With the increase in the population of B. brizantha, it was observed increase in stalk diameter,
except for the variety RB72454 (Figure 2A). Diameter increase is generally attributed to a
smaller number of tillers. The stalk diameter is directly related to the availability of resources
for the crop; in case of lower resource availability, some tillers may be aborted with a possible
increasing in the thickness of the remaining ones [28]. In a global context, plants are highly
responsive to stress, whether natural or man-imposed, by changing their morphology towards
a necessary adaptation for their survival [29].
Figure 2. Stalk diameter (A) and number of stalks (B) of the sugarcane varieties (•) RB72454, (o) RB758515, and (▼)
SP801816 under competition with populations of Brachiaria brizantha. DFT/UFV, Viçosa-MG-Brazil, 2008/09.
It was also observed a reduction in the number of stalks per meter, with increases in the
population of the weed for RB72454, while the other varieties were not affected (Figure 2B).
This demonstrates that RB72454 is more susceptible to competition compared to the other
varieties. The number of stalks of RB72454 was reduced until the population of 10 plants m-2
of B. brizantha (Figure 2B).
Differences in competitive ability of crops versus weeds were observed by several researchers:
sugarcane with signalgrass [30], soybean with oil radish [34], rice with barnyardgrass [31], rice
with red rice [32], and sorghum with Johnsongrass [33]. Temperature, humidity, soil fertility
and light are the major determinants of plant growth, each of these elements may be more or
less limiting in specific situations [29].
With increases in the population of B. brizantha, there was an increase in plant height of varieties
RB867515 and SP80-1816 (Figure 3A). The competition mainly for light, leads to the tendency
of plants to invest more photosynthates in height, increasing the interception and shadowing
other competing plants [35]. Competition for light between plant communities begins very
early, affecting early apical dominance [36].
Some authors hypothesized that ecotypes (or varieties) of the same species might have
differential capacity to adapt to distinct light intensities [37; 38]. Researches emphasize that all
individuals of the same species are technically able to adjust their physiology to the light
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intensity to which they are exposed, i.e., an individual which grew originally in the sun can
adapt itself to a shaded environment and vice versa [39; 40]. Thus, it is implied that the varieties
of sugarcane that develop simultaneously and more rapidly in height and leaf area compete
more effectively for light.
The number of leaves per plant of the variety RB72454 was negatively influenced by increasing
the plant population of B. brizantha (Figure 3B), and under these circumstances the variety
RB72454 again proved to be less competitive than the others when in the presence of the
competitor.
The stalk yield was reduced with the increase in the population of B. brizantha, stabilizing losses
in populations of about 40 plants m-2 of the competitor, for all varieties (Figure 4). It should be
noted that increased competition between sugarcane and B. brizantha caused reduction also in
crop tillering and, consequently, fewer stems were obtained per area. According to [41] and
[8], a fast and uniform initial growth is essential for obtaining a good stand, enabling the rapid
closure of the canopy, which leads to better utilization of light energy and more effective
suppression of weeds. Beyond 40 plants m-2 of the competitor the intraspecific competition
between plants of B. brizantha could have been too strong, thus reducing the potential for
competition of individual plants.
The substomatal CO2 concentration (Ci) decreased with increasing plant population of B.
brizantha  for  RB72454  (Figure  5).  Ci  is  mainly  influenced  by  stomatal  conductance  and
photosynthetic  activity,  being  considered  a  physiological  variable  influenced  by  many
environmental factors such as water availability, light and others [9]. The variety RB72454
presented higher Ci when compared to SP80-1816 [42]. Differences in Ci among rice varieties
were observed [43], and only one cultivar was influenced by the competition in this variable.
Changes in the values of Gs (Figure 6) for RB72454 help explaining the lower Ci found for
the same variety. With lower Gs there is a lower influx of CO2 to the inner space of the leaf,
thus, reducing the concentration of substrate (C) leading to limitations in the photosynthet‐
ic activity.
Figure 3. Plant height (A) and number of leaves per plant (B) of the sugarcane varieties (•) RB72454, (o) RB758515,
and (▼) SP801816 under competition with populations of Brachiaria brizantha. DFT/UFV, Viçosa-MG-Brazil, 2008/09.
Influence of Biotic and Abiotic Stress Factors on Physiological Traits of Sugarcane Varieties
http://dx.doi.org/10.5772/55255
193
With the increase in the population of B. brizantha, it was observed increase in stalk diameter,
except for the variety RB72454 (Figure 2A). Diameter increase is generally attributed to a
smaller number of tillers. The stalk diameter is directly related to the availability of resources
for the crop; in case of lower resource availability, some tillers may be aborted with a possible
increasing in the thickness of the remaining ones [28]. In a global context, plants are highly
responsive to stress, whether natural or man-imposed, by changing their morphology towards
a necessary adaptation for their survival [29].
Figure 2. Stalk diameter (A) and number of stalks (B) of the sugarcane varieties (•) RB72454, (o) RB758515, and (▼)
SP801816 under competition with populations of Brachiaria brizantha. DFT/UFV, Viçosa-MG-Brazil, 2008/09.
It was also observed a reduction in the number of stalks per meter, with increases in the
population of the weed for RB72454, while the other varieties were not affected (Figure 2B).
This demonstrates that RB72454 is more susceptible to competition compared to the other
varieties. The number of stalks of RB72454 was reduced until the population of 10 plants m-2
of B. brizantha (Figure 2B).
Differences in competitive ability of crops versus weeds were observed by several researchers:
sugarcane with signalgrass [30], soybean with oil radish [34], rice with barnyardgrass [31], rice
with red rice [32], and sorghum with Johnsongrass [33]. Temperature, humidity, soil fertility
and light are the major determinants of plant growth, each of these elements may be more or
less limiting in specific situations [29].
With increases in the population of B. brizantha, there was an increase in plant height of varieties
RB867515 and SP80-1816 (Figure 3A). The competition mainly for light, leads to the tendency
of plants to invest more photosynthates in height, increasing the interception and shadowing
other competing plants [35]. Competition for light between plant communities begins very
early, affecting early apical dominance [36].
Some authors hypothesized that ecotypes (or varieties) of the same species might have
differential capacity to adapt to distinct light intensities [37; 38]. Researches emphasize that all
individuals of the same species are technically able to adjust their physiology to the light
Photosynthesis192
intensity to which they are exposed, i.e., an individual which grew originally in the sun can
adapt itself to a shaded environment and vice versa [39; 40]. Thus, it is implied that the varieties
of sugarcane that develop simultaneously and more rapidly in height and leaf area compete
more effectively for light.
The number of leaves per plant of the variety RB72454 was negatively influenced by increasing
the plant population of B. brizantha (Figure 3B), and under these circumstances the variety
RB72454 again proved to be less competitive than the others when in the presence of the
competitor.
The stalk yield was reduced with the increase in the population of B. brizantha, stabilizing losses
in populations of about 40 plants m-2 of the competitor, for all varieties (Figure 4). It should be
noted that increased competition between sugarcane and B. brizantha caused reduction also in
crop tillering and, consequently, fewer stems were obtained per area. According to [41] and
[8], a fast and uniform initial growth is essential for obtaining a good stand, enabling the rapid
closure of the canopy, which leads to better utilization of light energy and more effective
suppression of weeds. Beyond 40 plants m-2 of the competitor the intraspecific competition
between plants of B. brizantha could have been too strong, thus reducing the potential for
competition of individual plants.
The substomatal CO2 concentration (Ci) decreased with increasing plant population of B.
brizantha  for  RB72454  (Figure  5).  Ci  is  mainly  influenced  by  stomatal  conductance  and
photosynthetic  activity,  being  considered  a  physiological  variable  influenced  by  many
environmental factors such as water availability, light and others [9]. The variety RB72454
presented higher Ci when compared to SP80-1816 [42]. Differences in Ci among rice varieties
were observed [43], and only one cultivar was influenced by the competition in this variable.
Changes in the values of Gs (Figure 6) for RB72454 help explaining the lower Ci found for
the same variety. With lower Gs there is a lower influx of CO2 to the inner space of the leaf,
thus, reducing the concentration of substrate (C) leading to limitations in the photosynthet‐
ic activity.
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Figure 5. Substomatal CO2 concentration (Ci - µmol mol-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼)
SP8018-16 under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.Figure
Figure 6. Stomatal conductante (Gs - mol m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼)
SP80-1816 under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
Figure 4. Stalks yield (t ha-1) of the sugarcane varieties (•) RB72454, (o) RB758515, and (▼) SP801816 under competi‐
tion with populations of Brachiaria brizantha. DFT/UFV, Viçosa-MG-Brazil, 2008/09.
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There was a reduction in stomatal conductance (Gs) of the sugarcane with increasing plant
population of B. brizantha (up to 16 plants m-2) for the variety RB72454; the others presented
stable Gs (Figure 6). Corroborating these results, there were no differences between the values
of Gs among varieties in a study conducted by [42] under field conditions. Differential
responses of reduced Gs in plants subjected to competition were also observed for the rice
crop, where only one variety showed reduction in this variable [43].
The transpiration rate (E) for RB867515 and RB72454 was reduced as the density of plants of
B. brizantha was increased; for the former, this reduction was observed until 40 plants m-2 of
the competitor, being stabilized under higher competition intensities (Figure 7). The reduction
of E is directly related to water availability to plants [9], thus as the plant density was increased,
the competition for water in the soil was also more serious.
Figure 7. Transpiration rate (E - mol H2O m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816
under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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Figure 8. Photosynthesis rate (A - μmol m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816 under competition with 
populations of Brachiria brizantha  DFT/UFV, Viçosa-MG, Brazil, 2008/09. 
A reduction in the photosynthesis rate (A) for RB72454 was observed, with the increase in the density of the competitor, being the 
same not observed for the other varieties (Figure 8). Photosynthesis rate is limited, in this case, by the reduced availability of CO2 in 
the inner space of the leaf due to the lower influx of CO2, as observed for Ci and Gs. However, some plants are more efficient in the 
stomatal adjustment, so that even with a small reduction in water availability there is not necessarily a reduction in the 
photosynthesis rate [9]. 
Some environmental factors impact the stomatal regulation, such as water stress, because highly negative water potentials induce 
stomatal closure with a consequent reduction in stomatal conductance [9], reducing the influx of CO2 to the leaves and limiting the 
photosynthesis by deficiency of substrate. The nutritional deficiency may also lead to deficiency, for example, of proteins, enzymes 
and nutrients, such as potassium, which acts directly on the stomatal adjustment, and such deficiency could limit the 
photosynthesis rate [14]. From the results it is unlikely that the photosynthetic activity of plants was limited by the interference of 
radiation, or by the smaller change in the proportion of red and far-red light, because in this case, there would most likely be no 
changes in Ci and Gs [9]. 
The water use efficiency (WUE) is characterized as the amount of water lost by transpiration while a certain amount of CO2 is 
captured for dry mass accumulation. Thus, plants, which present high photosynthesis rate while losing small amounts of water 
through transpiration, are considered more efficient in the use of water [9]. As the density of B. brizantha was increased, there was a 
reduction in WUE of the variety RB72454, with higher effect in the lower populations of the competitor (Figure 9). This may be an 
indicator that this variety, under competition with Brachiaria, is able to keep the photosynthesis rate under conditions of lower 
water availability. The other varieties presented a reduction in A compatible with the reductions observed in E, which resulted in 
stable WUE. Some researchers have observed that differences occur between the WUE in varieties of rice [43] and sugarcane [42] 
when subjected to both intra- and inter-specific competitions. 
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Figure 9. Water use efficiency (WUE - mol CO2 mol H2O-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816 under competition 
with populations of Brachiria brizantha  DFT/UFV, Viçosa-MG, Brazil, 2008/09. 
Based on the results, the infestation of B. brizantha interferes in the morphological components of sugarcane varieties, by reducing 
leaf area, shoot dry mass, diameter and number of stalks, plant height and number of leaves. The average yields of stalks for the 
three varieties studied showed a reduction of about 60 t ha-1 when competing with the higher levels of infestation; the variety 
RB72454 was the most affected by competition with B. brizantha. 
In relation to the physiological components, the variety RB72454 suffered the greatest effect by the competition for environmental 
resources, particularly for light and water, as the density of B. brizantha was increased. The photosynthesis rate and water use 
Figure 8. Photosynthesis rate (A - µmol m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816
under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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Figure 5. Substomatal CO2 concentration (Ci - µmol mol-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼)
SP8018-16 under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.Figure
Figure 6. Stomatal conductante (Gs - mol m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼)
SP80-1816 under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
Figure 4. Stalks yield (t ha-1) of the sugarcane varieties (•) RB72454, (o) RB758515, and (▼) SP801816 under competi‐
tion with populations of Brachiaria brizantha. DFT/UFV, Viçosa-MG-Brazil, 2008/09.
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There was a reduction in stomatal conductance (Gs) of the sugarcane with increasing plant
population of B. brizantha (up to 16 plants m-2) for the variety RB72454; the others presented
stable Gs (Figure 6). Corroborating these results, there were no differences between the values
of Gs among varieties in a study conducted by [42] under field conditions. Differential
responses of reduced Gs in plants subjected to competition were also observed for the rice
crop, where only one variety showed reduction in this variable [43].
The transpiration rate (E) for RB867515 and RB72454 was reduced as the density of plants of
B. brizantha was increased; for the former, this reduction was observed until 40 plants m-2 of
the competitor, being stabilized under higher competition intensities (Figure 7). The reduction
of E is directly related to water availability to plants [9], thus as the plant density was increased,
the competition for water in the soil was also more serious.
Figure 7. Transpiration rate (E - mol H2O m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816
under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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Figure 8. Photosynthesis rate (A - μmol m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816 under competition with 
populations of Brachiria brizantha  DFT/UFV, Viçosa-MG, Brazil, 2008/09. 
A reduction in the photosynthesis rate (A) for RB72454 was observed, with the increase in the density of the competitor, being the 
same not observed for the other varieties (Figure 8). Photosynthesis rate is limited, in this case, by the reduced availability of CO2 in 
the inner space of the leaf due to the lower influx of CO2, as observed for Ci and Gs. However, some plants are more efficient in the 
stomatal adjustment, so that even with a small reduction in water availability there is not necessarily a reduction in the 
photosynthesis rate [9]. 
Some environmental factors impact the stomatal regulation, such as water stress, because highly negative water potentials induce 
stomatal closure with a consequent reduction in stomatal conductance [9], reducing the influx of CO2 to the leaves and limiting the 
photosynthesis by deficiency of substrate. The nutritional deficiency may also lead to deficiency, for example, of proteins, enzymes 
and nutrients, such as potassium, which acts directly on the stomatal adjustment, and such deficiency could limit the 
photosynthesis rate [14]. From the results it is unlikely that the photosynthetic activity of plants was limited by the interference of 
radiation, or by the smaller change in the proportion of red and far-red light, because in this case, there would most likely be no 
changes in Ci and Gs [9]. 
The water use efficiency (WUE) is characterized as the amount of water lost by transpiration while a certain amount of CO2 is 
captured for dry mass accumulation. Thus, plants, which present high photosynthesis rate while losing small amounts of water 
through transpiration, are considered more efficient in the use of water [9]. As the density of B. brizantha was increased, there was a 
reduction in WUE of the variety RB72454, with higher effect in the lower populations of the competitor (Figure 9). This may be an 
indicator that this variety, under competition with Brachiaria, is able to keep the photosynthesis rate under conditions of lower 
water availability. The other varieties presented a reduction in A compatible with the reductions observed in E, which resulted in 
stable WUE. Some researchers have observed that differences occur between the WUE in varieties of rice [43] and sugarcane [42] 
when subjected to both intra- and inter-specific competitions. 
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Figure 9. Water use efficiency (WUE - mol CO2 mol H2O-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816 under competition 
with populations of Brachiria brizantha  DFT/UFV, Viçosa-MG, Brazil, 2008/09. 
Based on the results, the infestation of B. brizantha interferes in the morphological components of sugarcane varieties, by reducing 
leaf area, shoot dry mass, diameter and number of stalks, plant height and number of leaves. The average yields of stalks for the 
three varieties studied showed a reduction of about 60 t ha-1 when competing with the higher levels of infestation; the variety 
RB72454 was the most affected by competition with B. brizantha. 
In relation to the physiological components, the variety RB72454 suffered the greatest effect by the competition for environmental 
resources, particularly for light and water, as the density of B. brizantha was increased. The photosynthesis rate and water use 
Figure 8. Photosynthesis rate (A - µmol m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816
under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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A reduction in the photosynthesis rate (A) for RB72454 was observed, with the increase in the
density of the competitor, being the same not observed for the other varieties (Figure 8).
Photosynthesis rate is limited, in this case, by the reduced availability of CO2 in the inner space
of the leaf due to the lower influx of CO2, as observed for Ci and Gs. However, some plants
are more efficient in the stomatal adjustment, so that even with a small reduction in water
availability there is not necessarily a reduction in the photosynthesis rate [9].
Some environmental factors impact the stomatal regulation, such as water stress, because
highly negative water potentials induce stomatal closure with a consequent reduction in
stomatal conductance [9], reducing the influx of CO2 to the leaves and limiting the photosyn‐
thesis by deficiency of substrate. The nutritional deficiency may also lead to deficiency, for
example, of proteins, enzymes and nutrients, such as potassium, which acts directly on the
stomatal adjustment, and such deficiency could limit the photosynthesis rate [14]. From the
results it is unlikely that the photosynthetic activity of plants was limited by the interference
of radiation, or by the smaller change in the proportion of red and far-red light, because in this
case, there would most likely be no changes in Ci and Gs [9].
The water use efficiency (WUE) is characterized as the amount of water lost by transpiration
while a certain amount of CO2 is captured for dry mass accumulation. Thus, plants, which
present high photosynthesis rate while losing small amounts of water through transpiration,
are considered more efficient in the use of water [9]. As the density of B. brizantha was increased,
there was a reduction in WUE of the variety RB72454, with higher effect in the lower popula‐
tions of the competitor (Figure 9). This may be an indicator that this variety, under competition
with Brachiaria, is able to keep the photosynthesis rate under conditions of lower water
availability. The other varieties presented a reduction in A compatible with the reductions
observed in E, which resulted in stable WUE. Some researchers have observed that differences
occur between the WUE in varieties of rice [43] and sugarcane [42] when subjected to both
intra- and inter-specific competitions.
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Figure 8. Photosynthesis rate (A - μmol m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816 under competition with 
populations of Brachiria brizantha  DFT/UFV, Viçosa-MG, Brazil, 2008/09. 
A reduction in the photosynthesis rate (A) for RB72454 was observed, with the increase in the density of the competitor, being the 
same not observed for the other varieties (Figure 8). Photosynthesis rate is limited, in this case, by the reduced availability of CO2 in 
the inner space of the leaf due to the lower influx of CO2, as observed for Ci and Gs. However, some plants are more efficient in the 
stomatal adjustment, so that even with a small reduction in water availability there is not necessarily a reduction in the 
photosynthesis rate [9]. 
Some environmental factors impact the stomatal regulation, such as water stress, because highly negative water potentials induce 
stomatal closure with a consequent reduction in stomatal conductance [9], reducing the influx of CO2 to the leaves and limiting the 
photosynthesis by deficiency of substrate. The nutritional deficiency may also lead to deficiency, for example, of proteins, enzymes 
and nutrients, such as potassium, which acts directly on the stomatal adjustment, and such deficiency could limit the 
photosynthesis rate [14]. From the results it is unlikely that the photosynthetic activity of plants was limited by the interference of 
radiation, or by the smaller change in the proportion of red and far-red light, because in this case, there would most likely be no 
changes in Ci and Gs [9]. 
The water use efficiency (WUE) is characterized as the amount of water lost by transpiration while a certain amount of CO2 is 
captured for dry mass accumulation. Thus, plants, which present high photosynthesis rate while losing small amounts of water 
through transpiration, are considered more efficient in the use of water [9]. As the density of B. brizantha was increased, there was a 
reduction in WUE of the variety RB72454, with higher effect in the lower populations of the competitor (Figure 9). This may be an 
indicator that this variety, under competition with Brachiaria, is able to keep the photosynthesis rate under conditions of lower 
water ava lability. Th  other varieties presented a reduction i  A compa ible with the reductions observed in E, which resulted in 
stable WUE. Some researchers have observed that differences occur between the WUE in varieties of rice [43] and sugarcane [42] 
when subjected to both intra- and inter-specific competitions. 
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Figure 9. Water use efficiency (WUE - mol CO2 mol H2O-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816 under competition 
with populations of Brachiria brizantha  DFT/UFV, Viçosa-MG, Brazil, 2008/09. 
Based on the results, the infestation of B. brizantha interferes in the morphological components of sugarcane varieties, by reducing 
leaf area, shoot dry mass, diameter and number of stalks, plant height and number of leaves. The average yields of stalks for the 
three varieties studied showed a reduction of about 60 t ha-1 when competing with the higher levels of infestation; the variety 
RB72454 was the most affected by competition with B. brizantha. 
In relation to the physiological components, the variety RB72454 suffered the greatest effect by the competition for environmental 
resources, particularly for light and water, as the density of B. brizantha was increased. The photosynthesis rate and water use 
Figure 9. Water use efficiency (WUE - mol CO2 mol H2O-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼)
SP80-1816 under competition with populations of Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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Based on the results, the infestation of B. brizantha interferes in the morphological components
of sugarcane varieties, by reducing leaf area, shoot dry mass, diameter and number of stalks,
plant height and number of leaves. The average yields of stalks for the three varieties studied
showed a reduction of about 60 t ha-1 when competing with the higher levels of infestation;
the variety RB72454 was the most affected by competition with B. brizantha.
In relation to the physiological components, the variety RB72454 suffered the greatest effect
by the competition for environmental resources, particularly for light and water, as the density
of B. brizantha was increased. The photosynthesis rate and water use efficiency from sugarcane
are limited as the competition with B. brizantha is increased, due to factors that lead to lower
influx of CO2 into the leaves of the crop, and the consequent higher transpiration. The varieties
of sugarcane present differential susceptibility to the competition imposed by B. brizantha, and
the variety RB72454 is highlighted as the most sensitive to competition among the tested.
8. Changes in physiological traits of sugarcane varieties under herbicide
application
The experiment was installed in a randomized block design, with three replications in a
fact rial scheme 3 x 8. Factor A consisted of sugarcane varieties (RB867515, RB855156 and
SP80-1816) and factor B by the herbicides tembotrione (Soberan® 200 mL ha1 + Aureo® 1,0 L
ha-1); MSMA (Volcane® 3,0 L ha-1); diuron + hexazinone (Velpar-K GRDA® 2,0 kg ha-1);
sulfentrazone (Solara® 1,2 L ha-1); trifloxysulfuron-sodium (Envoke® 30,0 g ha-1+ Extravon®
0,2% v/v); tebuthiuron (Combine 500 SC® 2,0 L ha-1); clomazone (Gamit® 3,0 L ha-1), plus a check
treatment with no herbicide.
The experimental units consisted of plastic pots containing 12 dm3 of substrate - Red Latosol,
previously limed and fertilized according to the analysis: pH water 4.3; OM = 2.5 dag kg1; P =
1.5 mg dm3; K = 40 mg dm3; Al3+ = 0.5 cmol c dm3 ; Ca2+ = 1.3 cmol c dm3; Mg2+ = 0.2 cmol c
dm3; CTC(t) = 2.1 cmol c dm3; CTC( T ) = 6.39 cmol c dm3; H+Al = 4.79 cmol c dm3; SB = 1.6 cmol
c dm3; V = 25%; and clay = 38%. After filling out pot with the substrate, two buds of sugarcane
were planted in each experimental unit. Ten days after emergence (DAE) only one plant was
left per pot. Herbicide application was accomplished 50 DAE of sugarcane, at the stage of four
to six fully expanded leaves. For the application, it was used a backpack sprayer, propelled by
CO2 and connected to a 2m wide bar with four nozzles Teejet TT 110.02, calibrated to spray
150 L ha1. Forty five days after application of the herbicides, physiological evaluations were
done in the middle third of the first fully expanded leaf of the main tiller of the sugarcane
plants. For that, an Infra Red Gas Analyzer (IRGA LCA Pro+) was used, in an open greenhouse,
allowing free movement of the air. The photosynthesis rate (mol m2 s1), stomatal conductance
of water vapor (Gs - mol m1 s1), transpiration rate (E - mol H2O m2 s1) and the water use
efficiency (WUE - mol CO2 mol H2O1) were obtained. The evaluations were conducted between
7:00 and 10:00 am. All data was analyzed by the F-test, and when significant, means were
grouped by the test of Scott-knot at 5% probability.
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A reduction in the photosynthesis rate (A) for RB72454 was observed, with the increase in the
density of the competitor, being the same not observed for the other varieties (Figure 8).
Photosynthesis rate is limited, in this case, by the reduced availability of CO2 in the inner space
of the leaf due to the lower influx of CO2, as observed for Ci and Gs. However, some plants
are more efficient in the stomatal adjustment, so that even with a small reduction in water
availability there is not necessarily a reduction in the photosynthesis rate [9].
Some environmental factors impact the stomatal regulation, such as water stress, because
highly negative water potentials induce stomatal closure with a consequent reduction in
stomatal conductance [9], reducing the influx of CO2 to the leaves and limiting the photosyn‐
thesis by deficiency of substrate. The nutritional deficiency may also lead to deficiency, for
example, of proteins, enzymes and nutrients, such as potassium, which acts directly on the
stomatal adjustment, and such deficiency could limit the photosynthesis rate [14]. From the
results it is unlikely that the photosynthetic activity of plants was limited by the interference
of radiation, or by the smaller change in the proportion of red and far-red light, because in this
case, there would most likely be no changes in Ci and Gs [9].
The water use efficiency (WUE) is characterized as the amount of water lost by transpiration
while a certain amount of CO2 is captured for dry mass accumulation. Thus, plants, which
present high photosynthesis rate while losing small amounts of water through transpiration,
are considered more efficient in the use of water [9]. As the density of B. brizantha was increased,
there was a reduction in WUE of the variety RB72454, with higher effect in the lower popula‐
tions of the competitor (Figure 9). This may be an indicator that this variety, under competition
with Brachiaria, is able to keep the photosynthesis rate under conditions of lower water
availability. The other varieties presented a reduction in A compatible with the reductions
observed in E, which resulted in stable WUE. Some researchers have observed that differences
occur between the WUE in varieties of rice [43] and sugarcane [42] when subjected to both
intra- and inter-specific competitions.
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Figure 8. Photosynthesis rate (A - μmol m-2 s-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816 under competition with 
populations of Brachiria brizantha  DFT/UFV, Viçosa-MG, Brazil, 2008/09. 
A reduction in the photosynthesis rate (A) for RB72454 was observed, with the increase in the density of the competitor, being the 
same not observed for the other varieties (Figure 8). Photosynthesis rate is limited, in this case, by the reduced availability of CO2 in 
the inner space of the leaf due to the lower influx of CO2, as observed for Ci and Gs. However, some plants are more efficient in the 
stomatal adjustment, so that even with a small reduction in water availability there is not necessarily a reduction in the 
photosynthesis rate [9]. 
Some environmental factors impact the stomatal regulation, such as water stress, because highly negative water potentials induce 
stomatal closure with a consequent reduction in stomatal conductance [9], reducing the influx of CO2 to the leaves and limiting the 
photosynthesis by deficiency of substrate. The nutritional deficiency may also lead to deficiency, for example, of proteins, enzymes 
and nutrients, such as potassium, which acts directly on the stomatal adjustment, and such deficiency could limit the 
photosynthesis rate [14]. From the results it is unlikely that the photosynthetic activity of plants was limited by the interference of 
radiation, or by the smaller change in the proportion of red and far-red light, because in this case, there would most likely be no 
changes in Ci and Gs [9]. 
The water use efficiency (WUE) is characterized as the amount of water lost by transpiration while a certain amount of CO2 is 
captured for dry mass accumulation. Thus, plants, which present high photosynthesis rate while losing small amounts of water 
through transpiration, are considered more efficient in the use of water [9]. As the density of B. brizantha was increased, there was a 
reduction in WUE of the variety RB72454, with higher effect in the lower populations of the competitor (Figure 9). This may be an 
indicator that this variety, under competition with Brachiaria, is able to keep the photosynthesis rate under conditions of lower 
water ava lability. Th  other varieties presented a reduction i  A compa ible with the reductions observed in E, which resulted in 
stable WUE. Some researchers have observed that differences occur between the WUE in varieties of rice [43] and sugarcane [42] 
when subjected to both intra- and inter-specific competitions. 
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Figure 9. Water use efficiency (WUE - mol CO2 mol H2O-1) of sugarcane varieties (●) RB72454, (○) RB857515 and (▼) SP80-1816 under competition 
with populations of Brachiria brizantha  DFT/UFV, Viçosa-MG, Brazil, 2008/09. 
Based on the results, the infestation of B. brizantha interferes in the morphological components of sugarcane varieties, by reducing 
leaf area, shoot dry mass, diameter and number of stalks, plant height and number of leaves. The average yields of stalks for the 
three varieties studied showed a reduction of about 60 t ha-1 when competing with the higher levels of infestation; the variety 
RB72454 was the most affected by competition with B. brizantha. 
In relation to the physiological components, the variety RB72454 suffered the greatest effect by the competition for environmental 
resources, particularly for light and water, as the density of B. brizantha was increased. The photosynthesis rate and water use 
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Based on the results, the infestation of B. brizantha interferes in the morphological components
of sugarcane varieties, by reducing leaf area, shoot dry mass, diameter and number of stalks,
plant height and number of leaves. The average yields of stalks for the three varieties studied
showed a reduction of about 60 t ha-1 when competing with the higher levels of infestation;
the variety RB72454 was the most affected by competition with B. brizantha.
In relation to the physiological components, the variety RB72454 suffered the greatest effect
by the competition for environmental resources, particularly for light and water, as the density
of B. brizantha was increased. The photosynthesis rate and water use efficiency from sugarcane
are limited as the competition with B. brizantha is increased, due to factors that lead to lower
influx of CO2 into the leaves of the crop, and the consequent higher transpiration. The varieties
of sugarcane present differential susceptibility to the competition imposed by B. brizantha, and
the variety RB72454 is highlighted as the most sensitive to competition among the tested.
8. Changes in physiological traits of sugarcane varieties under herbicide
application
The experiment was installed in a randomized block design, with three replications in a
fact rial scheme 3 x 8. Factor A consisted of sugarcane varieties (RB867515, RB855156 and
SP80-1816) and factor B by the herbicides tembotrione (Soberan® 200 mL ha1 + Aureo® 1,0 L
ha-1); MSMA (Volcane® 3,0 L ha-1); diuron + hexazinone (Velpar-K GRDA® 2,0 kg ha-1);
sulfentrazone (Solara® 1,2 L ha-1); trifloxysulfuron-sodium (Envoke® 30,0 g ha-1+ Extravon®
0,2% v/v); tebuthiuron (Combine 500 SC® 2,0 L ha-1); clomazone (Gamit® 3,0 L ha-1), plus a check
treatment with no herbicide.
The experimental units consisted of plastic pots containing 12 dm3 of substrate - Red Latosol,
previously limed and fertilized according to the analysis: pH water 4.3; OM = 2.5 dag kg1; P =
1.5 mg dm3; K = 40 mg dm3; Al3+ = 0.5 cmol c dm3 ; Ca2+ = 1.3 cmol c dm3; Mg2+ = 0.2 cmol c
dm3; CTC(t) = 2.1 cmol c dm3; CTC( T ) = 6.39 cmol c dm3; H+Al = 4.79 cmol c dm3; SB = 1.6 cmol
c dm3; V = 25%; and clay = 38%. After filling out pot with the substrate, two buds of sugarcane
were planted in each experimental unit. Ten days after emergence (DAE) only one plant was
left per pot. Herbicide application was accomplished 50 DAE of sugarcane, at the stage of four
to six fully expanded leaves. For the application, it was used a backpack sprayer, propelled by
CO2 and connected to a 2m wide bar with four nozzles Teejet TT 110.02, calibrated to spray
150 L ha1. Forty five days after application of the herbicides, physiological evaluations were
done in the middle third of the first fully expanded leaf of the main tiller of the sugarcane
plants. For that, an Infra Red Gas Analyzer (IRGA LCA Pro+) was used, in an open greenhouse,
allowing free movement of the air. The photosynthesis rate (mol m2 s1), stomatal conductance
of water vapor (Gs - mol m1 s1), transpiration rate (E - mol H2O m2 s1) and the water use
efficiency (WUE - mol CO2 mol H2O1) were obtained. The evaluations were conducted between
7:00 and 10:00 am. All data was analyzed by the F-test, and when significant, means were
grouped by the test of Scott-knot at 5% probability.
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There was interaction between herbicides and varieties for the photosynthesis rate, stomatal
conductance, transpiration rate and the water use efficiency. The variety RB867515, when
sprayed with sulfentrazone, tebuthiuron or clomazone, showed lower transpiration rate (E)
compared with the check with no herbicide (Table 2). It is noteworthy that these herbicides act
directly or not in the photosynthetic apparatus of plants that are applied. Sulfentrazone inhibits
the enzyme protoporphyrinogen oxidase (PROTOX), acting indirectly on chlorophyll synthe‐
sis in sensitive plants. Tebuthiuron is an inhibitor of photosystem II acting on D1 protein, and
clomazone inhibits the synthesis of carotenoids, whose function is the protection of chlorophyll
against excess of light [8].
Sugarcane Variety
Herbicide RB867515 RB855156 SP80-1816
Tembotrione 2.66 Aa 2.57 Aa 2.62 Aa
MSMA 2.76 Aa 2.56 Aa 2.06 Bb
Diuron+hexazinone 2.87 Aa 2.54 Aa 3.05 Aa
Sulfentrazone 2.08 Bb 2.17 Bb 2.81 Aa
Trifloxysulfurom-sodium 2.70 Aa 2.24 Bb 1.82 Bb
Tebuthiuron 2.24 Bb 2.03 Bb 2.83 Aa
Clomazone 2.35 Ab 2.07 Ab 2.77 Aa
Check 2.85 Aa 2.87 Aa 2.72 Aa
CV (%) 14.20
Table 2. Transpiration rate (E - mol H2O m-2 s-1) of sugarcane varieties under competition with populations of Brachiria
brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
Means followed by the same letter, uppercase in the rows and lowercase in the columns, are
included in the same group by the test of Scott-Knot at 5% probability.
The application of sulfentrazone, trifloxysulfuron-sodium, clomazone and tebuthiuron on the
variety RB855156 caused reduction in E. For variety SP80-1816, however, only trifloxysulfuron-
sodium and MSMA had negative impact (Table 2). Trifloxysulfuron-sodium is an inhibitor of
the enzyme acetolactate synthase (ALS), with indirect effect on phososynthesis because it acts
on the production of the branched-chain amino acids valine, leucine and isoleucine, respon‐
sible for the production of proteins in plants.
With regard to the water use efficiency (WUE), no differences were observed inside variety or
herbicide (Table 3). The water use efficiency is characterized as the amount of water transpired
by a plant to produce a certain amount of dry mass [8]. Thus, more efficient crops in the water
use can produce bigger amounts of dry mass per gram of water transpired. The most efficient
use of water is directly related to stomatal opening, therefore, while the plant absorbs CO2 for
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photosynthesis, water is lost with variable intensity, following a gradient of water potentials
from the leaf surface to its surrounding air [44].
Means followed by the same letter, uppercase in the rows and lowercase in the columns, are
included in the same group by the test of Skott-Knott at 5% probability.
With regard to the photosynthesis rate (A), it was observed that only sulfentrazone affected
the variety RB867515, while the remaining treatments did not differ from the check (Table 4).
Another research [45] evaluated varieties of sugarcane and found that RB867515 was the least
affected by the application of commercially formulated mixture ametryn + trifloxysulfuron-
sodium in greenhouse.
The influx of CO2 in the leaf may be compromised due to the action of herbicides which inhibit
the enzyme PROTOX, because there is formation of nitric oxide by the reactive oxygen species
(ROS). This oxide stimulates the synthesis and activity of abscisic acid (ABA) - hormone that
acts regulating stomatal closure [2]. Stomatal closure can also occur by the direct action of ROS,
favoring the accumulation of calcium in the cytosol [46], or due to peroxidation of membranes
of cells adjacent to stomata.
For the variety RB855156, MSMA, sulfentrazone, trifloxysulfuron–sodium, tebuthiuron and
clomazone caused a reduction in A (Table 3). For SP80-1816, diuron + hexazinone and
sulfentrazone did not affect this variable. It is noteworthy that hexazinone + diuron in mixture,
even both being photosystem II inhibiting herbicides, did not cause reductions in A for the
three varieties compared to control (Table 3). [42], working with six sugarcane varieties, found
that under application of ametryn, RB855113 presented A similar to the control treatment, and
the other varieties showed a decrease in this parameter under application of ametryn.
Means followed by the same letter, uppercase in the rows and lowercase in the columns, are
included in the same group by the test of Scott-Knot at 5% probability.
Sugarcane Variety
Herbicide RB867515 RB855156 SP80-1816
Tembotrione 8.06 Aa 9.50 Aa 6.40 Aa
MSMA 6.36 Aa 5.65 Aa 6.29 Aa
Diuron+hexazinone 7.37 Aa 8.43 Aa 6.95 Aa
Sulfentrazone 5.10 Aa 6.88 Aa 8.69 Aa
Trifloxysulfurom-sodium 7.53 Aa 7.04 Aa 7.49 Aa
Tebuthiuron 7.88 Aa 7.95 Aa 6.66 Aa
Clomazone 7.28 Aa 6.14 Aa 6.64 Aa
Check 10.12 Aa 8.41 Aa 9.56 Aa
CV (%) 22.62
Table 3. Water use efficiency (WUE - mol CO2 mol H2O-1) of sugarcane varieties under competition with populations of
Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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There was interaction between herbicides and varieties for the photosynthesis rate, stomatal
conductance, transpiration rate and the water use efficiency. The variety RB867515, when
sprayed with sulfentrazone, tebuthiuron or clomazone, showed lower transpiration rate (E)
compared with the check with no herbicide (Table 2). It is noteworthy that these herbicides act
directly or not in the photosynthetic apparatus of plants that are applied. Sulfentrazone inhibits
the enzyme protoporphyrinogen oxidase (PROTOX), acting indirectly on chlorophyll synthe‐
sis in sensitive plants. Tebuthiuron is an inhibitor of photosystem II acting on D1 protein, and
clomazone inhibits the synthesis of carotenoids, whose function is the protection of chlorophyll
against excess of light [8].
Sugarcane Variety
Herbicide RB867515 RB855156 SP80-1816
Tembotrione 2.66 Aa 2.57 Aa 2.62 Aa
MSMA 2.76 Aa 2.56 Aa 2.06 Bb
Diuron+hexazinone 2.87 Aa 2.54 Aa 3.05 Aa
Sulfentrazone 2.08 Bb 2.17 Bb 2.81 Aa
Trifloxysulfurom-sodium 2.70 Aa 2.24 Bb 1.82 Bb
Tebuthiuron 2.24 Bb 2.03 Bb 2.83 Aa
Clomazone 2.35 Ab 2.07 Ab 2.77 Aa
Check 2.85 Aa 2.87 Aa 2.72 Aa
CV (%) 14.20
Table 2. Transpiration rate (E - mol H2O m-2 s-1) of sugarcane varieties under competition with populations of Brachiria
brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
Means followed by the same letter, uppercase in the rows and lowercase in the columns, are
included in the same group by the test of Scott-Knot at 5% probability.
The application of sulfentrazone, trifloxysulfuron-sodium, clomazone and tebuthiuron on the
variety RB855156 caused reduction in E. For variety SP80-1816, however, only trifloxysulfuron-
sodium and MSMA had negative impact (Table 2). Trifloxysulfuron-sodium is an inhibitor of
the enzyme acetolactate synthase (ALS), with indirect effect on phososynthesis because it acts
on the production of the branched-chain amino acids valine, leucine and isoleucine, respon‐
sible for the production of proteins in plants.
With regard to the water use efficiency (WUE), no differences were observed inside variety or
herbicide (Table 3). The water use efficiency is characterized as the amount of water transpired
by a plant to produce a certain amount of dry mass [8]. Thus, more efficient crops in the water
use can produce bigger amounts of dry mass per gram of water transpired. The most efficient
use of water is directly related to stomatal opening, therefore, while the plant absorbs CO2 for
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photosynthesis, water is lost with variable intensity, following a gradient of water potentials
from the leaf surface to its surrounding air [44].
Means followed by the same letter, uppercase in the rows and lowercase in the columns, are
included in the same group by the test of Skott-Knott at 5% probability.
With regard to the photosynthesis rate (A), it was observed that only sulfentrazone affected
the variety RB867515, while the remaining treatments did not differ from the check (Table 4).
Another research [45] evaluated varieties of sugarcane and found that RB867515 was the least
affected by the application of commercially formulated mixture ametryn + trifloxysulfuron-
sodium in greenhouse.
The influx of CO2 in the leaf may be compromised due to the action of herbicides which inhibit
the enzyme PROTOX, because there is formation of nitric oxide by the reactive oxygen species
(ROS). This oxide stimulates the synthesis and activity of abscisic acid (ABA) - hormone that
acts regulating stomatal closure [2]. Stomatal closure can also occur by the direct action of ROS,
favoring the accumulation of calcium in the cytosol [46], or due to peroxidation of membranes
of cells adjacent to stomata.
For the variety RB855156, MSMA, sulfentrazone, trifloxysulfuron–sodium, tebuthiuron and
clomazone caused a reduction in A (Table 3). For SP80-1816, diuron + hexazinone and
sulfentrazone did not affect this variable. It is noteworthy that hexazinone + diuron in mixture,
even both being photosystem II inhibiting herbicides, did not cause reductions in A for the
three varieties compared to control (Table 3). [42], working with six sugarcane varieties, found
that under application of ametryn, RB855113 presented A similar to the control treatment, and
the other varieties showed a decrease in this parameter under application of ametryn.
Means followed by the same letter, uppercase in the rows and lowercase in the columns, are
included in the same group by the test of Scott-Knot at 5% probability.
Sugarcane Variety
Herbicide RB867515 RB855156 SP80-1816
Tembotrione 8.06 Aa 9.50 Aa 6.40 Aa
MSMA 6.36 Aa 5.65 Aa 6.29 Aa
Diuron+hexazinone 7.37 Aa 8.43 Aa 6.95 Aa
Sulfentrazone 5.10 Aa 6.88 Aa 8.69 Aa
Trifloxysulfurom-sodium 7.53 Aa 7.04 Aa 7.49 Aa
Tebuthiuron 7.88 Aa 7.95 Aa 6.66 Aa
Clomazone 7.28 Aa 6.14 Aa 6.64 Aa
Check 10.12 Aa 8.41 Aa 9.56 Aa
CV (%) 22.62
Table 3. Water use efficiency (WUE - mol CO2 mol H2O-1) of sugarcane varieties under competition with populations of
Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
Influence of Biotic and Abiotic Stress Factors on Physiological Traits of Sugarcane Varieties
http://dx.doi.org/10.5772/55255
199
When evaluating varieties under each herbicide, there was no correlation between them for
all the products tested, except for sulfentrazone applied over SP80-1816, where there was
higher A compared to the other varieties under the same herbicide (Table 4). [42] observed
that the photosynthetic rate in sugarcane plants treated with trifloxysulfuron-sodium was
similar to the respective control without herbicide application for all varieties evaluated in this
study. Most of the herbicides used in this work, except MSMA and trifloxysulfuron-sodium,
affect directly the photosynthesis rate because they have as a site of action either the chloro‐
plast, inhibiting the transport of electrons, or the synthesis of chlorophyll, also interfering in
the synthesis of pigments responsible for protecting the photosynthetic apparatus.
In RB867515 and SP80-1816, herbicides did not cause differences for stomatal conductance
(Gs), but for RB855156, Gs decreased in the presence of all herbicides (Table 5). When evalu‐
ating the Gs of varieties within each herbicide, there was no difference among them. However,
in the absence of herbicide, RB855156 showed greater Gs than the other two varieties (Table
5). Reduction of stomatal conductance was reported in soybean and Portulaca oleracea six hours
after application of lactofen, a PROTOX inhibitor [47]. This product may promote stomatal
closure due to oxidation processes and the concentration of nitric oxide, as already mentioned,
which promotes formation of ABA, which in turn is a hormone that regulates the stomatal
closure [2].
Means followed by the same letter, uppercase in the rows and lowercase in the columns, are
included in the same group by the test of Scott-Knot at 5% probability.
According to the results, the herbicides tested affected differently the physiological traits of
the three sugarcane varieties evaluated. Overall, the variety RB867515 showed the lowest
variation in the photosynthesis rate in the presence of the herbicides, compared to the check.
Sugarcane Variety
Herbicide RB867515 RB855156 SP80-1816
Tembotrione 22.10 Aa 24.48 Aa 16.45 Ab
MSMA 17.54 Aa 14.51 Ab 13.75 Ab
Diuron+hexazinone 21.15 Aa 21.17 Aa 21.22 Aa
Sulfentrazone 10.56 Ba 15.59 Bb 24.94 Aa
Trifloxysulfurom-sodium 20.53 Aa 15.85 Ab 13.90 Ab
Tebuthiuron 17.86 Aa 16.25 Ab 18.64 Ab
Clomazone 16.89 Aa 12.96 Ab 18.45 Ab
Check 28.44 Aa 24.07 Aa 26.03 Aa
CV (%) 27.78
Table 4. Photosynthesis rate (A - µmol m-2 s-1) of sugarcane varieties under competition with populations of Brachiria
brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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The varieties SP80-1816 and RB855156 presented lower photosynthesis rates under application
of most of the herbicides evaluated. It was also observed a decrease in stomatal conductance
of the variety RB855156 after application of all herbicides.
9. Influence of herbicides on the photosynthetic activity of sugarcane
genotypes
According to [48], the application of late post emergence herbicides in sugarcane fields may
result in high toxicity to the crop, limiting yields. These authors attribute this to physiological
changes in sugarcane plants, which would result in negative effects, also on the quality of the
harvest. [42] studied the following herbicides, applied over several sugarcane varieties:
ametryn - 2000 g ha-1; trifloxysulfuron-sodium – 22.5 g ha-1; and a commercial mixture
containing ametryn + trifloxysulfuron-sodium at 1463 + 37.0 g ha-1, respectively. Treatments
were compared against a check with no herbicide. Results are summarized in Table 6.
In general terms, the CO2 consumed by photosynthesis (ΔC) was smaller in treatments
including the herbicide ametryn. There were also remarkable differences among varieties. The
ΔC is directly related to the photosynthesis rate of the plant by the time of the evaluation. In
this situation, it is possible to observe that the variety RB72454 and SP80-1816 were less
susceptible to ametryn than the other genotypes.
The concentration of CO2 within the leaf (Ci) was affected by the herbicide treatments, being
also observed once more differences among genotypes. As expected, this parameter presented,
in general terms, opposite behavior in comparison to ΔC. The application of the herbicide
Sugarcane Variety
Herbicide RB867515 RB855156 SP80-1816
Tembotrione 0.67 Aa 0.46 Ab 0.48 Aa
MSMA 0.60 Aa 0.46 Ab 0.28 Aa
Diuron+hexazinone 0.74 Aa 0.44 Ab 0.70 Aa
Sulfentrazone 0.27 Aa 0.34 Ab 0.59 Aa
Trifloxysulfurom-sodium 0.52 Aa 0.31 Ab 0.20 Aa
Tebuthiuron 0.33 Aa 0.28 Ab 0.56 Aa
Clomazone 0.36 Aa 0.27 Ab 0.57 Aa
Check 0.61 Ba 1.00 Aa 0.47 Ba
CV (%) 46.9
Table 5. Stomatal conductance (Gs - mol m-1 s-1) of sugarcane varieties under competition with populations of
Brachiria brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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higher A compared to the other varieties under the same herbicide (Table 4). [42] observed
that the photosynthetic rate in sugarcane plants treated with trifloxysulfuron-sodium was
similar to the respective control without herbicide application for all varieties evaluated in this
study. Most of the herbicides used in this work, except MSMA and trifloxysulfuron-sodium,
affect directly the photosynthesis rate because they have as a site of action either the chloro‐
plast, inhibiting the transport of electrons, or the synthesis of chlorophyll, also interfering in
the synthesis of pigments responsible for protecting the photosynthetic apparatus.
In RB867515 and SP80-1816, herbicides did not cause differences for stomatal conductance
(Gs), but for RB855156, Gs decreased in the presence of all herbicides (Table 5). When evalu‐
ating the Gs of varieties within each herbicide, there was no difference among them. However,
in the absence of herbicide, RB855156 showed greater Gs than the other two varieties (Table
5). Reduction of stomatal conductance was reported in soybean and Portulaca oleracea six hours
after application of lactofen, a PROTOX inhibitor [47]. This product may promote stomatal
closure due to oxidation processes and the concentration of nitric oxide, as already mentioned,
which promotes formation of ABA, which in turn is a hormone that regulates the stomatal
closure [2].
Means followed by the same letter, uppercase in the rows and lowercase in the columns, are
included in the same group by the test of Scott-Knot at 5% probability.
According to the results, the herbicides tested affected differently the physiological traits of
the three sugarcane varieties evaluated. Overall, the variety RB867515 showed the lowest
variation in the photosynthesis rate in the presence of the herbicides, compared to the check.
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Tembotrione 22.10 Aa 24.48 Aa 16.45 Ab
MSMA 17.54 Aa 14.51 Ab 13.75 Ab
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Trifloxysulfurom-sodium 20.53 Aa 15.85 Ab 13.90 Ab
Tebuthiuron 17.86 Aa 16.25 Ab 18.64 Ab
Clomazone 16.89 Aa 12.96 Ab 18.45 Ab
Check 28.44 Aa 24.07 Aa 26.03 Aa
CV (%) 27.78
Table 4. Photosynthesis rate (A - µmol m-2 s-1) of sugarcane varieties under competition with populations of Brachiria
brizantha DFT/UFV, Viçosa-MG, Brazil, 2008/09.
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containing ametryn + trifloxysulfuron-sodium at 1463 + 37.0 g ha-1, respectively. Treatments
were compared against a check with no herbicide. Results are summarized in Table 6.
In general terms, the CO2 consumed by photosynthesis (ΔC) was smaller in treatments
including the herbicide ametryn. There were also remarkable differences among varieties. The
ΔC is directly related to the photosynthesis rate of the plant by the time of the evaluation. In
this situation, it is possible to observe that the variety RB72454 and SP80-1816 were less
susceptible to ametryn than the other genotypes.
The concentration of CO2 within the leaf (Ci) was affected by the herbicide treatments, being
also observed once more differences among genotypes. As expected, this parameter presented,
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ametryn, a photosynthesis II (PSII) inhibitor, resulted in higher concentrations of CO2 within
the leaf, once the photosynthesis of the genotypes under application of this herbicide was more
severely affected. The CO2 concentration within the leaf was about 50% higher in treatments
involving ametryn than to the check with no herbicide. Trifloxysulfuron-sodium also caused
changes in Ci, but not at the same magnitude of ametryn.
Treatment
Sugarcane Genotype
RB72454 RB835486 RB855113 RB867515 RB947520 SP801816
Shoot Dry Mass (g plant-1)
TC A 5.77 a A 5.46 a A 4.93 a A 5.02 a A 5.02 a B 2.46 a
HA B 2.83 b B 3.69 ab B 2.89 b A 5.97 a B 3.38 ab B 3.63 a
HB A 5.21 ab B 2.81 b B 3.81 ab B 2.99 b B 2.03 b B 2.30 a
HC A 2.90 b A 1.99 b A 2.46 ab A 2.09 b A 1.66 b A 1.30 a
Consumed CO2 — ∆C (µmol mol-1)
TC A 124 ab AB 149 a B 120 a AB 139 a A 177 a B 117 a
HA A 109 b B 75 c AB 105 b AB 91 b AB 102 b A 110 a
HB AB 119 ab B 106 b AB 114 ab AB 118 ab A 144 ab B 108 a
HC A 131 a A 107 b AB 112 ab A 95 b A 118 b A 111 a
Internal CO2 Concentration — Ci (µmol mol-1)
TC AB 102 a A 177 a AB 104 b AB 123 b B 68 c AB 120 b
HA A 165 a A 136 ab A 169 a A 178 a A 134 a A 157 a
HB AB 126 ab AB 127 ab AB 128 ab AB 114 b B 88 b A 137 ab
HC AB 146 ab B 87,7 b AB 125 ab A 179 a AB 145 a A 158 a
Photosynthesis Rate — A (µmol m-2 s-1)
TC AB 45.1 a AB 51.2 a B 41.3 a AB 47.9 a A 60.7 a AB 48.0 a
HA A 37.5 b B 25.8 b A 36.1 a B 28.9 b A 37.0 b A 37.3 b
HB B 41.1 ab B 36.6 ab B 38.9 a B 40.3 ab A 49.5 ab B 38.8 b
HC A 42.1 ab A 36.4 ab A 38.4 a B 32.8 b A 40.5 b A 40.1 b
Table 6. Physiological variables evaluated in sugarcane genotypes as a function of herbicide treatment. TC: control
with no herbicide; HA: ametryn at 2000 g a.i. ha-1; HB: trifloxysulfuron-sodium at 22.5 g a.i. ha-1; HC: ametryn +
trifloxysulfuron-sodium at 1463 + 37.0 g a.i. ha-1. Means followed by the same letter at te column, inside each variable,
are not different by the DMRT test at 5% probability.
Photosynthesis202
In general terms, the photosynthesis rate (A) observed at the treatment with trifloxysulfuron
alone was similar to the control with no herbicide. On the same way, treatments involving the
PSII inhibitor presented photosynthesis rate inferior to rates observed at the control treatment.
When considering the treatment containing ametryn + trifloxysulfuron, it was possible to
highlight the variety RB947520. The authors report that, even the damages caused by ametryn
being more easily identified by parameters associated to the photosynthesis, variations due to
the application of trifloxysulfuron-sodium were also detectable by changes in these parameters
by using an Infra Red Gas Analyzer (IRGA). In other words, herbicide damage on crops can
be effectively quantified by evaluating direct and indirect damage to the photosynthetic route.
Furthermore, the accumulation of dry mass did not correlate directly with most of the studied
physiological parameters, because plant growth is a result of biomass accumulation since the
emergence until the moment of the evaluation. In this way, the authors remark the importance
of evaluating both types of variables, physiological and biomass/growth-related, before
concluding about the efficacy or impact of a given herbicide treatment. In addition, the authors
remark the existence of differences among varieties in terms of susceptibility to herbicides,
which were effectively identified by physiological parameters.
10. Conclusions
Both the abiotic and biotic factors, represented in this study respectively by the environmental
conditions and the presence of a competitor, present impact on the sugarcane crop. This impact
is differential on distinct varieties, and some should be preferred over others in situations
where the types of stress differ. Sugarcane varieties to be planted should be chosen, besides
commercial traits, based on their ability to avoid or to overcome the negative impact of the
stress to which they are submitted. This will help reaching high yields under field conditions.
Brachiaria brizantha interferes both in the morphological and physiological components of
sugarcane varieties. The variety RB72454 was the most affected by competition with B.
brizantha, both in the morphological and physiological components. Thus, in areas with high
infestation of weeds, there is an indication that the variety RB72454 should be avoided; if this
variety is going to be used due to other positive traits, high levels of weed control are demanded
in such fields.
Under application of herbicides, the variety RB867515 showed to be less sensitive to most of
the herbicides tested, compared to SP80-1816 and RB855156. Herbicide damage to sugarcane
can be effectively quantified by using an IRGA. Furthermore, the accumulation of dry mass
usually did not correlate directly with most of the studied physiological parameters.
It is highlighted the importance of evaluating both types of variables, physiological and
biomass/growth-related, before concluding about the efficacy or impact of a given herbicide
treatment. It is also remarkable the existence of differences among sugarcane varieties in terms
of susceptibility to herbicides, which were effectively identified by physiological parameters.
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In general terms, the photosynthesis rate (A) observed at the treatment with trifloxysulfuron
alone was similar to the control with no herbicide. On the same way, treatments involving the
PSII inhibitor presented photosynthesis rate inferior to rates observed at the control treatment.
When considering the treatment containing ametryn + trifloxysulfuron, it was possible to
highlight the variety RB947520. The authors report that, even the damages caused by ametryn
being more easily identified by parameters associated to the photosynthesis, variations due to
the application of trifloxysulfuron-sodium were also detectable by changes in these parameters
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1. Introduction
The phytoplankton community of open oligotrophic oceans is dominated by prokaryotic
Prochlorococcus spp., Synechococcus spp., and eukaryotic pico- and nanophytoplankton [1-3].
The competitive success of these phytoplankton species depends on different factors, including
the response to the (dynamic) irradiance conditions encountered in the water column. With
the occurrence of different ecotypes, picophytoplankton species such as Prochlorococcus spp.,
Synechococcus spp., and Ostreococcus spp. can grow over a broad range of irradiance conditions
[4-7]. For example, the low light adapted ecotypes of Prochlorococcus are well adapted to the
irradiance intensity and spectral composition of the deep chlorophyll maximum with high
chlorophyll b/a ratios and low optimal growth irradiances [4,5,8]. In contrast, the high light
adapted ecotypes of Prochlorococcus spp. can competitively grow in the (upper) mixed layer
with low chlorophyll b/a ratios and higher optimal growth irradiances [4,5,8]. Similar differ‐
ences in pigmentation, absorption, and photosynthetic characteristics have been found in
ecotypes of marine Synechococcus spp. [9-11] and Ostreococcus spp. [7,12,13]. In addition to the
genetically defined (photo)physiology of the different ecotypes, the photoacclimation poten‐
tial of specific (pico)phytoplankton species may play an important role in the response to
(dynamic) irradiance conditions [11].
Phytoplankton irradiance exposure is strongly influenced by physical processes in the ocean
[14]. During stratification, phytoplankton can be trapped in a shallow upper mixed layer,
thereby enhancing exposure to photosynthetically active radiation (PAR, 400-700 nm) and
ultraviolet radiation (UVR, 280-400 nm), or can experience limiting irradiance conditions at
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Synechococcus spp., and Ostreococcus spp. can grow over a broad range of irradiance conditions
[4-7]. For example, the low light adapted ecotypes of Prochlorococcus are well adapted to the
irradiance intensity and spectral composition of the deep chlorophyll maximum with high
chlorophyll b/a ratios and low optimal growth irradiances [4,5,8]. In contrast, the high light
adapted ecotypes of Prochlorococcus spp. can competitively grow in the (upper) mixed layer
with low chlorophyll b/a ratios and higher optimal growth irradiances [4,5,8]. Similar differ‐
ences in pigmentation, absorption, and photosynthetic characteristics have been found in
ecotypes of marine Synechococcus spp. [9-11] and Ostreococcus spp. [7,12,13]. In addition to the
genetically defined (photo)physiology of the different ecotypes, the photoacclimation poten‐
tial of specific (pico)phytoplankton species may play an important role in the response to
(dynamic) irradiance conditions [11].
Phytoplankton irradiance exposure is strongly influenced by physical processes in the ocean
[14]. During stratification, phytoplankton can be trapped in a shallow upper mixed layer,
thereby enhancing exposure to photosynthetically active radiation (PAR, 400-700 nm) and
ultraviolet radiation (UVR, 280-400 nm), or can experience limiting irradiance conditions at
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the deep chlorophyll maximum. In seasonally stratified regions, the period of stratification is
interchanged with periods of deep convective mixing that can reach below the euphotic zone.
This causes a strong reduction in the daily experienced irradiance, with occasional interrup‐
tions of excessive irradiance exposure. Consequently, phytoplankton irradiance exposure in
open ocean ecosystems can vary by several orders of magnitude on a time scale ranging from
seconds to days. Moreover, short wavelength solar radiation (UVB, 280-315 nm) can penetrate
to significant depths in clear oligotrophic waters [15,16].
High irradiance exposure may have considerable effects on photosynthesis and viability in
oceanic  picophytoplankton  species  such  as  Prochlorococcus  spp.,  Synechococcus  spp.,  and
Ostreococcus  spp. [17-19].  When residing near the surface,  picophytoplankton can experi‐
ence irradiance intensities that exceed photosynthetic requirements. Exposure to excessive
PAR  and  UVR  causes  photoinhibition,  a  process  in  which  an  over-reduction  of  the
photosynthetic electron transport chain reduces photosynthetic efficiency by a decrease in
functional  photosystem II  (PSII)  reaction  centers  [20].  Moreover,  prolonged exposure  to
excessive irradiance can lead to the uncontrolled formation of reactive oxygen species and
viability  loss  [21,22].  To  prevent  photoinhibition  and  viability  loss  during  excessive
irradiance exposure, phytoplankton regulate light harvesting and other photosynthetically
important processes. In prokaryotic species, the utilization of light harvesting energy can
be regulated by state transitions, in which the light harvesting antenna of the phycobilli‐
some (PBS) is redistributed between the reaction centers of photosystem I (PSI) and PSII
[23,24]. In addition, light harvesting energy can be regulated by the thermal dissipation of
excess  energy.  This  photoprotective  process  can  occur  within  seconds  after  irradiance
changes  in  both  prokaryotic  and  eukaryotic  phytoplankton  species,  but  the  underlying
mechanisms are  considerably  different.  In  eukaryotic  species,  the  thermal  dissipation of
excess  energy  involves  the  xanthophyll  pigment  cycle.  Epoxidized  xanthophyll  cycle
pigments  assist  in  light  harvesting,  whereas  de-epoxidized  equivalents  dissipate  excess
energy in the form of heat [25]. In PBS containing cyanobacteria, the thermal dissipation of
excess energy involves the orange carotenoid protein [24,26]. In Prochlorococcus spp., these
proteins  are  not  observed  and the  underlying  mechanism remains  unknown [24,27].  In
addition to  the regulation of  light  harvesting,  photoinhibition and viability  loss  may be
avoided  by  the  increase  of  photochemical  quenching  by  enhancing  alternative  electron
transport and (non-)enzymatic scavenging of reactive oxygen species [28,29]. Simultaneous‐
ly, phytoplankton can counteract the effects of photoinhibition by photorepair, a process in
which damaged D1 proteins are removed from PSII and replaced by newly synthesized D1
proteins [20].
Although it has previously been reported that temperature may have a positive effect on the
survival of picophytoplankton under high irradiance conditions [30], no direct assessment of
the temperature-dependency of photoregulation during high PAR and UVR exposure is
available for this specific phytoplankton group. A recent study showed that both prokaryotic
and eukaryotic picophytoplankton may be less susceptible to the negative effects of high
irradiance intensities at elevated temperatures [31]. In the prokaryotic species Prochlorococ‐
cus spp. (eMED4 and eMIT9313) and the eukaryotic species Ostreococcus sp. (clade B) and
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Pelagomonas calceolata, acclimation to elevated temperatures enhanced photoacclimation to
higher irradiance intensities and reduced photoinhibition [31]. This has also been found in
larger phytoplankton species, such as the diatom species Chaetoceros gracilis, Thalassiosira
pseudonana, and Thalassiosira weissflogii [32-34]. In cyanobacteria and eukaryotic nanophyto‐
plankton, reduced levels of photoinhibition at elevated temperatures may be associated with
enhanced rates of state transitions [24], enhanced enzymatic conversions of the xanthophyll
pigment cycle [35], enhanced D1 repair [36], and the potential enhancement of Rubisco activity
[34]. However, the potential role of these photoregulating mechanisms at elevated tempera‐
tures remains unknown in oceanic picophytoplankton.
In the present study, a comparative analysis of the high irradiance sensitivity of oceanic
picophytoplankton was performed to study the combined effect of elevated temperatures and
irradiance levels near the surface of open oligotrophic oceans. To this end, two prokaryotic
and two eukaryotic strains were acclimated to 16 °C, 20 °C, and 24 °C, after which they were
exposed to a single high PAR dose, with and without UVR. The response to and the recovery
after high irradiance exposure was assessed by analysis of PSII fluorescence and pigmentation
in order to investigate immediate photoinhibition and photoprotective processes. The results
are discussed in the context of differences between oceanic picophytoplankton species and are
used to unravel the importance of photoinhibition in structuring the phytoplankton commun‐
ity in open oligotrophic oceans.
2. Method
2.1. Culture conditions
Cultures were obtained from the Roscoff Culture Collection (RCC) and the Provasoli-Guillard
National Center for Marine Algae and Microbiota (NCMA). The strains were all isolated from
oligotrophic regions and are representative for low light (LL) and high light (HL) adapted
species in open ocean ecosystems. Prochlorococcus marinus strain CCMP2389 (ecotype MED4,
HL) and Prochlorococcus sp. strain RCC407 (ecotype MIT9313, LL) were cultured in K/10-Cu
medium based on natural oceanic seawater as described by [37]. Ostreococcus sp. strain RCC410
(clade B, LL) and Pelagomonas calceolata strain RCC879 (LL) were cultured in K medium as
described by [38]. Cultures were maintained in 100 ml glass Erlenmeyer flasks at 9 μmol
photons m-2 s-1 (Prochlorococcus sp. and P. calceolata) and 68 μmol photons m-2 s-1 (P. marinus
and Ostreococcus sp.) in a diurnal cycle of 12:12 h light:dark at 20 °C.
2.2. Experimental design
Cultures of P. marinus, Prochlorococcus sp., Ostreococcus sp., and P. calceolata were transfer‐
red to 500 ml glass Erlenmeyer flasks and incubated in triplicate at 16 °C, 20 °C, and 24
°C.  Experiments  were  carried  out  in  a  temperature  controlled  U-shaped lamp setup  as
described by [39]. The temperature in the setup was maintained at 16 °C, 20 °C, and 24 °C
by a thermostat (RK 8 KS, edition 2000, Lauda Dr. R. Wobser & Co.) and deviated less than
± 0.5 °C. During the experiments, 50 μmol photons m-2 s-1 PAR (Biolux and Skywhite lamps,
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Osram) was provided as a  square wave function with a  12:12 h light:dark cycle  (moni‐
tored with a QSL-100, Biospherical Instruments). Prior to the experiments, the picophyto‐
plankton strains were kept in exponential growth phase and acclimated to the experimental
irradiance and temperature conditions for at least three weeks. In mid-exponential growth
phase,  the response to high photosynthetically active radiation (PAR, 400-700 nm),  with
and without  ultraviolet  radiation  (UVR,  290-400  nm),  was  assessed  at  growth  tempera‐
ture by pigment and PSII chlorophyll  fluorescence analysis.  To this end, 200 ml of each
replicate  culture was exposed to high PAR and PAR+UVR for 10 min in a  temperature
controlled (RTE-211, Neslab Instruments Inc.) irradiance set-up at 16 °C, 20 °C, or 24 °C.
The irradiance set-up provided ± 500 μmol  photons m-2  s-1  by a  250 W MHN-TD lamp
(Philips) and two 20 W TL/12 UVB fluorescent lamps (Philips), in which the PAR and PAR
+UVR conditions were obtained by using the long pass filters GG395 and WG305 (Schott
AG, Mainz),  respectively (Table 1).  Prior to exposure (t  = 0),  samples for the analysis of
pigmentation and the maximum quantum yield of PSII (Fv/Fm) were collected and meas‐
ured as described below. After exposure, treated culture samples were transferred to dim
light conditions at growth temperature (16 °C, 20 °C, or 24 °C). Subsequently, samples for
the  analysis  of  pigmentation were  taken at  t  =  10,  20,  and 40  min and recovery  of  the
quantum yield of PSII (ФPSII) was determined at t = 10, 15, 20, 25, 30, 35, 40, 60, 80, and 100
min for both PAR and PAR+UVR treated cultures. Culturing of Prochlorococcus sp. at 16 °C
and 50 μmol photons m-2 s-1 was attempted several times, but this condition exceeded the
limit for growth of this individual strain. No measurements were performed for Prochloro‐





Table 1. Doses (W m-2) for photosynthetically active radiation (PAR, 400-700 nm) and ultraviolet radiation A (UVA,
315-400 nm) and B (UVB, 290-315 nm) are given for the PAR and PAR+UVR treatments during the experiments. Total
irradiance intensity was ± 500 µmol photons m-2 s-1 in both treatments.
2.3. Photosystem II chlorophyll fluorescence characteristics
PSII  fluorescence  analyses  were  performed  on  a  WATER-PAM  chlorophyll  fluorometer
(Waltz  GmbH)  equipped  with  a  WATER-FT  flow-through  emitter-detector  unit  and
analyzed using WinControl  software  (version 2.08,  Waltz  GmbH) according to  [40]  and
references therein. Prior to exposure to PAR and PAR+UVR (t = 0), 5-15 ml culture samples
were dark-adapted for 20 min at 16 °C, 20 °C, or 24 °C. For analysis, the measuring light
was turned on and F0 was recorded as the minimal fluorescence. During a saturating light
flash, Fm° was then recorded as the maximum fluorescence in the dark-adapted state. The
maximum quantum yield of PSII (Fv/Fm) was calculated as (Fm° - F0) / Fm°. After exposure
(t = 10-100), the quantum yield of PSII (ΦPSII) was determined by measuring Ft as the steady
state fluorescence prior to the saturating light flash and Fm’ as the maximum fluorescence
Photosynthesis212
in the light. ΦPSII  was calculated as (Fm’ – Ft) / Fm’. From the Fv/Fm measurements at t = 0
and  the  ΦPSII  measurements  at  t  =  10,  total  non  photochemical  quenching  (NPQ)  was
calculated as (Fm° - Fm’) / Fm’. Relaxation analysis was performed to estimate the contribu‐
tion of slowly and rapidly relaxing non photochemical quenching. Relaxation of NPQ on
a time scale of minutes is associated with photoprotective processes such as state transi‐
tions, relaxation of the xanthophyll pigment cycle or other forms of thermal dissipation [35,
40,41]. Processes that relax over a longer period of time (hours) are referred to as photoin‐
hibition, i.e. damage to the reaction centers of PSII [40,42]. To estimate photoprotection and
photoinhibition, the recorded Fm’ was corrected for baseline quenching by subtracting F0
and was log transformed for further analysis. Transformed Fm’ values of the final 60 min
of the ФPSII recovery curve were extrapolated to calculate the value of Fm‘ that would had
been attained if only slowly relaxing quenching was present in the light (Fmr). Slow relaxing
non  photochemical  quenching  (NPQS)  was  then  calculated  as  (Fm°  -  Fmr)  /  Fmr  and  fast
relaxing non photochemical quenching (NPQF) as (Fm° / Fm’) - (Fm° - Fmr). In addition, the
contribution of UVR to the decrease in quantum yield of PSII during irradiance exposure
was calculated as (ΦPSII,PAR - ΦPSII,PAR+UVR ) / ΦPSII,PAR * 100 [43].
2.4. Pigment composition
Samples (25-30 ml) for untreated (t = 0), PAR treated (t = 10, 20, 40), and PAR+UVR (t = 10, 20,
40) treated cultures were filtered onto 25 mm GF/F filters (Whatman), snap frozen in liquid
nitrogen, and stored at -80 °C until further analysis. Pigments were quantified using High
Performance Liquid Chromatography (HPLC) as described by [44]. In short, filters were freeze-
dried for 48 h and pigments were extracted in 3 ml 90% acetone (v/v, 48 h, 4 °C). Detection of
pigments was carried out using a HPLC (Waters 2695 separation module, 996 photodiode array
detector) equipped with a Zorbax Eclipse XDB-C8 3.5 μm column (Agilent Technologies, Inc.).
Peaks were identified by retention time and diode array spectroscopy. Pigments were
quantified using standards (DHI LAB products) of chlorophyll a1, chlorophyll a2, diadinoxan‐
thin (Dd), diatoxanthin (Dt), violaxanthin (Vio), antheraxanthin (Ant), and zeaxanthin (Zea).
From here on, chlorophyll a (Chl-a) will refer to chlorophyll a2 in P. marinus and Prochlorococ‐
cus sp. and to chlorophyll a1 in Ostreococcus sp. and P. calceolata. The de-epoxidation state (DPS)
of the xanthophyll pigment cycle was calculated as (Ant + Zea) / (Vio + Ant + Zea) for
Ostreococcus sp. and as Dt / (Dd + Dt) for P. calceolata. In addition to the DPS, the rate of de-
epoxidation of the xanthophyll pigment cycle (kDPS in min-1) was estimated as the increase in
DPS during exposure to high PAR and PAR+UVR [45].
2.5. Statistical analysis
All  measurements  were  performed  for  triplicate  cultures  (n  =  3)  at  each  temperature.
Differences  between  the  three  temperature  conditions,  differences  between  irradiance
treatments,  and differences  between  species  were  statistically  tested  by  analysis  of  var‐
iance (ANOVA) using STATISTICA software (version 8.0  and 10.0,  StatSoft  Inc.).  Before
analysis,  data were tested for normality and homogeneity of variances. Differences were
considered significant when p < 0.05.
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iance (ANOVA) using STATISTICA software (version 8.0  and 10.0,  StatSoft  Inc.).  Before
analysis,  data were tested for normality and homogeneity of variances. Differences were
considered significant when p < 0.05.




3.1. Non photochemical quenching and photosystem II recovery
P. marinus, Prochlorococcus sp., Ostreococcus sp., and P. calceolata all showed non photochemical
quenching (NPQ) upon exposure to high photosynthetically active radiation (PAR), with and
without ultraviolet radiation (UVR) (Figure 1). The effect of temperature on NPQ was most
pronounced in the prokaryotic strains P. marinus and Prochlorococcus sp. (Figure 1). Although
total NPQ did not change with temperature in P. marinus, the proportion of slow and fast non
photochemical quenching changed significantly. Slow relaxing non photochemical quenching
(NPQS) decreased with increasing temperature (p < 0.05, not significant between 20 °C and 24
°C), whereas fast relaxing non photochemical quenching (NPQF) increased significantly with
increasing temperature (p < 0.05). In Prochlorococcus sp., total NPQ increased from 20 °C to 24
°C (Figure 1). The proportion of NPQS and NPQF was also affected by temperature in Pro‐
chlorococcus sp., with a significant increase in NPQF with increasing temperature (p < 0.05) and
unchanged levels of NPQS. In the eukaryotic species Ostreococcus sp., temperature had no effect
on NPQ (Figure 1). In P. calceolata, total NPQ decreased with increasing temperature (p < 0.05,
not significant between 20 °C and 24 °C). This was associated with a decrease in NPQS with
increasing temperature (p < 0.05, not significant between 16 °C and 20 °C), whereas NPQF
remained unaffected by temperature.
Figure 1. Non photochemical quenching. Mean (± standard deviation, n = 3) total non photochemical quenching
(NPQ), slow relaxing NPQ (NPQS), and fast relaxing NPQ (NPQF) are given for Prochlorococcus marinus eMED4, Pro‐
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chlorococcus sp. eMIT9313, Ostreococcus sp. clade B, and Pelagomonas calceolata at 16 °C, 20 °C and 24 °C. The pico‐
phytoplankton strains were exposed to high photosynthetically active radiation (PAR, white bars) and high PAR with
ultraviolet radiation (PAR+UVR, grey bars) for 10 minutes. Significant effects (p < 0.05) of the growth temperature (*)
and the spectral composition of the irradiance treatment (“) are indicated.
The spectral composition of the irradiance treatment influenced non photochemical quenching
and the recovery of the quantum yield of PSII (ΦPSII) considerably in the prokaryotic strains
(Figure 1, Figure 2). In both P. marinus and Prochlorococcus sp., total NPQ and NPQS were
significantly higher during exposure to PAR+UVR compared with PAR, whereas NPQF
decreased significantly during exposure to UVR (p < 0.05) (Figure 1). In Prochlorococcus sp., this
was associated with almost no recovery of ΦPSII after exposure to PAR+UVR (Figure 2). In the
eukaryotic species Ostreococcus sp., the spectral composition of the irradiance treatment did
not have a significant effect on NPQ (Figure 1). However, recovery of ΦPSII in Ostreococcus sp.
was lower after exposure to PAR+UVR compared with PAR (significant for t = 60-100, p < 0.05,
Figure 2). In P. calceolata, exposure to PAR+UVR significantly increased NPQS and decreased
NPQF (p < 0.05), but total NPQ remained unaffected by the spectral composition of the
irradiance treatment (Figure 1). P. calceolata showed no recovery of ΦPSII after exposure to PAR
+UVR (Figure 2).
Comparison of NPQ between the different picophytoplankton strains demonstrated signifi‐
cantly lower total NPQ in the prokaryotic species P. marinus and Prochlorococcus sp. compared
with the eukaryotic species Ostreococcus sp. and P. calceolata (p < 0.05) (Figure 1). In P. calceo‐
lata, NPQS was significantly higher compared with the other species (p < 0.05, not significant
Figure 2. Recovery of PSII after high irradiance exposure. Mean (± standard deviation, n = 3) quantum yield of PSII
(ΦPSII in % of Fv/Fm) during and after exposure to high irradiance for Prochlorococcus marinus eMED4, Prochlorococcus
sp. eMIT9313, Ostreococcus sp. clade B, and Pelagomonas calceolata acclimated to 20 °C. The picophytoplankton
strains were exposed to high photosynthetically active radiation (PAR, white circles) and high PAR with ultraviolet radi‐
ation (PAR+UVR, dark grey circles) for 10 minutes (light grey area).
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and the spectral composition of the irradiance treatment (“) are indicated.
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(Figure 1, Figure 2). In both P. marinus and Prochlorococcus sp., total NPQ and NPQS were
significantly higher during exposure to PAR+UVR compared with PAR, whereas NPQF
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was associated with almost no recovery of ΦPSII after exposure to PAR+UVR (Figure 2). In the
eukaryotic species Ostreococcus sp., the spectral composition of the irradiance treatment did
not have a significant effect on NPQ (Figure 1). However, recovery of ΦPSII in Ostreococcus sp.
was lower after exposure to PAR+UVR compared with PAR (significant for t = 60-100, p < 0.05,
Figure 2). In P. calceolata, exposure to PAR+UVR significantly increased NPQS and decreased
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Comparison of NPQ between the different picophytoplankton strains demonstrated signifi‐
cantly lower total NPQ in the prokaryotic species P. marinus and Prochlorococcus sp. compared
with the eukaryotic species Ostreococcus sp. and P. calceolata (p < 0.05) (Figure 1). In P. calceo‐
lata, NPQS was significantly higher compared with the other species (p < 0.05, not significant
Figure 2. Recovery of PSII after high irradiance exposure. Mean (± standard deviation, n = 3) quantum yield of PSII
(ΦPSII in % of Fv/Fm) during and after exposure to high irradiance for Prochlorococcus marinus eMED4, Prochlorococcus
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at 24 °C). P. marinus and Prochlorococcus sp. showed intermediate levels of NPQS, whereas
Ostreococcus sp. showed significantly lowest NPQS (p < 0.05, not significant at 24 °C). The
relative low levels of NPQS in Ostreococcus sp. were accompanied by significantly higher
NPQF compared with the other species (p < 0.005). No differences in NPQF were found between
P. marinus, Prochlorococcus sp., and P. calceolata.
3.2. Inhibition of photosystem II by ultraviolet radiation
The inhibition of ΦPSII due to UVR was affected by temperature in P. marinus, Ostreococcus sp.,
and P. calceolata (Table 2). In P. marinus, UVR inhibition decreased significantly with increasing
temperature (p < 0.01 for 16 °C compared with 24 °C). In the eukaryotic species Ostreococcus
sp. (not between 20 °C and 24 °C) and P. calceolata, UVR inhibition of ΦPSII also decreased with
increasing temperature, but not significantly. In Prochlorococcus sp., no effect of temperature
was found on the UVR inhibition of ΦPSII. Comparison of the different picophytoplankton
strains showed that Ostreococcus sp. was least inhibited by UVR (p < 0.001) (Figure 2, Table
2). P. marinus showed intermediate levels of UVR inhibition, whereas ΦPSII was most inhibited








16 °C 66.4 ± 3.9a n/a 24.5 ± 18.1 100.0 ± 0.0
20 °C 55.6 ± 4.9 97.9 ± 3.6 5.3 ± 5.4 97.3 ± 4.7
24 °C 49.5 ± 4.8a 97.3 ± 3.8 13.0 ± 5.5 77.0 ± 20.7
Table 2. Mean (± standard deviations, n = 3) inhibition by ultraviolet radiation (% of photosynthetically active
radiation treatment) after 10 min high irradiance exposure in Prochlorococcus marinus eMED4, Prochlorococcus sp.
eMIT9313, Ostreococcus sp. clade B, and Pelagomonas calceolata acclimated to 16 °C, 20 °C, and 24 °C. abc indicate
significant effects of the temperature treatment within each species. n/a: data not available, growth was not observed
under the used conditions and no additional measurements were performed.
3.3. Photoprotective pigmentation
Temperature acclimation affected the initial photoprotective pigment pool in P. marinus (t = 0,
Table 3), with higher zeaxanthin per chlorophyll a levels at lower temperatures (p < 0.001). In
Prochlorococcus sp., no significant effect of temperature acclimation was observed in the initial
zeaxanthin per chlorophyll a level. In both prokaryotic strains, exposure to high irradiance did
not influence photoprotective pigmentation, as the zeaxanthin per chlorophyll a levels
remained similar during and after high irradiance exposure (Table 3). In Ostreococcus sp.,
acclimation to higher temperatures increased the initial xanthophyll cycle pigment pool
(30-40%), but not significantly (t = 0, Table 3). In response to high irradiance exposure, large
fluctuations in the sum of violaxanthin, antheraxanthin, and zeaxanthin per chlorophyll a were
observed and no significant effect of temperature acclimation on the photoprotective pigment
pool was found (Table 3). In P. calceolata, the initial photoprotective pigments per chlorophyll
a ratio was highest at 24 °C (19 %, not significant). Temperature had no effect on the total
xanthophyll cycle pigment pool in response to high irradiance in P. calceolata as the sum of
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diadinoxanthin and diatoxanthin per chlorophyll a remained unchanged during and after
exposure to high irradiance (Table 3). No significant effect of the spectral composition of the
irradiance treatment was observed in the photoprotective pigments pools of P. marinus,
Prochlorococcus sp., Ostreococcus sp., and P. calceolata (Table 3).
PAR PAR+UVR
16 °C 20 °C 24 °C 16 °C 20 °C 24 °C
Prochlorococcus marinus
t = 0 0.647±0.060a 0.499±0.004a 0.431±0.007a 0.647±0.060b 0.499±0.004b 0.431±0.007b
t = 10 0.644 ± 0.081 0.488 ± 0.019 0.434 ± 0.017 0.649 ± 0.057 0.488 ± 0.013 0.426 ± 0.017
t = 20 0.657 ± 0.066 0.493 ± 0.006 0.426 ± 0.031 0.655 ± 0.071 0.494 ± 0.002 0.421 ± 0.031
t = 40 0.661 ± 0.067 0.498 ± 0.009 0.424 ± 0.014 0.663 ± 0.053 0.492 ± 0.013 0.437 ± 0.014
Prochlorococcus sp.
t = 0 n/a 1.062 ± 0.034 1.025 ± 0.023 n/a 1.062 ± 0.034 1.025 ± 0.023
t = 10 n/a 1.206 ± 0.076 0.976 ± 0.009 n/a 1.198 ± 0.039 0.946 ± 0.039
t = 20 n/a 1.209 ± 0.093 0.966 ± 0.036 n/a 1.189 ± 0.059 0.936 ± 0.032
t = 40 n/a 1.226 ± 0.088 0.996 ± 0.041 n/a 1.192 ± 0.044 0.974 ± 0.039
Ostreococcus sp.
t = 0 0.079 ± 0.030 0.057 ± 0.024 0.061 ± 0.014 0.079 ± 0.030 0.057 ± 0.024 0.061 ± 0.014
t = 10 0.109 ± 0.017 0.062 ± 0.026 0.084 ± 0.032 0.058 ± 0.004 0.053 ± 0.012 0.060 ± 0.013
t = 20 0.091 ± 0.036 0.052 ± 0.020 0.060 ± 0.009 0.109 ± 0.003 0.082 ± 0.002 0.105 ± 0.008
t = 40 0.106 ± 0.005 0.078 ± 0.006 0.074 ± 0.031 0.109 ± 0.003 0.079 ± 0.014 0.077 ± 0.020
Pelagomonas calceolata
t = 0 0.089 ± 0.008 0.089 ± 0.005 0.106 ± 0.012 0.089 ± 0.008 0.089 ± 0.005 0.106 ± 0.012
t = 10 0.096 ± 0.009 0.095 ± 0.002 0.106 ± 0.013 0.092 ± 0.010 0.094 ± 0.004 0.103 ± 0.014
t = 20 0.093 ± 0.005 0.096 ± 0.007 0.107 ± 0.014 0.080 ± 0.031 0.093 ± 0.005 0.105 ± 0.014
t = 40 0.093 ± 0.009 0.094 ± 0.006 0.109 ± 0.013 0.090 ± 0.008 0.092 ± 0.005 0.104 ± 0.012
Table 3. Mean (± standard deviations, n = 3) photoprotective pigments per chlorophyll a ratio in Prochlorococcus
marinus eMED4 (zeaxanthin), Prochlorococcus sp. eMIT9313 (zeaxanthin), Ostreococcus sp. clade B (violaxanthin,
antheraxanthin, and zeaxanthin), and Pelagomonas calceolata (diadinoxanthin and diatoxanthin) acclimated to 16 °C,
20 °C, and 24 °C. Pigment ratios were obtained before (t = 0) and after (t = 10, 20, 40) exposure to high
photosynthetically active radiation (PAR), with and without ultraviolet radiation (UVR). abc indicate significant effects
of the temperature treatment within each species. n/a: data not available, growth was not observed under the used
conditions and no additional measurements were performed.
3.4. De-epoxidation of the xanthophyll cycle
In both Ostreococcus sp. and P. calceolata, the de-epoxidation state (DPS) of the xanthophyll
pigment cycle increased significantly during exposure to high irradiance (p < 0.001) (Figure
3). In both strains, the DPS of the xanthophyll pigment cycle decreased over time, but the DPS
did not return to initial values after 30 min of recovery in low light conditions (t= 40, Figure
3). In Ostreococcus sp., the de-epoxidation of the xanthophyll pigment cycle mainly included
the de-epoxidation of violaxanthin to antheraxanthin, whereas the de-epoxidation of anther‐
axanthin to zeaxanthin was small. Temperature had an effect on the DPS of the xanthophyll
Temperature-Dependent Photoregulation in Oceanic Picophytoplankton During Excessive Irradiance Exposure
http://dx.doi.org/10.5772/55256
217
at 24 °C). P. marinus and Prochlorococcus sp. showed intermediate levels of NPQS, whereas
Ostreococcus sp. showed significantly lowest NPQS (p < 0.05, not significant at 24 °C). The
relative low levels of NPQS in Ostreococcus sp. were accompanied by significantly higher
NPQF compared with the other species (p < 0.005). No differences in NPQF were found between
P. marinus, Prochlorococcus sp., and P. calceolata.
3.2. Inhibition of photosystem II by ultraviolet radiation
The inhibition of ΦPSII due to UVR was affected by temperature in P. marinus, Ostreococcus sp.,
and P. calceolata (Table 2). In P. marinus, UVR inhibition decreased significantly with increasing
temperature (p < 0.01 for 16 °C compared with 24 °C). In the eukaryotic species Ostreococcus
sp. (not between 20 °C and 24 °C) and P. calceolata, UVR inhibition of ΦPSII also decreased with
increasing temperature, but not significantly. In Prochlorococcus sp., no effect of temperature
was found on the UVR inhibition of ΦPSII. Comparison of the different picophytoplankton
strains showed that Ostreococcus sp. was least inhibited by UVR (p < 0.001) (Figure 2, Table
2). P. marinus showed intermediate levels of UVR inhibition, whereas ΦPSII was most inhibited
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Table 3), with higher zeaxanthin per chlorophyll a levels at lower temperatures (p < 0.001). In
Prochlorococcus sp., no significant effect of temperature acclimation was observed in the initial
zeaxanthin per chlorophyll a level. In both prokaryotic strains, exposure to high irradiance did
not influence photoprotective pigmentation, as the zeaxanthin per chlorophyll a levels
remained similar during and after high irradiance exposure (Table 3). In Ostreococcus sp.,
acclimation to higher temperatures increased the initial xanthophyll cycle pigment pool
(30-40%), but not significantly (t = 0, Table 3). In response to high irradiance exposure, large
fluctuations in the sum of violaxanthin, antheraxanthin, and zeaxanthin per chlorophyll a were
observed and no significant effect of temperature acclimation on the photoprotective pigment
pool was found (Table 3). In P. calceolata, the initial photoprotective pigments per chlorophyll
a ratio was highest at 24 °C (19 %, not significant). Temperature had no effect on the total
xanthophyll cycle pigment pool in response to high irradiance in P. calceolata as the sum of
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diadinoxanthin and diatoxanthin per chlorophyll a remained unchanged during and after
exposure to high irradiance (Table 3). No significant effect of the spectral composition of the
irradiance treatment was observed in the photoprotective pigments pools of P. marinus,
Prochlorococcus sp., Ostreococcus sp., and P. calceolata (Table 3).
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Table 3. Mean (± standard deviations, n = 3) photoprotective pigments per chlorophyll a ratio in Prochlorococcus
marinus eMED4 (zeaxanthin), Prochlorococcus sp. eMIT9313 (zeaxanthin), Ostreococcus sp. clade B (violaxanthin,
antheraxanthin, and zeaxanthin), and Pelagomonas calceolata (diadinoxanthin and diatoxanthin) acclimated to 16 °C,
20 °C, and 24 °C. Pigment ratios were obtained before (t = 0) and after (t = 10, 20, 40) exposure to high
photosynthetically active radiation (PAR), with and without ultraviolet radiation (UVR). abc indicate significant effects
of the temperature treatment within each species. n/a: data not available, growth was not observed under the used
conditions and no additional measurements were performed.
3.4. De-epoxidation of the xanthophyll cycle
In both Ostreococcus sp. and P. calceolata, the de-epoxidation state (DPS) of the xanthophyll
pigment cycle increased significantly during exposure to high irradiance (p < 0.001) (Figure
3). In both strains, the DPS of the xanthophyll pigment cycle decreased over time, but the DPS
did not return to initial values after 30 min of recovery in low light conditions (t= 40, Figure
3). In Ostreococcus sp., the de-epoxidation of the xanthophyll pigment cycle mainly included
the de-epoxidation of violaxanthin to antheraxanthin, whereas the de-epoxidation of anther‐
axanthin to zeaxanthin was small. Temperature had an effect on the DPS of the xanthophyll
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pigment cycle in Ostreococcus sp. (Figure 3, Table 4), but differences were mostly not significant.
The initial DPS of the xanthophyll pigment cycle (t = 0) in Ostreococcus sp. was 21-47% higher
at 16 °C compared with 20 °C and 24 °C. During exposure to high PAR and PAR+UVR, the
increase in the DPS was fastest at 20 °C (Table 4), as was the epoxidation of the xanthophyll
pigment cycle after exposure to high irradiance (Figure 3). In P. calceolata, the initial DPS of the
xanthophyll pigment cycle was 22-28% lower at 16 °C compared with the higher temperatures
(not significant) (Figure 3). During irradiance exposure, the rate of de-epoxidation of the
xanthophyll pigment cycle increased with increasing temperature in P. calceolata (not signifi‐
cant) (Figure 3, Table 4). In accordance with the rate of de-epoxidation, the epoxidation of the
xanthophyll pigment cycle was fastest at 24 °C (p < 0.05).
The effect of the spectral composition of the irradiance treatment on the de-epoxidation of
the  xanthophyll  pigment  cycle  was  most  evident  in  Ostreococcus  sp.  (Figure  3).  During
irradiance exposure (t = 0-10), the DPS in Ostreococcus sp. did not differ significantly between
the PAR and PAR+UVR treatment  (Figure  3,  Table  4).  However,  in  the  PAR treatment,
epoxidation of the xanthophyll pigment cycle started directly after exposure (t = 10), whereas
the epoxidation was delayed in the PAR+UVR treatment and started after 10 minutes of
recovery in low light (t = 20). After 30 minutes of recovery (t = 40), the DPS in Ostreococ‐
cus  sp. was similar in both PAR and PAR+UVR treatments (Figure 3). In P. calceolata,  no
significant effect of the spectral composition of the irradiance treatment was found, but it
seemed that exposure to UVR limited the de-epoxidation of the xanthophyll pigment cycle,
especially at lower temperatures (Figure 3).
Figure 3. De-epoxidation of the xanthophyll pigment cycle. Mean (± standard deviation, n = 3) de-epoxidation state
(DPS) of the xanthophyll pigment cycle in Ostreococcus sp. clade B and Pelagomonas calceolata are given during and
after 10 minutes of exposure to high photophotosynthetically active radiation (PAR, white circles) and high PAR with
ultraviolet radiation (PAR+UVR, grey circles) at 16 °C, 20 °C, and 24 °C.
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When the dynamics of the xanthophyll pigment cycle of both species were compared, it was
shown that Ostreococcus sp. had a significantly higher DPS compared with P. calceolata (p <
0.05) (Figure 3). In addition, the increase in de-epoxidation of the xanthophyll pigment cycle
during high irradiance exposure was faster in Ostreococcus sp. (p < 0.05) (Table 3), whereas no
differences in epoxidation rate were observed between Ostreococcus sp. and P. calceolata.
Ostreococcus sp. Pelagomonas calceolata
PAR
16 °C 0.036 ± 3.75 × 10-3 0.029 ± 2.76 × 10-4
20 °C 0.043 ± 6.01 × 10-3 0.030 ± 4.53 × 10-3
24 °C 0.038 ± 6.33 × 10-3 0.034 ± 5.39 × 10-3
PAR+UVR
16 °C 0.033 ± 4.79 × 10-3ab 0.021 ± 6.38 × 10-4
20 °C 0.047 ± 4.08 × 10-3a 0.023 ± 5.33 × 10-3
24 °C 0.045 ± 1.12 × 10-3b 0.031 ± 7.34 × 10-3
Table 4. Mean (± standard deviation, n = 3) rate of increase in the de-epoxidation state of the xanthophyll pigment
cycle (kDPS in min-1) in Ostreococcus sp. clade B and Pelagomonas calceolata during exposure to high photosynthetically
active radiation (PAR) and high PAR with ultraviolet radiation (PAR+UVR) at 16 °C, 20 °C, and 24°C. abc indicate
significant effects of the temperature treatment within each species.
4. Discussion
Climate change is expected to mediate a rise in seawater temperature by 1.5-4.5 °C over
the next century [46]. This rise in seawater temperature will lead to changes in water column
stratification in open oligotrophic oceans [47,48].  The subsequent modifications in mixed
layer dynamics increase the exposure of  phytoplankton to high levels  of  photosynthetic
active  radiation (PAR) and ultraviolet  radiation (UVR).  Because temperature  and irradi‐
ance conditions play an important  role  in  the success  of  specific  oceanic  phytoplankton
species [4,49,50], it is important to understand how oceanic phytoplankton will respond to
elevated  temperatures  and  whether  this  will  affect  their  (photo)physiological  perform‐
ance.  The present  study focused on the temperature-dependence of  photoinhibition and
photoregulating processes that are essential for survival during high (dynamic) irradiance
conditions.
During short  periods of  high irradiance exposure,  both the prokaryotic  picophytoplank‐
ton strains P. marinus and Prochlorococcus sp., as the eukaryotic picophytoplankton strains
Ostreococcus sp. and P. calceolata were susceptible to photoinhibition. The response to high
irradiances was species specific and appeared to be related to the genetically defined light
adaptation of the different strains. In the prokaryotic species, the low light adapted ecotype
Prochlorococcus  sp.  (eMIT9313)  was highly sensitive to  high PAR and UVR, whereas the
high light adapted ecotype P. marinus (eMED4) showed lower sensitivity. Similar differen‐
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pigment cycle in Ostreococcus sp. (Figure 3, Table 4), but differences were mostly not significant.
The initial DPS of the xanthophyll pigment cycle (t = 0) in Ostreococcus sp. was 21-47% higher
at 16 °C compared with 20 °C and 24 °C. During exposure to high PAR and PAR+UVR, the
increase in the DPS was fastest at 20 °C (Table 4), as was the epoxidation of the xanthophyll
pigment cycle after exposure to high irradiance (Figure 3). In P. calceolata, the initial DPS of the
xanthophyll pigment cycle was 22-28% lower at 16 °C compared with the higher temperatures
(not significant) (Figure 3). During irradiance exposure, the rate of de-epoxidation of the
xanthophyll pigment cycle increased with increasing temperature in P. calceolata (not signifi‐
cant) (Figure 3, Table 4). In accordance with the rate of de-epoxidation, the epoxidation of the
xanthophyll pigment cycle was fastest at 24 °C (p < 0.05).
The effect of the spectral composition of the irradiance treatment on the de-epoxidation of
the  xanthophyll  pigment  cycle  was  most  evident  in  Ostreococcus  sp.  (Figure  3).  During
irradiance exposure (t = 0-10), the DPS in Ostreococcus sp. did not differ significantly between
the PAR and PAR+UVR treatment  (Figure  3,  Table  4).  However,  in  the  PAR treatment,
epoxidation of the xanthophyll pigment cycle started directly after exposure (t = 10), whereas
the epoxidation was delayed in the PAR+UVR treatment and started after 10 minutes of
recovery in low light (t = 20). After 30 minutes of recovery (t = 40), the DPS in Ostreococ‐
cus  sp. was similar in both PAR and PAR+UVR treatments (Figure 3). In P. calceolata,  no
significant effect of the spectral composition of the irradiance treatment was found, but it
seemed that exposure to UVR limited the de-epoxidation of the xanthophyll pigment cycle,
especially at lower temperatures (Figure 3).
Figure 3. De-epoxidation of the xanthophyll pigment cycle. Mean (± standard deviation, n = 3) de-epoxidation state
(DPS) of the xanthophyll pigment cycle in Ostreococcus sp. clade B and Pelagomonas calceolata are given during and
after 10 minutes of exposure to high photophotosynthetically active radiation (PAR, white circles) and high PAR with
ultraviolet radiation (PAR+UVR, grey circles) at 16 °C, 20 °C, and 24 °C.
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When the dynamics of the xanthophyll pigment cycle of both species were compared, it was
shown that Ostreococcus sp. had a significantly higher DPS compared with P. calceolata (p <
0.05) (Figure 3). In addition, the increase in de-epoxidation of the xanthophyll pigment cycle
during high irradiance exposure was faster in Ostreococcus sp. (p < 0.05) (Table 3), whereas no
differences in epoxidation rate were observed between Ostreococcus sp. and P. calceolata.
Ostreococcus sp. Pelagomonas calceolata
PAR
16 °C 0.036 ± 3.75 × 10-3 0.029 ± 2.76 × 10-4
20 °C 0.043 ± 6.01 × 10-3 0.030 ± 4.53 × 10-3
24 °C 0.038 ± 6.33 × 10-3 0.034 ± 5.39 × 10-3
PAR+UVR
16 °C 0.033 ± 4.79 × 10-3ab 0.021 ± 6.38 × 10-4
20 °C 0.047 ± 4.08 × 10-3a 0.023 ± 5.33 × 10-3
24 °C 0.045 ± 1.12 × 10-3b 0.031 ± 7.34 × 10-3
Table 4. Mean (± standard deviation, n = 3) rate of increase in the de-epoxidation state of the xanthophyll pigment
cycle (kDPS in min-1) in Ostreococcus sp. clade B and Pelagomonas calceolata during exposure to high photosynthetically
active radiation (PAR) and high PAR with ultraviolet radiation (PAR+UVR) at 16 °C, 20 °C, and 24°C. abc indicate
significant effects of the temperature treatment within each species.
4. Discussion
Climate change is expected to mediate a rise in seawater temperature by 1.5-4.5 °C over
the next century [46]. This rise in seawater temperature will lead to changes in water column
stratification in open oligotrophic oceans [47,48].  The subsequent modifications in mixed
layer dynamics increase the exposure of  phytoplankton to high levels  of  photosynthetic
active  radiation (PAR) and ultraviolet  radiation (UVR).  Because temperature  and irradi‐
ance conditions play an important  role  in  the success  of  specific  oceanic  phytoplankton
species [4,49,50], it is important to understand how oceanic phytoplankton will respond to
elevated  temperatures  and  whether  this  will  affect  their  (photo)physiological  perform‐
ance.  The present  study focused on the temperature-dependence of  photoinhibition and
photoregulating processes that are essential for survival during high (dynamic) irradiance
conditions.
During short  periods of  high irradiance exposure,  both the prokaryotic  picophytoplank‐
ton strains P. marinus and Prochlorococcus sp., as the eukaryotic picophytoplankton strains
Ostreococcus sp. and P. calceolata were susceptible to photoinhibition. The response to high
irradiances was species specific and appeared to be related to the genetically defined light
adaptation of the different strains. In the prokaryotic species, the low light adapted ecotype
Prochlorococcus  sp.  (eMIT9313)  was highly sensitive to  high PAR and UVR, whereas the
high light adapted ecotype P. marinus (eMED4) showed lower sensitivity. Similar differen‐
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ces in photoinhibition during high irradiance exposure were observed for other low and
high light  adapted ecotypes of  Prochlorococcus  spp.  during exposure to high blue irradi‐
ance [18]. The differential response to excessive irradiance intensities found in the present
study related well to the occurrence of different Prochlorococcus ecotypes in the upper mixed
layer  (eMED4) and the deep chlorophyll  maximum (eMIT9313)  [4,49].  In  the eukaryotic
species, the levels of total non photochemical quenching induced by a tenfold increase in
irradiance intensity were similar  compared with earlier  observations for Ostreococcus  sp.
and P. calceolata [12,51]. Although the two eukaryotic species were both isolated at 100 m
depth from oceanic regions, Ostreococcus sp. showed considerably lower levels of photoin‐
hibition compared with P. calceolata,  especially during UVR exposure.  It  therefore seems
that Ostreococcus sp. clade B is not specifically adapted to low light [7], but rather adapt‐
ed to open ocean irradiance conditions (also see [50,52]) with a relatively low sensitivity to
high  irradiance  intensities  compared  with  other  oceanic  picophytoplankton  [this  study,
11,31].  The low light adapted ecotype P. calceolata  showed highest levels of  photoinhibi‐
tion during exposure to high PAR compared with the other species. However, photoinhibi‐
tion increased dramatically in the prokaryotic strains during exposure to UVR. This confirms
the relative sensitivity of Prochlorococcus spp. to high levels of UVR, as has been observed
in oligotrophic waters [53,54].
Temperature  acclimation  influenced  photoinhibition  and  related  processes  during  high
irradiance exposure in P. marinus, Prochlorococcus sp., Ostreococcus sp., and P. calceolata. The
effect  was  not  uniform  among  the  different  strains,  but  temperature  acclimation  influ‐
enced the response to high irradiance exposure by changes in the relative contribution of
photoinhibition and photoprotective mechanisms to non photochemical  quenching in all
strains. This general response corresponds well with the observation that both prokaryot‐
ic and eukaryotic picophytoplankton may benefit from high irradiance intensities at elevated
temperatures  by alterations  in  photophysiology and electron transport  [31].  In  addition,
elevated temperatures had a beneficial  effect  on the response to high irradiance intensi‐
ties by partially counteracting the UVR-induced photoinhibition in P. marinus,  Ostreococ‐
cus sp., and P. calceolata. This was earlier observed in several diatom species and related to
an increase in Rubisco activity and gene expression in Thalassiosira weissflogii [34], an increase
in repair rates in T. pseudonana [32], and an increase in photoprotection by the dissipation
of  excess  energy  in  T.  weissflogii  and  C.  gracillis  [33].  In  this  study,  fast  relaxing  non
photochemical  processes,  i.e.  photoprotection,  and the influence of  temperature acclima‐
tion on these  processes  was further  investigated in  the  response to  excessive  irradiance
intensities in oceanic picophytoplankton.
Both low and high light adapted Prochlorococcus strains were capable of producing fast relaxing
non photochemical quenching (NPQF). Interestingly, the level of NPQF in the low light adapted
strain Prochlorococcus sp. (eMIT9313/clade LLIV) was considerably higher compared with that
of another low light adapted strain of Prochlorococcus (strain SS120/clade LLII) [27]. It therefore
seems that some low light adapted ecotypes of Prochlorococcus are capable of inducing high
levels of NPQF comparable to that of high light adapted ecotypes (this study), but others are
not [27]. This might possibly be related to the differential occurrence of pcb genes encoding the
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major chlorophyll binding and light harvesting antenna proteins in both low and high light
adapted ecotypes of Prochlorococcus [27,55]. Although the precise underlying mechanism
remains unknown, the process of NPQF in P. marinus and Prochlorococcus sp. was sensitive to
changes in temperature. It is therefore likely that the underlying mechanisms of NPQF in
Prochlorococcus spp. involves an enzymatic reaction or changes due to the improved fluidity
of the thylakoid membrane at elevated temperatures [56,57]. This contrasts to earlier obser‐
vations of NPQF in phycobillisome containing cyanobacteria [58] (for a review see [24]), which
supports the notion that the underlying mechanisms are different between Prochlorococcus spp.
and other prokaryotic species [24]. It was further shown in the present study that the mecha‐
nism of photoprotection in P. marinus and Prochlorococcus sp. was highly sensitive to UVR,
possibly related to increased oxidative stress on the thylakoid membrane [59]. Fast relaxing
non photochemical quenching was not related to changes in pigmentation during high
irradiance exposure in P. marinus and Prochlorococcus sp. The xanthophyll pigment zeaxanthin
is not regulated by an epoxydation/de-epoxidation cycle in prokaryotic species and its function
is often debated [60,61]. However, the photoprotective role of zeaxanthin is not excluded, since
the concentration of zeaxanthin increases relative to chlorophyll a in high light acclimated cells
[8,11,61] and zeaxanthin is found in high concentrations in the field [62,63]. The presence of
zeaxanthin might have overestimated the calculation of photoinhibition by slowly relaxing
non photochemical quenching in the light-harvesting antenna of PSII (F0 quenching) [40,64].
This was however, not observed in P. marinus and Prochlorococcus sp. (data not shown),
suggesting that slowly relaxing non photochemical quenching related to damage to the
reaction center of PSII in these strains.
In the eukaryotic  picophytoplankton species Ostreococcus  sp.  and P. calceolata,  fast  relax‐
ing non photochemical  quenching coincided with the de-epoxidation of  the xanthophyll
pigment cycle. The rate of de-epoxidation of the xanthophyll pigment cycle in Ostreococ‐
cus  sp.  and  P.  calceolata  was  within  the  range  reported  for  other  eukaryotic  pico-  and
nanophytoplankton  [45],  as  was  the  relative  increase  in  the  de-epoxidation  state  of  the
xanthophyll pigment cycle upon high irradiance exposure [12,19,45,51]. For Ostreococcus sp.
clade B it was previously shown that both the xanthophyll pigment cycle [19] and alternative
electron transport [13] play an important role in the response to high irradiance, whereas
photorepair is relatively slow compared with other Ostreococcus ecotypes [19]. This study
showed that the photoprotective processes were also effective during UVR exposure, since
Ostreococcus sp. was the only strain used in this study that showed substantial NPQF during
UVR exposure. The influence of temperature acclimation was also most pronounced during
UVR exposure, especially on the xanthophyll pigment cycle. Different effects may add to
the high levels of fast relaxing non photochemical quenching observed in Ostreococcus sp.
The  xanthophyll  cycle  pigments  may  have  an  additional  photoprotective  function  in
Ostreococcus sp., including the stabilization of the thylakoid membrane by antheraxanthin
and zeaxanthin, providing protection against reactive oxygen species under conditions of
a  highly  reduced  electron  transport  chain  (for  a  review  see  [65]).  In  addition,  the  de-
epoxidation  of  the  xanthophyll  pigment  cycle  and  the  consequent  non  photochemical
quenching  in  Ostreococcus  sp.  may  be  promoted  by  an  increase  in  the  trans-membrane
proton gradient due to the presence of chlororespiratory electron flow [13,65]. In P. calceolata,
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high light  adapted ecotypes of  Prochlorococcus  spp.  during exposure to high blue irradi‐
ance [18]. The differential response to excessive irradiance intensities found in the present
study related well to the occurrence of different Prochlorococcus ecotypes in the upper mixed
layer  (eMED4) and the deep chlorophyll  maximum (eMIT9313)  [4,49].  In  the eukaryotic
species, the levels of total non photochemical quenching induced by a tenfold increase in
irradiance intensity were similar  compared with earlier  observations for Ostreococcus  sp.
and P. calceolata [12,51]. Although the two eukaryotic species were both isolated at 100 m
depth from oceanic regions, Ostreococcus sp. showed considerably lower levels of photoin‐
hibition compared with P. calceolata,  especially during UVR exposure.  It  therefore seems
that Ostreococcus sp. clade B is not specifically adapted to low light [7], but rather adapt‐
ed to open ocean irradiance conditions (also see [50,52]) with a relatively low sensitivity to
high  irradiance  intensities  compared  with  other  oceanic  picophytoplankton  [this  study,
11,31].  The low light adapted ecotype P. calceolata  showed highest levels of  photoinhibi‐
tion during exposure to high PAR compared with the other species. However, photoinhibi‐
tion increased dramatically in the prokaryotic strains during exposure to UVR. This confirms
the relative sensitivity of Prochlorococcus spp. to high levels of UVR, as has been observed
in oligotrophic waters [53,54].
Temperature  acclimation  influenced  photoinhibition  and  related  processes  during  high
irradiance exposure in P. marinus, Prochlorococcus sp., Ostreococcus sp., and P. calceolata. The
effect  was  not  uniform  among  the  different  strains,  but  temperature  acclimation  influ‐
enced the response to high irradiance exposure by changes in the relative contribution of
photoinhibition and photoprotective mechanisms to non photochemical  quenching in all
strains. This general response corresponds well with the observation that both prokaryot‐
ic and eukaryotic picophytoplankton may benefit from high irradiance intensities at elevated
temperatures  by alterations  in  photophysiology and electron transport  [31].  In  addition,
elevated temperatures had a beneficial  effect  on the response to high irradiance intensi‐
ties by partially counteracting the UVR-induced photoinhibition in P. marinus,  Ostreococ‐
cus sp., and P. calceolata. This was earlier observed in several diatom species and related to
an increase in Rubisco activity and gene expression in Thalassiosira weissflogii [34], an increase
in repair rates in T. pseudonana [32], and an increase in photoprotection by the dissipation
of  excess  energy  in  T.  weissflogii  and  C.  gracillis  [33].  In  this  study,  fast  relaxing  non
photochemical  processes,  i.e.  photoprotection,  and the influence of  temperature acclima‐
tion on these  processes  was further  investigated in  the  response to  excessive  irradiance
intensities in oceanic picophytoplankton.
Both low and high light adapted Prochlorococcus strains were capable of producing fast relaxing
non photochemical quenching (NPQF). Interestingly, the level of NPQF in the low light adapted
strain Prochlorococcus sp. (eMIT9313/clade LLIV) was considerably higher compared with that
of another low light adapted strain of Prochlorococcus (strain SS120/clade LLII) [27]. It therefore
seems that some low light adapted ecotypes of Prochlorococcus are capable of inducing high
levels of NPQF comparable to that of high light adapted ecotypes (this study), but others are
not [27]. This might possibly be related to the differential occurrence of pcb genes encoding the
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major chlorophyll binding and light harvesting antenna proteins in both low and high light
adapted ecotypes of Prochlorococcus [27,55]. Although the precise underlying mechanism
remains unknown, the process of NPQF in P. marinus and Prochlorococcus sp. was sensitive to
changes in temperature. It is therefore likely that the underlying mechanisms of NPQF in
Prochlorococcus spp. involves an enzymatic reaction or changes due to the improved fluidity
of the thylakoid membrane at elevated temperatures [56,57]. This contrasts to earlier obser‐
vations of NPQF in phycobillisome containing cyanobacteria [58] (for a review see [24]), which
supports the notion that the underlying mechanisms are different between Prochlorococcus spp.
and other prokaryotic species [24]. It was further shown in the present study that the mecha‐
nism of photoprotection in P. marinus and Prochlorococcus sp. was highly sensitive to UVR,
possibly related to increased oxidative stress on the thylakoid membrane [59]. Fast relaxing
non photochemical quenching was not related to changes in pigmentation during high
irradiance exposure in P. marinus and Prochlorococcus sp. The xanthophyll pigment zeaxanthin
is not regulated by an epoxydation/de-epoxidation cycle in prokaryotic species and its function
is often debated [60,61]. However, the photoprotective role of zeaxanthin is not excluded, since
the concentration of zeaxanthin increases relative to chlorophyll a in high light acclimated cells
[8,11,61] and zeaxanthin is found in high concentrations in the field [62,63]. The presence of
zeaxanthin might have overestimated the calculation of photoinhibition by slowly relaxing
non photochemical quenching in the light-harvesting antenna of PSII (F0 quenching) [40,64].
This was however, not observed in P. marinus and Prochlorococcus sp. (data not shown),
suggesting that slowly relaxing non photochemical quenching related to damage to the
reaction center of PSII in these strains.
In the eukaryotic  picophytoplankton species Ostreococcus  sp.  and P. calceolata,  fast  relax‐
ing non photochemical  quenching coincided with the de-epoxidation of  the xanthophyll
pigment cycle. The rate of de-epoxidation of the xanthophyll pigment cycle in Ostreococ‐
cus  sp.  and  P.  calceolata  was  within  the  range  reported  for  other  eukaryotic  pico-  and
nanophytoplankton  [45],  as  was  the  relative  increase  in  the  de-epoxidation  state  of  the
xanthophyll pigment cycle upon high irradiance exposure [12,19,45,51]. For Ostreococcus sp.
clade B it was previously shown that both the xanthophyll pigment cycle [19] and alternative
electron transport [13] play an important role in the response to high irradiance, whereas
photorepair is relatively slow compared with other Ostreococcus ecotypes [19]. This study
showed that the photoprotective processes were also effective during UVR exposure, since
Ostreococcus sp. was the only strain used in this study that showed substantial NPQF during
UVR exposure. The influence of temperature acclimation was also most pronounced during
UVR exposure, especially on the xanthophyll pigment cycle. Different effects may add to
the high levels of fast relaxing non photochemical quenching observed in Ostreococcus sp.
The  xanthophyll  cycle  pigments  may  have  an  additional  photoprotective  function  in
Ostreococcus sp., including the stabilization of the thylakoid membrane by antheraxanthin
and zeaxanthin, providing protection against reactive oxygen species under conditions of
a  highly  reduced  electron  transport  chain  (for  a  review  see  [65]).  In  addition,  the  de-
epoxidation  of  the  xanthophyll  pigment  cycle  and  the  consequent  non  photochemical
quenching  in  Ostreococcus  sp.  may  be  promoted  by  an  increase  in  the  trans-membrane
proton gradient due to the presence of chlororespiratory electron flow [13,65]. In P. calceolata,
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the rate of de-epoxidation and the relative de-epoxidation of the xanthophyll pigment cycle
increased  at  elevated  temperature,  but  this  was  not  associated  with  an  increase  in  fast
relaxing non photochemical quenching. It is possible that the membrane stability necessa‐
ry for the dissipation of excess energy trough the xanthophyll pigment cycle was affected
by  oxidative  stress  [66,67].  This  could  also  explain  the  diminished  fast  relaxing  non
photochemical levels during UVR exposure in this species.  Because P. calceolata  is  a low
light adapted ecotype, this species might possibly use additional photoprotective mecha‐
nisms, such as the chlororespiratory electron flow observed in Ostreococcus sp., to a lesser
extent.
This study showed that oceanic picophytoplankton were susceptible to photoinhibition during
short periods of high irradiance. The genetically defined light adaptation of P. marinus,
Prochlorococcus sp., Ostreococcus sp., and P. calceolata played an important role in their PAR and
UVR sensitivity, likely related to the presence of different (combinations of) photoprotective
mechanisms. Temperature acclimation influenced the response to excessive irradiance
exposure by changes in the relative contribution of photoinhibition and photoprotective
mechanisms to non photochemical quenching. These changes were found to be species specific.
Acclimation to elevated temperatures increased the dissipation of excess energy in both P.
marinus and Prochlorococcus sp., indicating a strong dependence on temperature of this
photoprotective mechanism. In combination with decreased photoinhibition during both PAR
and UVR exposure at elevated temperature, the high light adapted ecotype P. marinus may
benefit considerably from elevated temperatures in response to high irradiance intensities
encountered in the upper mixed layer of open oligotrophic oceans. Considering exposure to
UVR, the effect of elevated temperature was most pronounced in the eukaryotic strain
Ostreococcus sp., indicating that this species can effectively regulate light harvesting in
relatively warm, UVR rich waters near the surface of the open oligotrophic ocean. Even though
Prochlorococcus sp. and P. calceolata are unlikely to experience high irradiance intensities in the
deep chlorophyll maximum, photoinhibition in these low light adapted ecotypes is highly
relevant, since damage to PSII can occur at relatively low irradiance intensities [18,31,68]. At
elevated temperatures, the prokaryotic strain Prochlorococcus sp. benefitted by increasing
dissipation of excess energy, whereas the eukaryotic strain P. calceolata was less susceptible to
photoinhibition. Overall, the differential response to high irradiance may have considerably
effect on phytoplankton species distribution and community composition in the open oligo‐
trophic oceans, with some ecotypes and/or species being more susceptible to photoinhibition
than others. Photoinhibition and/or photoprotective processes may be positively affected by
the rise in seawater temperature associated with climate change, but species specific differen‐
ces in (photo)physiology remain important in the performance of oceanic picophytoplankton.
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relaxing non photochemical quenching. It is possible that the membrane stability necessa‐
ry for the dissipation of excess energy trough the xanthophyll pigment cycle was affected
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extent.
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Acclimation to elevated temperatures increased the dissipation of excess energy in both P.
marinus and Prochlorococcus sp., indicating a strong dependence on temperature of this
photoprotective mechanism. In combination with decreased photoinhibition during both PAR
and UVR exposure at elevated temperature, the high light adapted ecotype P. marinus may
benefit considerably from elevated temperatures in response to high irradiance intensities
encountered in the upper mixed layer of open oligotrophic oceans. Considering exposure to
UVR, the effect of elevated temperature was most pronounced in the eukaryotic strain
Ostreococcus sp., indicating that this species can effectively regulate light harvesting in
relatively warm, UVR rich waters near the surface of the open oligotrophic ocean. Even though
Prochlorococcus sp. and P. calceolata are unlikely to experience high irradiance intensities in the
deep chlorophyll maximum, photoinhibition in these low light adapted ecotypes is highly
relevant, since damage to PSII can occur at relatively low irradiance intensities [18,31,68]. At
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dissipation of excess energy, whereas the eukaryotic strain P. calceolata was less susceptible to
photoinhibition. Overall, the differential response to high irradiance may have considerably
effect on phytoplankton species distribution and community composition in the open oligo‐
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1. Introduction
Plants, being sessile, are often exposed to various kinds of harsh environmental conditions
which adversely affect growth, metabolism and yield. Among various abiotic stresses,
drought, salinity, gaseous pollutants and heavy metals are important environmental stressors
which severely affect plant growth. Photosynthesis is essentially the only mechanism of energy
input into living world. The decline in productivity in many plant species subjected to harsh
environmental conditions is often associated with a reduction in photosynthetic capacity.
Heavy metals have been increasing in the environment (air, water and soil) as a result of rapid
industrialization, urbanization and agricultural runoff. Many of these metals have adverse
effects on growth and metabolic processes in plants, including reduction in chlorophyll
content, chloroplast degeneration, reduced photosynthesis and inhibition of enzyme activities.
Heavy metals influence photosynthesis by affecting pigments, electron transport activities and
Calvin cycle enzymes. Of the various metals, Pb, Cu, Cd, Ni, Hg and Zn have been extensively
studied in relation to their effects on plant photosynthesis [1-2]. Long term exposure of whole
wheat plants to cadmium (Cd) affected chlorophyll and chloroplast development in young
leaves [3]. However Pandey et al [4] reported significant increase in chlorophyll content in 20
μM Cr (VI) treated Indian mustard seedlings. Chloroplast membranes, particularly thylakoids,
have been investigated as the sites of action of heavy metals. Photosynthetic electron transport
within thylakoid membranes has been the primary target site of heavy metal action [5].
Light is shown to play a role in the binding of heavy metals to the chloroplast membranes and
to inhibit photosynthetic electron transport. The accessibility of Cu (II) to site of inhibition in
chloroplast membranes was much more rapid and to a greater extent in the light than in the
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1. Introduction
Plants, being sessile, are often exposed to various kinds of harsh environmental conditions
which adversely affect growth, metabolism and yield. Among various abiotic stresses,
drought, salinity, gaseous pollutants and heavy metals are important environmental stressors
which severely affect plant growth. Photosynthesis is essentially the only mechanism of energy
input into living world. The decline in productivity in many plant species subjected to harsh
environmental conditions is often associated with a reduction in photosynthetic capacity.
Heavy metals have been increasing in the environment (air, water and soil) as a result of rapid
industrialization, urbanization and agricultural runoff. Many of these metals have adverse
effects on growth and metabolic processes in plants, including reduction in chlorophyll
content, chloroplast degeneration, reduced photosynthesis and inhibition of enzyme activities.
Heavy metals influence photosynthesis by affecting pigments, electron transport activities and
Calvin cycle enzymes. Of the various metals, Pb, Cu, Cd, Ni, Hg and Zn have been extensively
studied in relation to their effects on plant photosynthesis [1-2]. Long term exposure of whole
wheat plants to cadmium (Cd) affected chlorophyll and chloroplast development in young
leaves [3]. However Pandey et al [4] reported significant increase in chlorophyll content in 20
μM Cr (VI) treated Indian mustard seedlings. Chloroplast membranes, particularly thylakoids,
have been investigated as the sites of action of heavy metals. Photosynthetic electron transport
within thylakoid membranes has been the primary target site of heavy metal action [5].
Light is shown to play a role in the binding of heavy metals to the chloroplast membranes and
to inhibit photosynthetic electron transport. The accessibility of Cu (II) to site of inhibition in
chloroplast membranes was much more rapid and to a greater extent in the light than in the
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dark [6]. A reduction in the inhibitory effects of Cu (II) upon leaving the membranes for short
periods of time in the dark led them to presume that in the dark Cu (II) was being irreversibly
bound to non-inhibitory site in the membranes, which prevented it from binding with
inhibitory sites in the light [6]. The effect of Zn (II) on inhibition of oxygen evolution was
somewhat identical in both light and dark [7]. However, Baker et al. [8] found a greater and
tighter binding of zinc in the pea thylakoid membranes incubated in dark or exposed to low
light as compared to those exposed to saturating light. Cu (II) inhibition increased in spinach
chloroplasts with the time of light exposure [9]. Essentiality of light for the damage due to Cu
(II) was also demonstrated in spinach PSII particles [10].
Chromium (Cr) is a toxic element that occurs in highly variable oxidation states. Chromium
is found in all phases of the environment, including air, water and soil. Chromium content in
naturally occurring soil ranges from 10 to 50 mg. kg-1 depending on the parental material. In
ultramafic soils (serpentine), it can reach up to 125 g. kg-1 [11]. Cr and its compounds have
multifarious industrial uses. They are extensively employed in leather processing and
finishing [12], in the production of refractory steel, drilling muds, electroplating cleaning
agents, catalytic manufacture and in the production of chromic acid and specialty chemicals.
Hexavalent chromium compounds are used in industry for metal plating, cooling tower water
treatment, hide tanning and, until recently, wood preservation. These anthropogenic activities
have led to the widespread contamination of Cr in the environment. Very few studies have
reported ameliorative measures for Cr toxicity in crop plants. Pluchea indica showed a good
potential of phytoremediation, as it presented high levels of Cr accumulation and translocation
to the leaves [13]. Mellem et al [14] found that Amaranthus dubius tolerate high Cr(VI) concen‐
trations showing good potential for phytoremediation. Furthermore, Gardea-Torresdey et al
[15] found that Convolvulus arvensis L. had capability to accumulate more than 3800 mg of Cr
kg−1 dw tissue, showing that this specie can be used in phytoremediation of Cr(VI) contami‐
nated soils. Khan (16) reported the potential of mycorrhizae in protecting tree species Populus
euroamericana, Acacia arabica and Dalbergia sisso against the harmful effects of heavy metal and
phytoremediation of Cr contamination in tannery effluent-polluted soils. The poor transloca‐
tion of Cr from roots to shoots is a major hurdle in using plants and trees for phytoremediation.
Despite toxicity of chromium (Cr) to human and animals due to its instant exposure or via its
incorporation in food chain, the mechanism of action of this element in the photosynthetic
electron transport activity is not critically studied. Of the various species of Cr, trivalent Cr
(III) and hexavalent Cr (VI) forms are of biological relevance due to their wide occurrence in
the environment. While Cr (VI) is most biologically toxic oxidation state of chromium [17], Cr
(III) is less toxic and is also an essential trace element in human nutrition [18]. The chemistry
of Cr in respect to plant accumulation from the environment revolves around the reduction of
Cr (VI) to Cr (III), the oxidation of Cr (III) to Cr (VI) and the relative stability of Cr (III)
compound once formed [19].
Growth inhibition in Cr treated Lemna gibba was shown to be associated with an alteration of
the PS II electron transport [20]. The net photosynthesis of primary and secondary leaves of
Phaseolus vulgaris was decreased by Cr (VI) [21]. Decline in net CO2 assimilation of leaves in
Cr (VI) treated pea plants was found associated with depressed activities of both PS I and PS
II. On the other hand, study on isolated pea chloroplasts showed that exogenously added Cr
(VI) had markedly inhibited PS I activity while PS II activity was marginally affected [22]. This
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result was in contrast to the effects of most of the heavy metals (Pb, Cu, Cd, Ni, Hg and Zn) on
photosynthetic electron transport where photosystem II was preferentially inhibited [23-25].
Cd treated pea and broad bean plants showed modified PS II activity due to damaged oxygen-
evolving complex and caused disassembly of PS II itself [26]. Binding studies with radiolabel‐
led herbicide revealed that the QB pocket activity was also altered. Pätsikkä et al [27] while
studying effect of Cu on photoinhibition of PS II in vitro in bean and pumpkin thylakoids
concluded that the primary effect of excess Cu on the photoinhibition of PS II is caused by
inhibition of electron donation to P680+, which leads to donor-side photoinhibition. The in
vitro study of Desmet et al [28] indicated reduction of Cr (VI) to a lower oxidation state of Cr
by spinach chloroplasts in dark. The authors also showed that CrO42- behave as an electron
acceptor of photosynthesis in light.
The present study was undertaken to assess the impact of hexavalent Cr on isolated spinach
chloroplasts, role of light in Cr binding and to resolve the site(s) of inhibition of Cr (VI) in
photosynthetic electron transport.
2. Materials and methods
Chloroplasts were isolated from field grown spinach (Beta vulgaris L.) following the method
of Navari-Izzo et al [29] with some modifications. Leaves were homogenized in a medium (1:3,
w/v) containing 330 mM sucrose, 50 mM HEPES-KOH (pH 7.5), 5 mM MgCl2, 10 mM NaCl.
The homogenate was filtered through 4 layers of muslin cloth and centrifuged at 1100x g for
3 min. The pelleted chloroplasts were purified by layering on the top of a Percoll gradient (10
ml each of 40 and 80% Percoll prepared with isolation medium) and centrifuged for 30 min at
4000x g. After centrifugation the lower band containing intact chloroplasts was separated,
washed gently and finally suspended in the isolation medium. The intactness of the chloro‐
plasts was estimated in the range of 90 to 95% by ferricyanide-dependent O2 evolution [30].
Chloroplast fragments were prepared by giving osmotic shock to intact chloroplasts followed
by their re-suspension in hypotonic medium [31].
PSII particles with high rate of oxygen evolution were prepared by the method of Berthold et
al [32]. Chlorophyll was determined by method of Porra et al [33].
For inhibition study, thylakoid membranes or PSII particles (30 μg ml-1) were incubated at
20o C with different concentration of K2Cr2O7 in a reaction vessel for 5 min in the dark or in the
presence of 10 μmol m-2s-1 red light provided by LED, (Quantum Devices, Inc., USA) under
continuous stirring. After treatment, the aliquots were centrifuged (at 5000x g for thylakoid
and at 40000 g for PSII particles) and pellets after washing twice with assay buffer finally
suspended in 1 ml assay medium to monitor electron transport activity. The conditions of assay
for electron transport reactions using artificial electron donors and acceptors have been given
under separate heads below. The oxygen evolution and consumption during different
reactions were monitored polarographically in a total volume of 1 ml using a Clark type
electrode (Hansatech, UK). A projector lamp (Kindermann-Germany) provided saturated light
intensity under the condition of different electron transport assay.
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2.1. Whole chain electron transport rate
The electron transport through the whole chain of photosynthesis, i.e. from H2O to MV was
measured as O2 uptake. Assay medium, 1 ml, contained 30 mM HEPES, 10 mM NaCl, 5 mM
NH4Cl, 1 mM MgCl2, 0.1 mM sodium azide, and 0.1 mM MV adjusted at pH 7.5. Thylakoid
were added to the above reaction mixture to a final concentration of 30 μg.
2.2. PS I rate
PS I rate in lysed chloroplasts was monitored in a 1 ml reaction mix comprising of 50 mM
HEPES (pH 7.5), 0.2 mM DCPIP, 2.0 mM ascorbate, 5 mM NH4Cl, 2 μM DCMU, 0.1 mM MV,
0.1 mM Na azide and 30 μg thylakoid/ml. DCPIP reduction was measured spectrophotome‐
terically at 600 nm in Shimadzu UV-VIS 1601 spectrophotometer.
2.3. PS II rate
PS II rate in lysed chloroplasts was monitored in 1 ml reaction mix consisting of 30 mM HEPES
(pH 7.0), 10 mM NaCl, 1 mM MgCl2, 0.5 mM DMBQ and 30 μg thylakoid/ml.
2.4. DQH2 to MV and TMPD bypass
The photo reduction of MV with duroquinol as the donor was seen in reaction mix containing
30 mM HEPES (pH 7.5), 10 mM NaCl, 5 mM NH4CI, 1 mM MgCl2, 0.1 mM sodium azide, 0.1
mM MV, 4 μM DCMU and 0.5 mM duroquinol (freshly prepared in ethanol) and 30 μg/ml
thylakoids. For TMPD bypass, 30 μM TMPD and 1 μM DBMIB were added.
2.5. Reactions with PS II particles
The standard assay medium for PS II membranes consisted of 350 mM sucrose, 50 mM MES
(pH 6.0), 2 mM MgCl2, 15 mM NaCl, and 0.5 mM DMBQ or 0.2 mM SiMO4 as electron acceptors.
Ferricyanide was not used as it interfered with Cr. DMBQ was dissolved in ethanol and SiMO
in 50% aqueous dimethyl sulfoxide.
2.6. Spectrophotometric measurements of PS II electron transfer activity in the presence and
in the absence of Diphenylcarbazide (DPC)
In some experiments effect of Cr and light was seen on isolated spinach PS II particles by
measuring the rate by which PS II particles reduce dichlorophenol-indophenol (DCPIP) in the
presence and in the absence of the artificial electron donor diphenyl carbazide (DPC). DCPIP
reduction was measured in the reaction water to DCPIP and DPC to DCPIP as a decrease in
absorbance at 600 nm in a 2 ml reaction mixture containing 200 mM sucrose, 30 mM MES (pH
6.5), 1 mM MgCl2, 10 mM NaCl, 60 μM DCPIP in the presence and absence of 0.5 mM DPC.
Because Cr would react with DPC, PS II particles were washed twice with PS II buffer and
pelleted. The light saturated rate of DCPIP reduction was measured by illuminating the PS II
particles with the PPFD of 1000 μmol m−2 s−1 of red light in a spectrophotometer cuvette. The
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absorbance reading was taken at 600 nm in Shimadzu UV-VIS 1601 spectrophotometer at 30-
s intervals during the 2-min assays.
2.7. Cr estimation in thylakoids
Chromium was determined in isolated chloroplasts. The chloroplast pellets were dried at 48
0C for 48 h. Determination of Cr was made by atomic absorption spectromerty (AAnalyst 300,
Perkin Elmer, USA) on nitric acid: perchloric acid (3:1, v/v) digests of pelleted chloroplasts
using background correction. Stock chromium certified solutions (Sigma) and blanks were run
in parallel to validate the quality of metal analyses.
2.8. Hydroxyl radical estimation
Formation of hydroxyl radicals was measured under illumination in a stirred reaction vessel
with 30 μg chl ml-1 at 25O C in the presence of 0.7 M DMSO according to Babbs et al [34]. The
medium for illumination was 50 mM MES (pH 6.0), 2 mM MgCl2 and 10 mM NaCl. After
centrifugation (3 min at 10,000 g), the pH of the supernatant was adjusted to 2.5 by adding
HCl. The colour reaction was started by adding 0.14 mM fast blue BB salt (prepared fresh) to
the chloroplast supernatant. The methane sulphinic acid (MSA) content was then calculated
from the absorbance at λmax 425 nm using the extinction coefficient of 14.5 mM-1 cm-1.
3. Results & discussion
Presence of chromium ions in the assay medium did not allow instant and accurate monitoring
of electron transport activities in the isolated spinach chloroplasts due to their reactivity with
the reagents (DMBQ, DCPIP, DPC and ascorbate) used in analyzing different electron
transport reactions (data not shown). The other uncertainty in monitoring of the electron
transport rates in the presence of chromium was that the chromium inhibition of electron
transport activity was more effective at acidic pH while optimal electron transport rates were
recorded at neutral to slightly basic pH of the assay medium. It was found therefore critical to
eliminate chromium from the assay medium. With a view to avoid interference of free Cr ions
during assay, we incubated spinach chloroplasts for different duration with varying concen‐
trations of Cr and prior to monitoring electron transport activity, the treated thylakoids were
washed with the assay buffer to remove unbound Cr. The resulting Cr induced inhibition in
the electron transport activity was irreversible even after treatment with 5 mM EDTA (data
not shown).
Light is known to play a major role in heavy metal induced toxicity. Jagerschold et al [35] found
that strong illumination inhibited PS II electron transport and degraded D1 protein in chlorine
depleted medium. With a view to see the effects of light, we incubated spinach chloroplasts
under different per mutation combination of PAR and chromium concentrations (preliminary
data not shown). The light dependence of chromium toxicity in the chloroplasts incubated for
5 min with 10 μM Cr (VI) on whole chain electron transport activity is shown in Figure 1.
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Figure 1. Whole chain electron transport rate (Water to MV) of spinach chloroplasts showing light dependence curve
in absence and presence of Cr (10 µM)
Cr (VI) treatment of the chloroplasts in the light had a remarkable impact on photoreduction of
methyl viologen. The inhibition of 8% whole chain electron transport activity observed in the
chloroplasts incubated for 5 min with 10 μM Cr (VI) in dark, increased to ca 68% when chloro‐
plasts were incubated for 5 min with 10 μM Cr (VI) at 50 μmol m-2 s-1PPFD (Figure 2 A). Exposure
of chloroplasts to and above 50 μmol m-2 s-1 in the presence of 10 μM Cr (VI) caused a gradual
inhibition leading to 86% loss in whole chain electron transport activity at 1250 μmol m-2 s-1
(Figure 2 A). These results indicated that even low PFD during incubation of chloroplasts with
chromium was substantially effective in inactivating electron transport reactions. In order to
validate our finding we monitored rate of electron flow from water to MV, water to DMBQ (PSII)
and ascorbate + DCPIP to MV (PSI) subsequent to incubation of chloroplasts at 10 μmol m-2 s-1
for 5 min with different concentrations of Cr (VI) (Figure 2 A-C).
The pretreatment of the chloroplasts with Cr (VI) at the PPFD as low as 10 μmol m-2 s-1 caused
an abundant increase in the inhibition of whole chain as well as partial electron transport
reactions. While the lowest Cr (VI) concentration (10 μM) in dark incubated chloroplasts
decreased the whole chain, PSII and PSI electron transport activities by 8, 5 and 3%, the
corresponding inhibition in the chloroplasts incubated at 10 μmol m-2 s-1 light amounted to 50,
32 and 30%, respectively (Figure 2 A-C). While the I50 value for inhibition in dark incubated
chloroplasts was 1000 μM Cr (VI) for water to MV, it was only 10 μM Cr (VI) for corresponding
reaction in the chloroplasts incubated at 10 μmol m-2 s-1. The I50 Cr (VI) concentrations for PSII
and PSI inhibition in the chloroplast incubated at 10 μmol m-2 s-1 was 100 and 1000 μM Cr (VI)
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respectively which otherwise could not be achieved in chloroplasts incubated in dark even
with 2000 μM Cr (VI).
In the past, most workers located the target of heavy metal inhibition of PSII to its oxidizing
side [5]. In the present study, the assay of partial electron transport reaction was carried out
with DCPIP as an electron acceptor. DCPIP accepts electrons from the plastoquinone pool of
the electron transport chain and its photo-reduction is considered primarily a PS II reaction [7].
Cr (VI) treated PSII particles showed a gradual reduction in water to DCPIP rate. And DPC to
DCPIP reaction of PS II did not show any significant recovery in rates from H2O to DCPIP in
the isolated PSII particles (Figure 3). These reactions ruled out the possibility of Cr effects on
water oxidation complex.
As the DPC as electron donor could not reverse the PSII inhibition by Cr (VI), we may assume
that the Cr (VI) if inactivate PSII donor side, that must be after DPC electron donating site
i.e. the P680 and/or the acceptor side. It is possible that Cr impaired the PSII photochemis‐
try by an interaction at or beyond the PSII primary electron carrier donor, TYR, (redox active
Tyr of the D1 protein).  It  was,  however,  worth noting that in the present study Cr (VI)
inhibited the DCMU-insensitive H2O-SiMO4 (silicomolybdate) activity. Although, silicomo‐
lybdate is an artificial electron acceptor with a very controversial binding site in PSII, this
acceptor has been long considered the only specific one for testing the PSII donor side in a
Hill reaction [36-38]. We found gradual reduction (5 to 32%) in water to silicomolybdate rate
as the Cr concentration increased (Figure 4). Our results on above reaction carried out with
Tris-washed PSII particles clearly excluded the QB site and the water splitting system as the
main Cr-inhibitory targets in PSII.
Figure 2. Effect of different concentrations of Cr on isolated spinach chloroplasts incubated either in dark or 10 µmol
light. A: whole chain rate (Water to MV),B: PS II rate (Water to DMBQ) and C:. PS I rate (ASC/DCPIP to MV). Control
rate of whole chain reaction: 200 µmol mg chl-1 h-1; control rate of PS II reaction: 90 µmol mg chl-1 h-1; control rate of
PS I: 350 µmol mg chl-1 h-1.
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Figure 1. Whole chain electron transport rate (Water to MV) of spinach chloroplasts showing light dependence curve
in absence and presence of Cr (10 µM)
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Figure 4. Effect of different concentrations of Cr on water to silicomolybdate rate of PS II particles isolated from spi‐
nach chloroplasts. 100% control activity was about150 µmol O2 evolved mg chl-1 h-1.
Figure 3. Effect of DPC on DCPIP reduction in Cr treated spinach PS II particles incubated in 10 µmol m-2 s-1 light for 5
min.
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That the Cr (VI) inhibitory site is located before DCMU inhibitory site we studied the DCMU-
inhibition pattern in the presence of different concentration of Cr by using Lineweaver-Burk
plot. The data obtained were plotted 1/inhibition vs. 1/[DCMU] in the presence of different
concentration of Cr (VI) and saturating amount of DMBQ. We obtained linear regression
curves with the same intersect on the X axis, that implies that Cr (VI) is a non-competitive
inhibitor with respect to DCMU (Figure 5). These results indicated that Cr (VI) binding site
did not overlap with that of the DMBQ electron acceptor site and that of the DCMU binding
site. These findings further suggested that the Cr (VI) binding site might be at the level of the
Pheo-QA-Fe domain, separated from the QB niche (the DMBQ electron acceptor site). DCMU
was shown to be competitive inhibitor with respect to QB is in agreement with the location of
this herbicide-binding site at the level of QB niche.
Figure 5. Reciprocal plot of the inhibitory effect of DCMU on the inhibition of oxygen evolution activity by Cr (VI). The
DCMU-inhibition was measured in the absence of Cr (VI) and in the presence of 10 µM Cr (VI) and is given as µmol O2
mg chl-1 h-1. DMBQ was used as electron acceptor at a concentration of 0.5 mM.
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In order to see if any component between the two photosystems was affected by Cr (VI), the
electron transport from reduced plastoquinone to methyl viologen was monitored by using
duroquinol as the donor for MV reduction At 10 – 1000 μM Cr (VI) a 30-70% inhibition was
found (Figure 6). There was restoration of 17-24% of electron flow by addition of TMPD which
has been shown to bypass the native plastohydroquinone site. Thus the results indicated that
the components between the two photosystems were partly affected by Cr (VI).
Figure 6. Effect of different concentrations of Cr on electron transport rate between the two photosystems in spinach
chloroplasts
The possibility of Cr (VI) binding to the thylakoids during dark and light incubation might be
a cause of different degree of inhibition, was examined by determining the amount of bound
chromium. The membranes were washed thrice with incubation buffer containing MgCl2,
NaCl and MES at pH 6.5 to remove weakly associated Cr and then analyzed their Cr content.
The amounts of Cr tightly bound to the thylakoid membranes treated with different concen‐
trations of Cr (VI) in the dark and at low PPFD of 10 μmol m-2s-1 are presented in Figure 7. The
results showed that thylakoid membranes treated in light had more bound Cr than those
treated in dark. The differences in the binding of Cr to the thylakoid membranes were
significantly higher in light than in the dark at all the Cr (VI) concentrations (Figure 7).
Moreover, the binding of Cr to the membranes as a function of Cr (VI) concentrations both in
dark and light showed a gradual increase from 3 and 12.3 μg Cr mg-1 Chl at 10 μM Cr (VI) to
9 and 21.4 μg Cr mg-1 Chl at 1000 μM Cr (VI) concentrations, respectively. It is possible that
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low PAR during Cr exposure to thylakoids may induce conformational and dynamic move‐
ments of the complete thylakoid membrane system that may facilitate transport of Cr into the
granal region to bind with functional components of electron transport chain.
Figure 7. Binding of Cr to thylakoid membranes in light and dark
Chromium enhanced formation of lethal hydroxyl radical in light treated thylakoids (Figure
8). In order to investigate the mechanism of Cr (VI) mediated reactive oxygen species forma‐
tion, we studied the effect of several oxygen radical scavengers on the oxygen evolution activity
of Cr and light treated thylakoid membranes. With respect to treated thylakoids (10 μM Cr
(VI) and 10 μmol m-2 s-1 light), where the activity was 53 % after 5 min of illumination, the
activity was restored by ca. 10% by SOD and CAT (Table 1). We also used dimethyl sulfoxide
(DMSO), a molecular probe for OH radical. It provided strong protection and activity was
restored to 74% (Table 1). When DMSO, SOD and CAT were used together, they provided the
best protection and activity was restored to 81% (Table 1). Ali et al [20] reported effect of Cr
(VI) on Lemna gibba PS II photochemistry. The authors showed that Cr inhibitory site was
located at oxygen evolving complex and QA reduction. The inhibition of PS II electron transport
and formation of ROS by Cr were highly correlated with the decrease in the D1 protein and
OEC proteins. There is also evidence that ROS may induce direct degradation of D1 peptide
bonds [37]. Thus our results implicate superoxide in the inhibition mechanism and give
evidence that hydroxyl radicals are formed via metal-catalyzed Haber-Weiss reaction and
contribute to the inhibitory mechanism.
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Figure 8. Effect of PFD on Cr (10 µM) induced generation of hydroxyl radical in isolated spinach thylakoids.
Protective system Activity (% of control)
Without additions 58.81±1.8
Catalase (2000 U ml-1) 64.26±1.6
SOD (300 U ml-1) 62.84±1.1
7% DMSO 74.40±1.6
7% DMSO + Catalase (2000 U ml-1) and SOD (300 U ml-1) 81.52±2.4
Table 1. Effects of combined systems for protection against free radicals on the inhibition of electron transport activity
(H2O-MV) following Cr (10μM) +10μmol m-2 s-1 treatment of thylakoid membranes.
4. Conclusion
The present study showed that Cr (VI) inhibits both PS II and PS I electron transport of isolated
spinach chloroplasts (Figure 9). Within the PS II, Pheo-QA region was more affected. Water
oxidation complex was not affected by Cr (VI). Light as low as 10 μmol m-2 s-1 enhanced Cr
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(VI) induced inhibition of electron transport. Our results also indicated that hydroxyl radical
may be a major contributing factor towards decreased electron transport rate.
Figure 9. Schematic diagram of sites of Cr inhibition of photosynthetic electron transport in isolated spinach chloro‐
plasts. The major sites of inhibition are at Pheo-QA domain and between two photosytems. Diagram also shows DQH2
to MV and TMPD bypass rate. (for explanation please see the text). Electron transport chain components: Tyr tyrosine,
P682 reaction centre chlorophyll for PS II, Pheo pheophytin, QA a plastoquinone tightly bound to PS II, QB another plas‐
toquinone loosely bound to PS II, PQ plastoquinone, Cyt f cytochrome f, PC plastocyanin, P700 reaction centre chloro‐
phyll for PS I, X primary electron acceptor of PS I, Fd ferredoxin
Author details
Vivek Pandey1*, Vivek Dikshit2 and Radhey Shyam1,3
*Address all correspondence to: v.pandey@nbri.res.in
1 Plant Ecology & Environmental Science, CSIR-National Botanical Research Institute,
Lucknow, India
2 Biochemistry Division, Jain Biotech Lab, Jalgaon, Maharashtra, India
3 Vikas Khand, Gomtinagar, Lucknow, India
References
[1] Clijsters, H, & Van Assche, F. Inhibition of photosynthesis by heavy metals. Photo‐
synthesis Research (1985). , 7, 31-40.
Hexavalent Chromium Induced Inhibition of Photosynthetic Electron Transport in Isolated Spinach Chloroplasts
http://dx.doi.org/10.5772/55143
241
Figure 8. Effect of PFD on Cr (10 µM) induced generation of hydroxyl radical in isolated spinach thylakoids.
Protective system Activity (% of control)
Without additions 58.81±1.8
Catalase (2000 U ml-1) 64.26±1.6
SOD (300 U ml-1) 62.84±1.1
7% DMSO 74.40±1.6
7% DMSO + Catalase (2000 U ml-1) and SOD (300 U ml-1) 81.52±2.4
Table 1. Effects of combined systems for protection against free radicals on the inhibition of electron transport activity
(H2O-MV) following Cr (10μM) +10μmol m-2 s-1 treatment of thylakoid membranes.
4. Conclusion
The present study showed that Cr (VI) inhibits both PS II and PS I electron transport of isolated
spinach chloroplasts (Figure 9). Within the PS II, Pheo-QA region was more affected. Water
oxidation complex was not affected by Cr (VI). Light as low as 10 μmol m-2 s-1 enhanced Cr
Photosynthesis240
(VI) induced inhibition of electron transport. Our results also indicated that hydroxyl radical
may be a major contributing factor towards decreased electron transport rate.
Figure 9. Schematic diagram of sites of Cr inhibition of photosynthetic electron transport in isolated spinach chloro‐
plasts. The major sites of inhibition are at Pheo-QA domain and between two photosytems. Diagram also shows DQH2
to MV and TMPD bypass rate. (for explanation please see the text). Electron transport chain components: Tyr tyrosine,
P682 reaction centre chlorophyll for PS II, Pheo pheophytin, QA a plastoquinone tightly bound to PS II, QB another plas‐
toquinone loosely bound to PS II, PQ plastoquinone, Cyt f cytochrome f, PC plastocyanin, P700 reaction centre chloro‐
phyll for PS I, X primary electron acceptor of PS I, Fd ferredoxin
Author details
Vivek Pandey1*, Vivek Dikshit2 and Radhey Shyam1,3
*Address all correspondence to: v.pandey@nbri.res.in
1 Plant Ecology & Environmental Science, CSIR-National Botanical Research Institute,
Lucknow, India
2 Biochemistry Division, Jain Biotech Lab, Jalgaon, Maharashtra, India
3 Vikas Khand, Gomtinagar, Lucknow, India
References
[1] Clijsters, H, & Van Assche, F. Inhibition of photosynthesis by heavy metals. Photo‐
synthesis Research (1985). , 7, 31-40.
Hexavalent Chromium Induced Inhibition of Photosynthetic Electron Transport in Isolated Spinach Chloroplasts
http://dx.doi.org/10.5772/55143
241
[2] Prasad MNV. Trace metals. In: Prasad MNV, editor. Plant Ecophysiology. New York:
Wiley, (1997). , 207-249.
[3] Malik, D, Sheoran, I. S, & Singh, R. Carbon metabolism in leaves of cadmium treated
wheat seedlings. Plant Physiology and Biochemistry (1992). , 30, 223-229.
[4] Pandey, V, Dixit, V, & Shyam, R. Antioxidative responses in relation to growth of
mustard (Brassica juncea cv. Pusa Jaikisan) plants exposed to hexavalent chromium.
Chemosphere (2005). , 61, 40-47.
[5] Krupa, Z, & Baszynski, T. Some aspects of heavy metals toxicity towards photosyn‐
thetic apparatus- direct and indirect effects on light and dark reactions. Acta Physio‐
logia Plantarum (1995). , 17, 177-190.
[6] Cedeno-Maldonado, A, & Swader, J. A. The cupric ion as an inhibitor of photosyn‐
thetic electron transport in isolated chloroplasts. Plant Physiology (1972). , 50,
698-701.
[7] Tripathi, B. C, & Mohanty, P. Zinc inhibited electron transport of photosynthesis in
isolated barley chloroplasts. Plant Physiology (1980). , 68, 1174-1178.
[8] Baker, N. R, Fernyhough, P, & Meek, I. T. Light dependent inhibition of photosyn‐
thetic electron transport by zinc. Physiologia Plantarum (1982). , 56, 217-222.
[9] Samuelsson, G, & Öquist, G. Effects of copper chloride on photosynthetic electron
transport and chlorophyll-protein complexes of Spinacia oleracea. Plant and Cell Phys‐
iology (1980). , 21, 445-454.
[10] Arellano, J. B, Lazaro, J. J, Lopez-Gorge, J, & Baron, M. The donor side of photosys‐
tem II as copper-inhibitory binding site. Photosynthesis Research (1995). , 45,
127-134.
[11] Adriano, D. C. Trace Elements in the Terrestrial Environment. New York: Springer
Verlag; (1986). , 105-123.
[12] Nriagu, J. O. Production and uses of chromium. Chromium in natural and human
environment. New York, USA. John Wiley and Sons; (1988). , 81-105.
[13] Sampanpanish, P, Pongsapich, W, Khaodhiar, S, & Khan, E. Chromium removal
from soil by phytoremediation with weed plant species in Thailand. Water, Air, and
Soil Pollution, (2006). , 6, 191-206.
[14] Mellem, J. J, Baijnath, H, & Odhav, B. Bioaccumulation of Cr, Hg, As, Pb, Cu and Ni
with the ability for hyperaccumulation by Amaranthus dubius. African Journal of Ag‐
ricultural Research, (2012). , 7, 591-596.
[15] Gardea-Torresdey, J. L, Peralta-Videa, J. R, Montes, M, De La Rosa, G, & Corral-diaz,
B. Bioaccumulation of cadmium, chromium and copper by Convolvulus arvensis L.:
impact on plant growth and uptake of nutritional elements. Bioresource Technology,
(2004). , 92, 229-235.
Photosynthesis242
[16] Khan, A. G. Relationships between chromium bio magnification ratio, accumulation
factor, and mycorrhizae in plants growing on tannery effluent-polluted soil. Environ‐
ment International, (2001). , 26, 417-423.
[17] Von Burg, R, & Liu, D. Chromium and hexavalent chromium. Journal of Applied
Toxicology (1993). , 13, 225-230.
[18] Mertz, W. Chromium occurrence and function in biological systems. Physiologial Re‐
view (1969). , 49, 163-239.
[19] Cary, E. E. Chromium in air, soil and natural waters. In: Langård S, editor. Biological
and Environmental Aspects of Chromium. Elsevier Biomedical Press, (1982). , 50-63.
[20] Ali, N. A, Dewez, D, Didur, O, & Popovic, R. Inhibition of photosystem II photo‐
chemistry by Cr is caused by the alteration of both D1 protein and oxygen evolving
complex. Photosynthesis Research (2006). , 89, 81-87.
[21] Austenfeld, F. A. The effect of Ni, Co and Cr on net photosynthesis of primary and
secondary leaves of Phaseolus vulgaris L. Photosynthetica (1979). , 13, 434-438.
[22] Bishnoi, N. R, Chugh, L. K, & Sawhney, S. K. Effect of chromium on photosynthesis,
respiration and nitrogen fixation in pea (Pisum sativum L.) seedlings. Journal of Plant
Physiology (1993). , 42, 25-30.
[23] Hampp, R, Beulich, K, & Zeigler, H. Effects of zinc and cadmium on photosynthetic
CO2 fixation and Hill activity of isolated spinach chloroplasts. Zeitschrift für Pflan‐
zenphysiologie (1976). , 77, 336-344.
[24] Bernier, M, Popovic, R, & Carpentier, R. Mercury inhibition at the donor side of pho‐
tosystem II is reversed by chloride. FEBS Letters (1993). , 321, 19-23.
[25] Jegerschold, C, Arellano, J. B, Schroder, W. P, Kan, P. J, Maron, M, & Styring, S. Cop‐
per (II) inhibition of electron transfer through photosystem II studied by EPR spec‐
troscopy. Biochemistry (1995). , 34, 12747-12754.
[26] Geiken, B, Masojidek, J, Rizzuto, M, Pompili, M. L, & Gjardi, M. T. Incorporation of
[35S] methionine in higher plants reveal that stimulation of D1 reaction centre II pro‐
tein turnover accompanies tolerance to heavy metal stress. Plant Cell and Environ‐
ment (1998). , 21, 1265-1273.
[27] Pätsikkä, E, Aro, E-M, & Tyystjärvi, E. Mechanism of copper-enhanced photoinhibi‐
tion in thylakoid membranes. Physiologia Plantarum (2001). , 113, 142-150.
[28] Desmet, G, Ruyter, A. D, & Ringoet, R. Absorption and metabolism of Cr2O4- by iso‐
lated chloroplasts. Phytochemistry (1975). , 14, 2585-2588.
[29] Navari-Izzo, F, Quartacci, M. F, Pinzino, C, & Vecchia, F. D. Sgherri CLM. Thylakoid-
bound and stromal antioxidative enzymes in wheat treated with excess copper.
Physiologia Plantarum (1998). , 104, 630-638.
Hexavalent Chromium Induced Inhibition of Photosynthetic Electron Transport in Isolated Spinach Chloroplasts
http://dx.doi.org/10.5772/55143
243
[2] Prasad MNV. Trace metals. In: Prasad MNV, editor. Plant Ecophysiology. New York:
Wiley, (1997). , 207-249.
[3] Malik, D, Sheoran, I. S, & Singh, R. Carbon metabolism in leaves of cadmium treated
wheat seedlings. Plant Physiology and Biochemistry (1992). , 30, 223-229.
[4] Pandey, V, Dixit, V, & Shyam, R. Antioxidative responses in relation to growth of
mustard (Brassica juncea cv. Pusa Jaikisan) plants exposed to hexavalent chromium.
Chemosphere (2005). , 61, 40-47.
[5] Krupa, Z, & Baszynski, T. Some aspects of heavy metals toxicity towards photosyn‐
thetic apparatus- direct and indirect effects on light and dark reactions. Acta Physio‐
logia Plantarum (1995). , 17, 177-190.
[6] Cedeno-Maldonado, A, & Swader, J. A. The cupric ion as an inhibitor of photosyn‐
thetic electron transport in isolated chloroplasts. Plant Physiology (1972). , 50,
698-701.
[7] Tripathi, B. C, & Mohanty, P. Zinc inhibited electron transport of photosynthesis in
isolated barley chloroplasts. Plant Physiology (1980). , 68, 1174-1178.
[8] Baker, N. R, Fernyhough, P, & Meek, I. T. Light dependent inhibition of photosyn‐
thetic electron transport by zinc. Physiologia Plantarum (1982). , 56, 217-222.
[9] Samuelsson, G, & Öquist, G. Effects of copper chloride on photosynthetic electron
transport and chlorophyll-protein complexes of Spinacia oleracea. Plant and Cell Phys‐
iology (1980). , 21, 445-454.
[10] Arellano, J. B, Lazaro, J. J, Lopez-Gorge, J, & Baron, M. The donor side of photosys‐
tem II as copper-inhibitory binding site. Photosynthesis Research (1995). , 45,
127-134.
[11] Adriano, D. C. Trace Elements in the Terrestrial Environment. New York: Springer
Verlag; (1986). , 105-123.
[12] Nriagu, J. O. Production and uses of chromium. Chromium in natural and human
environment. New York, USA. John Wiley and Sons; (1988). , 81-105.
[13] Sampanpanish, P, Pongsapich, W, Khaodhiar, S, & Khan, E. Chromium removal
from soil by phytoremediation with weed plant species in Thailand. Water, Air, and
Soil Pollution, (2006). , 6, 191-206.
[14] Mellem, J. J, Baijnath, H, & Odhav, B. Bioaccumulation of Cr, Hg, As, Pb, Cu and Ni
with the ability for hyperaccumulation by Amaranthus dubius. African Journal of Ag‐
ricultural Research, (2012). , 7, 591-596.
[15] Gardea-Torresdey, J. L, Peralta-Videa, J. R, Montes, M, De La Rosa, G, & Corral-diaz,
B. Bioaccumulation of cadmium, chromium and copper by Convolvulus arvensis L.:
impact on plant growth and uptake of nutritional elements. Bioresource Technology,
(2004). , 92, 229-235.
Photosynthesis242
[16] Khan, A. G. Relationships between chromium bio magnification ratio, accumulation
factor, and mycorrhizae in plants growing on tannery effluent-polluted soil. Environ‐
ment International, (2001). , 26, 417-423.
[17] Von Burg, R, & Liu, D. Chromium and hexavalent chromium. Journal of Applied
Toxicology (1993). , 13, 225-230.
[18] Mertz, W. Chromium occurrence and function in biological systems. Physiologial Re‐
view (1969). , 49, 163-239.
[19] Cary, E. E. Chromium in air, soil and natural waters. In: Langård S, editor. Biological
and Environmental Aspects of Chromium. Elsevier Biomedical Press, (1982). , 50-63.
[20] Ali, N. A, Dewez, D, Didur, O, & Popovic, R. Inhibition of photosystem II photo‐
chemistry by Cr is caused by the alteration of both D1 protein and oxygen evolving
complex. Photosynthesis Research (2006). , 89, 81-87.
[21] Austenfeld, F. A. The effect of Ni, Co and Cr on net photosynthesis of primary and
secondary leaves of Phaseolus vulgaris L. Photosynthetica (1979). , 13, 434-438.
[22] Bishnoi, N. R, Chugh, L. K, & Sawhney, S. K. Effect of chromium on photosynthesis,
respiration and nitrogen fixation in pea (Pisum sativum L.) seedlings. Journal of Plant
Physiology (1993). , 42, 25-30.
[23] Hampp, R, Beulich, K, & Zeigler, H. Effects of zinc and cadmium on photosynthetic
CO2 fixation and Hill activity of isolated spinach chloroplasts. Zeitschrift für Pflan‐
zenphysiologie (1976). , 77, 336-344.
[24] Bernier, M, Popovic, R, & Carpentier, R. Mercury inhibition at the donor side of pho‐
tosystem II is reversed by chloride. FEBS Letters (1993). , 321, 19-23.
[25] Jegerschold, C, Arellano, J. B, Schroder, W. P, Kan, P. J, Maron, M, & Styring, S. Cop‐
per (II) inhibition of electron transfer through photosystem II studied by EPR spec‐
troscopy. Biochemistry (1995). , 34, 12747-12754.
[26] Geiken, B, Masojidek, J, Rizzuto, M, Pompili, M. L, & Gjardi, M. T. Incorporation of
[35S] methionine in higher plants reveal that stimulation of D1 reaction centre II pro‐
tein turnover accompanies tolerance to heavy metal stress. Plant Cell and Environ‐
ment (1998). , 21, 1265-1273.
[27] Pätsikkä, E, Aro, E-M, & Tyystjärvi, E. Mechanism of copper-enhanced photoinhibi‐
tion in thylakoid membranes. Physiologia Plantarum (2001). , 113, 142-150.
[28] Desmet, G, Ruyter, A. D, & Ringoet, R. Absorption and metabolism of Cr2O4- by iso‐
lated chloroplasts. Phytochemistry (1975). , 14, 2585-2588.
[29] Navari-Izzo, F, Quartacci, M. F, Pinzino, C, & Vecchia, F. D. Sgherri CLM. Thylakoid-
bound and stromal antioxidative enzymes in wheat treated with excess copper.
Physiologia Plantarum (1998). , 104, 630-638.
Hexavalent Chromium Induced Inhibition of Photosynthetic Electron Transport in Isolated Spinach Chloroplasts
http://dx.doi.org/10.5772/55143
243
[30] Walker, D. A. Preparation of higher plant intact chloroplasts. Methods in Enzymolo‐
gy (1980). , 69, 94-105.
[31] Reeves, S. G, & Hall, D. O. Higher plant chloroplasts and grana: General preparative
procedures (excluding high carbon dioxide fixation ability chloroplasts). Methods in
Enzymology (1980). , 69, 85-94.
[32] Berthold, D. A, Babcock, G. T, & Yocum, C. A. A highly resolved, oxygen-evolving
Photosystem II preparation from spinach thylakoid membranes. FEBS Letters
(1981). , 134, 231-234.
[33] Porra, R. J, Thompson, W. A, & Kriedman, P. E. Determination of accurate extinction
coefficients and simultaneous equations for assaying chlorophylls a and b extracted
with four different solvents: Verification of the concentration of chlorophyll stand‐
ards by atomic absorption spectroscopy. Biochemica et Biophysica Acta (1989). , 975,
384-394.
[34] Babbs, C. F, Pham, J. A, & Coolbaugh, R. C. Lethal hydroxyl radical production in
paraquat treated plants. Plant Physiology (1989). , 90, 1267-1270.
[35] Jegerschold, C, Virgin, I, & Styring, S. Light-Dependent Degradation of the D1 Pro‐
tein in Photosystem I1 Is Accelerated after Inhibition of the Water Splitting Reaction.
Biochemistry (1990). , 29, 6179-6186.
[36] Barber, J, Chapman, D. J, & Telfer, A. Characterization of a PS II reaction centre iso‐
lated from the chloroplasts of Pisum sativum. FEBS Letters (1987). , 220, 67-73.
[37] Lubinkova, L, & Komenda, J. Oxidative modifications of the photosystem II D1 pro‐
tein by reactive oxygen species: from isolated protein to cyanobacterial cells. Photo‐
chemistry and Photobiology (2004). , 79, 152-162.
[38] Takahashi, Y, Hansson, Ö, Mathis, P, & Satoh, K. Primary radical pair in the Photo‐




[30] Walker, D. A. Preparation of higher plant intact chloroplasts. Methods in Enzymolo‐
gy (1980). , 69, 94-105.
[31] Reeves, S. G, & Hall, D. O. Higher plant chloroplasts and grana: General preparative
procedures (excluding high carbon dioxide fixation ability chloroplasts). Methods in
Enzymology (1980). , 69, 85-94.
[32] Berthold, D. A, Babcock, G. T, & Yocum, C. A. A highly resolved, oxygen-evolving
Photosystem II preparation from spinach thylakoid membranes. FEBS Letters
(1981). , 134, 231-234.
[33] Porra, R. J, Thompson, W. A, & Kriedman, P. E. Determination of accurate extinction
coefficients and simultaneous equations for assaying chlorophylls a and b extracted
with four different solvents: Verification of the concentration of chlorophyll stand‐
ards by atomic absorption spectroscopy. Biochemica et Biophysica Acta (1989). , 975,
384-394.
[34] Babbs, C. F, Pham, J. A, & Coolbaugh, R. C. Lethal hydroxyl radical production in
paraquat treated plants. Plant Physiology (1989). , 90, 1267-1270.
[35] Jegerschold, C, Virgin, I, & Styring, S. Light-Dependent Degradation of the D1 Pro‐
tein in Photosystem I1 Is Accelerated after Inhibition of the Water Splitting Reaction.
Biochemistry (1990). , 29, 6179-6186.
[36] Barber, J, Chapman, D. J, & Telfer, A. Characterization of a PS II reaction centre iso‐
lated from the chloroplasts of Pisum sativum. FEBS Letters (1987). , 220, 67-73.
[37] Lubinkova, L, & Komenda, J. Oxidative modifications of the photosystem II D1 pro‐
tein by reactive oxygen species: from isolated protein to cyanobacterial cells. Photo‐
chemistry and Photobiology (2004). , 79, 152-162.
[38] Takahashi, Y, Hansson, Ö, Mathis, P, & Satoh, K. Primary radical pair in the Photo‐






A Valuable Tool to Study Photosynthesizing
Organisms Exposed to Abiotic Stresses
František Šeršeň and Katarína Kráľová
Additional information is available at the end of the chapter
http://dx.doi.org/10.5772/55177
1. Introduction
Abiotic environmental stresses, such as heat, cold, salt, drought, excess of photochemically
active radiation (PAR) as well as UV-A and UV-B radiation, or presence of gaseous pollutants
(e.g. ozone or SO2), heavy metals or herbicides in the environment lead to inhibition of
photosynthetic processes. Some of these abiotic stresses target specific cellular pathways, other
ones have a broad cellular impact. They adversely affect photosynthetic apparatus of photo‐
synthesizing organisms what ultimately results in negative effects on plant growth, produc‐
tivity in agriculture, metabolic profile as well as plant nutritional potential. Therefore, plant
abiotic stress has been a matter of concern for the maintenance of human life on earth and
especially for the world economy [1].
The great power of EPR is its ability to identify the chemical nature of free radical species, and
from the intensity of the signal to determine the number of radicals that have been formed in
particular systems. Many components of the photosynthetic apparatus provide EPR signals at
certain conditions (in detail see in subchapter 3). From the line widths and line shapes of the
EPR spectra of radical species, frequently deliberately introduced to samples as spin-probes,
various features of the local molecular environment may further be deduced [2].
Functional and undamaged thylakoid membrane is essential for successful process of photo‐
synthesis. Based on EPR measurements using spin probes which are suitable to evaluate the
effects of membrane-active compounds on the fluidity of PS 2 membranes or to study the
fluidity of chloroplast thylakoid membranes of plants exposed to stressful conditions (e.g.
herbicides, frost, etc.) changes in rotational mobility of lipids could be determined [3,4]. From
the changes in EPR spectra relative membrane perturbation could be evaluated. On the other
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hand, rotational correlation time values (τc) can be used to monitor the effect of membrane
active compounds on the rate of molecular reorientation of spin label in order to determine
changes in the microviscosity of thylakoid membranes caused by these compounds [3].
Exposure of photosynthesizing organisms to stressful conditions such as drought, salinity, low
temperature or heavy metals is connected with increased production of reactive oxygen species
(ROS) that are generated due to the stepwise reduction of molecular oxygen by high-energy
exposure or as a result of electron transfer chemical reactions. The enhanced production of
ROS, including free radicals such as superoxide anion (O2−•) and hydroxyl radical (•OH), as
well as non-radical molecules H2O2, ozone and singlet oxygen (1O2), which occur during abiotic
stresses, results in lipid peroxidation and oxidative damage of proteins, nucleic acids as well
as in inhibition of enzyme activity [5]. EPR spectroscopy is a suitable method for qualitative
and quantitative evaluation of ROS in photosynthesizing organisms. Experimental evidence
of ROS generation in photosystem 2 particles can be directly obtained by EPR technique in
combination with suitable spin trap after their irradiation by visible light [6]. This technique
is also suitable to determine deleterious effects of UV-B and UV-A radiation on the photosyn‐
thetic apparatus [7-9].
2. Light reactions of photosynthesis
Photosynthesis is a process in which plants convert solar energy into chemical energy. In light
reactions of photosynthesis the green algae and higher plants use two different reaction
centres, called photosystem (PS) 1 and 2, while purple bacteria make do with a single reaction
centre. The process of photosynthesis starts by the capture of photons in the antenna system
of pigment-protein complexes and subsequent formation of excited forms of pigments.
Excitation energy is then transported from the antenna to the cores of both photosystems where
the primary charge separation occurs. Subsequent electron transfer steps prevent the primary
charge separation from recombining by transferring the electron through the photosynthetic
electron transport (PET) chain by a system of suitable electron acceptors and electron donors.
The current concept of electron transport in the photosynthetic apparatus of green algae and
higher plants is reflected in the following scheme:
H2O →OEC →Z / D → P680→ Pheo →QA →QB → PQ → F e2S2 →Cytf →
→ PC → P700→ A0 → A1 → FX → FA → FB → Fd → NADP
+
where OEC is oxygen evolving complex; Z/D are intermediates which participate at electron
transport from OEC to P680, which is the core of PS 2 consisting from chlorophyll (Chl) a dimer;
Pheo is pheophytin, the first electron acceptor in PS 2; QA and QB are the first and the second
quinone acceptors of electron; PQ is plastoquinone pool consisting of a set of quinones; Fe2S2
is Rieske iron sulphur protein complex; cyt f is cytochrome f; PC is plastocyanin; P700 is the
core of PS 1 consisting of Chla dimer; A0, a Chla molecule, represents the primary electron
acceptor in PS 1; A1, a phylloquinone, is the secondary electron acceptor; FX, FA and FB are the
iron-sulphur centres; Fd is ferredoxin and NADP+ is the final electron acceptor of PS 1 [10,11].
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Photosystem 2 is the only known protein complex that can oxidize water, which results in the
release of O2 into the atmosphere. The catalytic cleaving of water occurs at a cluster consisting
of four manganese atoms and one calcium atom which is situated at the luminal side of two
key polypeptides of PS 2, D1 and D2,. Water oxidation requires two molecules of water and
involves four sequential turnovers of the reaction centre and manganese in the cluster
undergoes light-induced oxidation. A kinetic model of oxygen evolution based on five S-states
which was developed by Kok and co-workers postulated that each photochemical reaction
creates an oxidant that removes one electron, driving the oxygen evolving complex to the next
higher S-state [12]. The result is the creation of four oxidizing equivalents in the oxygen
evolving complex. Electrons which were formed during photochemical cleavage of water are
then transferred to P680 via TyrZ, a redox-active tyrosine residue on D1 protein. From P680 the
electrons are then transported to a mobile pool of plastoquinone molecules by subsequent
redox reactions via Pheo, QA and QB. The electrons are further transmitted to the cytochrome
complex and to the PS 1. The final electron acceptor of PS 1 is NADP+ [10].
3. EPR signals of components of photosynthetic apparatus
The method of electron paramagnetic (spin) resonance (EPR or ESR) is suitable for detection
of compounds which contain unpaired spins. During electron transport through the photo‐
synthetic apparatus radicals are formed which can be recorded by EPR spectroscopy.
In the manganese cluster of OEC four manganese atoms, occurring in oxidation states II, III
and IV, are bound to a 33 kDa protein. Due to spin-spin interactions the bound manganese
atoms show no EPR signals at room temperature. After irradiance with light impulses four
different states of OEC, in the literature known as S0 to S3, can be registered. In PS 2 particles
prepared from spinach chloroplasts at cryogenic temperatures EPR spectra of some S states
could be recorded.
The state S0 consists of two signals. The first is similar to the multiline signal which is centred
near g = 2.0 and spread over ~ 238 mT. It is constituted of 25 resolved lines spaced in the region
of 6.5 – 9.5 mT. This signal was assigned to the antiferro-magnetically coupled S = 1/2 system
in the ground state. The second signal is broad featureless signal at low field with g = 6 and g
= 10 (S = 5/2) [13,14,15,16]. The integer spin of S1 state (S = 1) exhibits two low field signals
which were recorded by parallel-polarization mode EPR spectrometer. They are situated in
low field region, the first at g = 12 with 18 lines (spacing 3.2 mT) and the second one at g = 4.8
(width 60 mT) [14,15,16]. S1 state also exhibits a multiline EPR signal (S = 1/2) at g = 2.0 which
is attributed to S1QA-Fe2+ state [17] or to S1YZ• state [18]. Two EPR signals have been attributed
to the manganese complex in the S2 state. These signals are observable only at temperatures <
35 K. One of these signals is the multiline signal, ascribed to the ground state of S = 1/2, centred
at g = 1.982 with a line width of 150-180 mT. The first signal consists of 18-20 partially resolved
hyperfine lines (distance from each other 8-9 mT) which are often superimposed on broad
Gaussian-shaped signal near g = 2. The other signal occurs at g = 4.1 (width ~ 36 mT, S = 5/2)
[19,20]. The multiline EPR signal of S2QA-Fe2+ state was also observed in PS 2 membranes [17].
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Figure 1. The EPR spectra of PS 2 particles during sequential flash illumination. The sample received each flash at 261
K, followed by rapid cooling to liquid helium temperatures to record the EPR spectrum. Source: [24].
Wider (~ 80 mT) EPR signal S3 for S = 1/2 in Ca2+-depleted PS 2 membranes was observed in
the region of g ~2.0 [21]. The parallel polarization EPR method has been applied to investigate
the manganese EPR signal of native S3 state of OEC in PS 2 with S = 1, g = 11 and g = 15 with a
width of 20 - 30 mT [15]. The EPR signal of S3-state was also observed in the Boussac Works
[20,22]. On the other hand, Hallahan et al. [23] assumed that the S3 signal arises from the S2-
YZ+ interaction. The typical EPR spectra of S states are presented in Fig. 1.
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In EPR spectra of chloroplasts treated with some inhibitors of photosynthesis six line spectrum
(at g ~ 2.0) originating from Mn2+ ions released from manganese cluster into interior of
thylakoid membranes can be observed [25] (Fig. 2B).
Figure 2. EPR spectra of spinach chloroplasts: A - control sample, B - chloroplasts treated with 0.05 mol dm−3 of HgCl2.
Source: [26].
EPR signals belonging to Z/D intermediates were observed for the first time in spinach
chloroplasts already in 1956 [27]. They are long living radicals which could be recorded at
room temperature by continual wave (cw) EPR spectrometer. These signals are situated in the
region of free radicals and they are referred in the literature as signal IIslow (Fig. 3A, full line)
with g = 2.0046 and ΔBPP = 1.9 mT [28] and signal IIvery fast (Fig. 3A, dotted line) with g = 2.0046
and ΔBPP = 1.9 mT [29]. These signals were associated with some components of PS 2 [30].
Signal IIslow can be registered even in darkness, while signal IIvery fast is observable only in the
light. At the end of 80 years of the last century it was found that signal IIslow corresponds to the
oxidized intermediate D•, i.e. to the tyrosine radical occurring in the 161st position of D2 protein
on the donor side of PS 2 [31]. The EPR signal IIvery fast is observable as an increase of signal II
in the light and it belongs to the intermediate Z•, i.e. to the tyrosine radical occurring in the
161st position of D1 protein [32].
EPR signals originating from P680 can be observed in two states: as oxidized P680+ with g =
2.0030 and line width of 0.85 mT [17,33] or as a triplet state of P680 (3P680) [34].
Pheophytin is the first acceptor of electrons on the acceptor side of PS 2. After its reduction a
radical with short life time (Pheo–) is formed and EPR spectrum of this radical (g = 2.0032, ΔBPP
= 1.2 mT) can be recorded at cryogenic temperature by the methods of electron spin polariza‐
tion [35] or by time resolved EPR spectroscopy [36].
Due to the interaction with paramagnetic iron atom, the EPR spectra of QA– and QB– are
registered as very broad signals at g < 2.0. QA in triplet state was also recorded by optical‐
ly detected magnetic resonance spectroscopy (ODMR) [37]. Q-band spectrometer was used
for better resolution of anisotropic g tensor for QA–•and the estimated values of g-tensor
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Wider (~ 80 mT) EPR signal S3 for S = 1/2 in Ca2+-depleted PS 2 membranes was observed in
the region of g ~2.0 [21]. The parallel polarization EPR method has been applied to investigate
the manganese EPR signal of native S3 state of OEC in PS 2 with S = 1, g = 11 and g = 15 with a
width of 20 - 30 mT [15]. The EPR signal of S3-state was also observed in the Boussac Works
[20,22]. On the other hand, Hallahan et al. [23] assumed that the S3 signal arises from the S2-
YZ+ interaction. The typical EPR spectra of S states are presented in Fig. 1.
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In EPR spectra of chloroplasts treated with some inhibitors of photosynthesis six line spectrum
(at g ~ 2.0) originating from Mn2+ ions released from manganese cluster into interior of
thylakoid membranes can be observed [25] (Fig. 2B).
Figure 2. EPR spectra of spinach chloroplasts: A - control sample, B - chloroplasts treated with 0.05 mol dm−3 of HgCl2.
Source: [26].
EPR signals belonging to Z/D intermediates were observed for the first time in spinach
chloroplasts already in 1956 [27]. They are long living radicals which could be recorded at
room temperature by continual wave (cw) EPR spectrometer. These signals are situated in the
region of free radicals and they are referred in the literature as signal IIslow (Fig. 3A, full line)
with g = 2.0046 and ΔBPP = 1.9 mT [28] and signal IIvery fast (Fig. 3A, dotted line) with g = 2.0046
and ΔBPP = 1.9 mT [29]. These signals were associated with some components of PS 2 [30].
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oxidized intermediate D•, i.e. to the tyrosine radical occurring in the 161st position of D2 protein
on the donor side of PS 2 [31]. The EPR signal IIvery fast is observable as an increase of signal II
in the light and it belongs to the intermediate Z•, i.e. to the tyrosine radical occurring in the
161st position of D1 protein [32].
EPR signals originating from P680 can be observed in two states: as oxidized P680+ with g =
2.0030 and line width of 0.85 mT [17,33] or as a triplet state of P680 (3P680) [34].
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= 1.2 mT) can be recorded at cryogenic temperature by the methods of electron spin polariza‐
tion [35] or by time resolved EPR spectroscopy [36].
Due to the interaction with paramagnetic iron atom, the EPR spectra of QA– and QB– are
registered as very broad signals at g < 2.0. QA in triplet state was also recorded by optical‐
ly detected magnetic resonance spectroscopy (ODMR) [37]. Q-band spectrometer was used
for better resolution of anisotropic g tensor for QA–•and the estimated values of g-tensor
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were gxx = 2.0073, gyy = 2.0054 and gzz = 2.0023 [38]. Moreover, the EPR signal from the radical
QA–-Fe2+ with g = 1.67 and 1.82 was registered by Jegerschöld and Styring [39]. On the other
hand, van Mieghem et al. [34] registered this signal with g = 1.9.
The EPR spectrum of oxidized core of PS 1 (P700+) belongs to the first observed EPR signals.
Commoner and Heise [27] called it as signal I with g = 2.0026 and line width 0.8 mT. This signal
is well visible in Fig. 3C (both lines). Later, Warden and Bolton [40] found that this signal
belongs to chlorophyll a dimer in the oxidized core of PS 1.
The EPR signal of the P700+-A1– radical pair was observed by time resolved EPR technique
[41,42]. Snyder et al. [43] were the first who attributed A1– to vitamin K1 on the basis of EPR
measurements. Evans et al. [44] found the presence of a bound electron transport component
in spinach chloroplasts showing EPR spectrum characteristic for ferredoxins in PS 1 (g = 1.95,
g = 1.93 and g = 1.87 at 77 K). Later, Sonoike et al. [45] identified EPR signals from ferredoxins
in PS 1: g = 1.94 for FA, g = 1.92 for FB, g = 1.89 for FA /FB mixture and g = 1.78 for FX. These EPR
spectra were recorded at 20 and 8 K. The EPR signal from FX with g = 1.77 was observed in PS
1 particles at 10 K [46].
Moreover, EPR signals from other components of photosynthetic apparatus, namely the large
signal in the g = 2.00 region from the chlorophyll free radical [35,44,47], EPR signal of oxidized
carotene (Car+) with g = 2.0033 and line width 1.1 mT and EPR signal of protochlorophyllide
[48] were registered as well.
Figure 3. EPR spectra of spinach chloroplasts: control sample (A) and chloroplasts treated with 8 mmol dm−3 (B) or 40
mmol dm−3 (C) of HgCl2. The full lines were recorded in the dark and the dotted ones in the light. Source: [26].
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4. Investigation of photosynthesizing organisms exposed to toxic metal
stress
Several transient metals belong to very effective inhibitors of photosynthesis due to their ability
to interact with amino acids occurring in proteins of photosynthetic apparatus or to release
manganese ions from the water splitting complex. These processes can also be examined by
EPR spectroscopy.
4.1. Copper
Copper is essential bioelement which occurs directly in photosynthetic electron transport
chain, namely in the plastocyanin on the donor side of PS 1 [49] and in the light harvesting
complex of PS 2 [50]. However, higher Cu concentrations result in the inhibition of photosyn‐
thesis due to interaction of Cu2+ with several parts of photosynthetic apparatus [51]. These
interactions can be observable by EPR spectroscopy. It was found that Cu2+ ions at concentra‐
tions ~ 10 mmol dm–3 decrease the EPR signal intensity of TyrZ• in spinach chloroplasts treated
with Cu2+ ions [52-54]. The disappearance of both signals belonging to TyrZ• and TyrD• (shown
in Fig. 3B and 3C for HgCl2-treated chloroplasts [26]) was observed at higher Cu2+ concentra‐
tions (~ 50 mmol dm–3) as well [54-57]. Moreover, incubation of chloroplasts with Cu2+ resulted
in loss of the normal EPR signal from QA− which is coupled to the non-heme Fe2+ on the acceptor
side of PS 2 (the QA–-Fe2+ EPR signal). In the presence of excess Cu reduction of QA results in
the formation of a free radical spectrum which is 0.95 mT wide and centred at g = 2.0044. This
signal is attributed to QA−• which is magnetically decoupled from the non-heme iron. This
suggests that Cu2+ displaces the Fe2+ or severely alters its binding properties [53,58]. Moreover,
application of higher Cu2+ concentrations resulted in displacement of Mn2+ ions from the
manganese cluster and their release into interior of thylakoid membranes. This was docu‐
mented by the appearing of six lines of hyperfine structure in EPR spectra of Cu2+-treated
spinach chloroplasts [54-57]. Similar effect for HgCl2-treated chloroplasts is shown in Fig. 2B.
The Cu2+ ions appear to be predominantly associated with PS 2 proteins. In Cu-treated
chloroplasts the formation of Cu(II)-protein complexes was confirmed by changes in EPR
spectra of the applied Cu(II) compounds [55,57,59]. Using EPR spectroscopy it was found that
Cu2+ is bound on two different sites of PS 2: one of them is situated near the Zn site that
modulates electron transport between the quinones QA and QB and the second one occurs at
the Fe site [60].
Interaction of copper with plastocyanin was presented by Bohner et al. [61] who found that in
copper-treated Scenedesmus the content of this electron carrier dramatically varied with
increasing external copper concentration.
4.2. Mercury
Mercury is a potential environmental contaminant which strongly inhibits photosynthetic
processes in algae and higher plants [62]. Several sites of mercury action in both photosynthetic
centres were determined. It was found that Hg2+ ions inhibit PET through PS 1 by interactions
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mmol dm−3 (C) of HgCl2. The full lines were recorded in the dark and the dotted ones in the light. Source: [26].
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in loss of the normal EPR signal from QA− which is coupled to the non-heme Fe2+ on the acceptor
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signal is attributed to QA−• which is magnetically decoupled from the non-heme iron. This
suggests that Cu2+ displaces the Fe2+ or severely alters its binding properties [53,58]. Moreover,
application of higher Cu2+ concentrations resulted in displacement of Mn2+ ions from the
manganese cluster and their release into interior of thylakoid membranes. This was docu‐
mented by the appearing of six lines of hyperfine structure in EPR spectra of Cu2+-treated
spinach chloroplasts [54-57]. Similar effect for HgCl2-treated chloroplasts is shown in Fig. 2B.
The Cu2+ ions appear to be predominantly associated with PS 2 proteins. In Cu-treated
chloroplasts the formation of Cu(II)-protein complexes was confirmed by changes in EPR
spectra of the applied Cu(II) compounds [55,57,59]. Using EPR spectroscopy it was found that
Cu2+ is bound on two different sites of PS 2: one of them is situated near the Zn site that
modulates electron transport between the quinones QA and QB and the second one occurs at
the Fe site [60].
Interaction of copper with plastocyanin was presented by Bohner et al. [61] who found that in
copper-treated Scenedesmus the content of this electron carrier dramatically varied with
increasing external copper concentration.
4.2. Mercury
Mercury is a potential environmental contaminant which strongly inhibits photosynthetic
processes in algae and higher plants [62]. Several sites of mercury action in both photosynthetic
centres were determined. It was found that Hg2+ ions inhibit PET through PS 1 by interactions
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with: i/ plastocyanin on the donor side of PS 1 [63-65]; ii/ ferredoxin [66,67]; iii/ FB iron-sulphur
cluster [68]. Hg2+ ions also damage PET through PS 2 [63,65,66] by interactions: i/ with OEC
on the oxidizing side of PS 2 [26, 67, 69-72]; ii/ with the core of PS 2 (P680) [73]; iii/ with both
quinone acceptors (QA and QB) on the reducing side of PS 2 [74,75]. Due to strong affinity of
Hg2+ to CO, CN, CS and CSH groups the formation of organo-mercury compounds with amino
acid residues in photosynthetic proteins was proposed as possible mechanism of the Hg2+
action [72,76,77].
Despite known Hg2+ action sites in the photosynthetic electron transport chain, EPR studies
of mercury effect on photosynthetic apparatus were reported only by Sakurai et al.  [78],
Jung et al. [68], Šeršeň et al. [26] and Šeršeň and Kráľová [77]. Šeršeň`s group found that
Hg2+  ions interact  with the intermediates  Z•/D•  what  was reflected in reduction of  both
components of the EPR signal II (Fig. 3B and 3C). Moreover, EPR spectra of Mn2+ ions (Fig.
2B)  which  were  released  from manganese  cluster  into  interior  of  thylakoid  membranes
confirmed interaction of Hg2+ with OEC [26]. A damage of the FB iron-sulphur cluster in
PS 1 after HgCl2 treatment was demonstrated by EPR spectroscopy, while the EPR spectra
of FA and FX remain unchanged [68,78]. The decay of EPR signal I after switching off the
light  in  Hg-treated  chloroplasts  indicated  the  damage  of  direct  cyclic  and  non-cyclic
electron flow through PS 1 [77].
4.3. Cadmium
Cadmium belongs to the major heavy metal pollutants which have toxic effects on living
organisms [79]. Cadmium exhibits several toxic effects on higher plants, which are caused
by direct and indirect mechanisms of its action on plant photosynthetic apparatus [80]. The
site of Cd action in photosynthetic apparatus was found to be situated on several sites of
photosynthetic  electron  transfer  chain  within  PS  2:  i/  particularly  in  the  OEC  or  in  its
vicinity on the donor side of PS 2 [67,77,81-84]; ii/ in the site of QA or QB on the acceptor
side of PS 2 [69,85,86].
Some of the above mentioned sites of Cd2+ action were supported by EPR spectroscopy. It was
found that Cd2+ decreased signal intensity of intermediates Z•/D• and released Mn2+ ions from
OEC into interior of thylakoid membranes [77]. These interactions of Cd2+ with OEC and
Z•/D• intermediates resulted in great increase of the signal I intensity [77]. Similarly to Hg-
treated chloroplasts, application of Cd resulted in the damage of direct cyclic and non-cyclic
electron flow through PS 1 what was demonstrated by kinetic behaviour of EPR signal I after
switching off the light (Fig. 4) [77]. Addition of Cd2+ to Ca2+-extracted PS 2 particles, which
exhibited neither the multiline EPR signal nor g = 4.1 signal, did not restore these signals unlike
Ca2+ addition when only the EPR g = 4.1 signal remained lost [85,87]. Ono and Inoue [88] found
that Cd2+ substitution in Ca2+-extracted PS 2 particles restored neither the multiline EPR nor g
= 4.1 signals of S2 state. A decrease in unstable free radical level in the leaves of wheat seedlings
(Triticum aestivum L.) treated with low Cd concentrations (less than 3.3 mg kg−1 soil), followed
by their significant enhancement with increasing Cd concentrations, were determined by EPR
spectroscopy using spin trap [89].
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Figure 4. The kinetics of signal I of spinach chloroplasts after switch off the light in control chloroplasts treated with: 5
mmol dm–3 of DCMU (a), 0.05 mol dm–3 of CdCl2 (b) and 0.05 mol dm–3 of HgCl2 (c). Source: [77].
4.4. Zinc, chromium, selenium, nickel and iron
Karavaev et al. [90] investigated light-induced changes in the EPR signal I from oxidized
reaction centres P700+ of the photosynthetic apparatus of broad beans grown in aqueous
solutions of zinc chloride. High concentrations of ZnCl2 in the hydroponic medium slowed
down the plant development and inhibited the light-induced production of oxygen and
kinetics of redox transients of P700 induced by ZnCl2 correlated with the changes in photo‐
synthetic activity.
Frontasyeva et al. [91] studied the interaction of various chromium forms (Cr(III) and Cr(VI))
with Spirulina platensis biomass and found that from a nutrient medium the cells of this
cyanobacterium mainly accumulated vitally essential form Cr(III) rather than toxic Cr(VI).
Using EPR spectroscopy they demonstrated that the Spirulina platensis biomass enriched with
Cr(III) was free from other toxic chromium forms. The toxicity of hexavalent chromium to
photosynthesizing organisms is closely connected with generation of reactive oxygen species
[92,93]. In the root tissues of some plants that were exposed to high concentrations of Cr(VI),
the presence of intermediate Cr species, i.e., Cr(IV) or Cr(V) was confirmed by EPR spectro‐
scopy studies by Micera and Dessi [94] as well as by low-frequency EPR experiments [95].
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light  in  Hg-treated  chloroplasts  indicated  the  damage  of  direct  cyclic  and  non-cyclic
electron flow through PS 1 [77].
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Cadmium belongs to the major heavy metal pollutants which have toxic effects on living
organisms [79]. Cadmium exhibits several toxic effects on higher plants, which are caused
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Some of the above mentioned sites of Cd2+ action were supported by EPR spectroscopy. It was
found that Cd2+ decreased signal intensity of intermediates Z•/D• and released Mn2+ ions from
OEC into interior of thylakoid membranes [77]. These interactions of Cd2+ with OEC and
Z•/D• intermediates resulted in great increase of the signal I intensity [77]. Similarly to Hg-
treated chloroplasts, application of Cd resulted in the damage of direct cyclic and non-cyclic
electron flow through PS 1 what was demonstrated by kinetic behaviour of EPR signal I after
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exhibited neither the multiline EPR signal nor g = 4.1 signal, did not restore these signals unlike
Ca2+ addition when only the EPR g = 4.1 signal remained lost [85,87]. Ono and Inoue [88] found
that Cd2+ substitution in Ca2+-extracted PS 2 particles restored neither the multiline EPR nor g
= 4.1 signals of S2 state. A decrease in unstable free radical level in the leaves of wheat seedlings
(Triticum aestivum L.) treated with low Cd concentrations (less than 3.3 mg kg−1 soil), followed
by their significant enhancement with increasing Cd concentrations, were determined by EPR
spectroscopy using spin trap [89].
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Figure 4. The kinetics of signal I of spinach chloroplasts after switch off the light in control chloroplasts treated with: 5
mmol dm–3 of DCMU (a), 0.05 mol dm–3 of CdCl2 (b) and 0.05 mol dm–3 of HgCl2 (c). Source: [77].
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Karavaev et al. [90] investigated light-induced changes in the EPR signal I from oxidized
reaction centres P700+ of the photosynthetic apparatus of broad beans grown in aqueous
solutions of zinc chloride. High concentrations of ZnCl2 in the hydroponic medium slowed
down the plant development and inhibited the light-induced production of oxygen and
kinetics of redox transients of P700 induced by ZnCl2 correlated with the changes in photo‐
synthetic activity.
Frontasyeva et al. [91] studied the interaction of various chromium forms (Cr(III) and Cr(VI))
with Spirulina platensis biomass and found that from a nutrient medium the cells of this
cyanobacterium mainly accumulated vitally essential form Cr(III) rather than toxic Cr(VI).
Using EPR spectroscopy they demonstrated that the Spirulina platensis biomass enriched with
Cr(III) was free from other toxic chromium forms. The toxicity of hexavalent chromium to
photosynthesizing organisms is closely connected with generation of reactive oxygen species
[92,93]. In the root tissues of some plants that were exposed to high concentrations of Cr(VI),
the presence of intermediate Cr species, i.e., Cr(IV) or Cr(V) was confirmed by EPR spectro‐
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Labanowska et al. [96] used EPR spectroscopy to examine the alteration of radicals in wheat
seedlings exposed for 2 days to selenium stress in two genotypes of Polish and one of Finnish
wheat, differing in their tolerance to long-term stress treatment. The action of reactive oxygen
species in short-term action of Se stress was confirmed by the reduction of PS 2 and PS 1 system
activities. EPR studies showed changes in redox status (especially connected with Mn(II)/
Mn(III), and semiquinone/quinone ratios) in wheat cell after Se treatment. Finnish wheat was
recognized as the genotype more sensitive to short-term Se stress than the Polish varieties.
Using EPR spectroscopy it was found that Ni(II) complexes with N-donor ligands of the type
NiX2Ly (where X = Cl, Br, I, ClCH2COO or Cl2CHCOO, L = nicotinamide or ronicol and y = 2
or 4) interact with Z+/D+ intermediates, i.e. with tyrosine cation-radicals TyrZ+•, and TyrD+•
situated in D1 and D2 proteins on the donor side of photosystem 2 and with the manganese
cluster in the oxygen evolving complex as well [97]. Similarly, the interaction with tyrosine
radicals TyrZ+• and TyrD+• was also confirmed for Fe(III) complexes [Fe(nia)3Cl3] and
[Fe(nia)3(H2O)2](ClO4), however release of Mn(II) from the oxygen evolving complex was
observed only after treatment with Fe(nia)3(H2O)2](ClO4) [98].
5. Investigation of photosynthesizing organisms exposed to herbicides
Herbicides are compounds used to kill weeds and unwanted plants. They also intervene in
photosynthetic machinery and restrict photosynthetic electron transport due to their interac‐
tion with several components of photosynthetic apparatus. Therefore, EPR is very useful
method for determination of the site of herbicide action.
Electron transfer from QA to QB is inhibited by a wide variety of plastoquinone (PQ) analogues
that compete with PQ at the QB site. The most widely studied classes of inhibitors are the urea
and triazine herbicides, such as 3-(3,4-dichlorophenyl)-1,1-dimethylurea (DCMU) and
atrazine. Although their binding domains are likely to overlap with the urea/triazine herbi‐
cides on the QB site, “phenolic” inhibitors, which include bromoxynil, ioxynil, dinoseb and
2,4,6-trinitrophenol, appear to inhibit in a more complex fashion [99]. As mentioned above,
different classes of herbicides apparently have different binding sites. DCMU-type herbicides
bind to a 32 kDa polypeptide thought to be a regulatory protein associated with QA to QB
electron transfer while phenolic herbicides bind to a 42 kDa polypeptide, which is probably a
reaction centre protein. Herbicide-induced perturbations of these polypeptides might be
expected to modify the EPR signals arising from reaction centre components. In particular,
changes in the signal arising from QAFe might be expected since it arises from an interaction
between two components, the semiquinone and the iron, which are located close to the
herbicide binding sites [100].
Incubation of PS 2 membranes with herbicides results in changes in EPR signals arising from
reaction centre components. Dinoseb, a phenolic herbicide which binds to the reaction centre
polypeptide, changes the width and form of the EPR signal arising from photoreduced QA–Fe
at g = 1.82. Orthophenanthroline slightly broadens the QA–Fe signal. These effects are attributed
to changes in the interaction between the semiquinone and the iron. Herbicide effects can also
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be seen when QAFe is chemically reduced what is reflected by changes in splitting and
amplitude of the split Pheo– signal. Dinoseb application also results in the loss of signal IIslow,
in the conversion of reduced high-potential cytochrome b559 to its oxidized low-potential form
and in the presence of transiently photooxidized carotenoid after a flash at 25 °C. These effects
indicate that dinoseb may also deactivate OEC by accelerating the deactivation reactions of
the water splitting enzyme [100].
Some commercial herbicides are known to bind to the site of the exchangeable quinone QB in
the PS 2 reaction centre, thus blocking the electron transfer to QB what results in PET inter‐
ruption. This effect can be demonstrated in EPR spectra of chloroplasts treated with DCMU
recorded by continuous wave (cw) EPR apparatus at room temperature (Fig. 5). In Fig. 5 an
increase of signal I intensity due to PET interruption from PS 2 is presented.
Figure 5. EPR spectrum of spinach chloroplasts treated with 100 μmol dm–3 of DCMU recorded in the dark (full line)
and in the light (dotted line). Source: [24].
Some authors suggested that the herbicide-induced toxicity requires light and it is connect‐
ed with chlorophyll-mediated 1O2 generation (photooxidative stress). It is generally believed
that as the energy is not being used for photosynthetic electron transfer, the chances of form‐
ing 3Chl are increased, leading to 1O2 formation and protein damage, similarly to the photo‐
damage mechanism. This mechanism is also likely to apply to other herbicides. When
electron transfer is blocked by herbicide binding, the level of the S2QA•– charge pair decays
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observed only after treatment with Fe(nia)3(H2O)2](ClO4) [98].
5. Investigation of photosynthesizing organisms exposed to herbicides
Herbicides are compounds used to kill weeds and unwanted plants. They also intervene in
photosynthetic machinery and restrict photosynthetic electron transport due to their interac‐
tion with several components of photosynthetic apparatus. Therefore, EPR is very useful
method for determination of the site of herbicide action.
Electron transfer from QA to QB is inhibited by a wide variety of plastoquinone (PQ) analogues
that compete with PQ at the QB site. The most widely studied classes of inhibitors are the urea
and triazine herbicides, such as 3-(3,4-dichlorophenyl)-1,1-dimethylurea (DCMU) and
atrazine. Although their binding domains are likely to overlap with the urea/triazine herbi‐
cides on the QB site, “phenolic” inhibitors, which include bromoxynil, ioxynil, dinoseb and
2,4,6-trinitrophenol, appear to inhibit in a more complex fashion [99]. As mentioned above,
different classes of herbicides apparently have different binding sites. DCMU-type herbicides
bind to a 32 kDa polypeptide thought to be a regulatory protein associated with QA to QB
electron transfer while phenolic herbicides bind to a 42 kDa polypeptide, which is probably a
reaction centre protein. Herbicide-induced perturbations of these polypeptides might be
expected to modify the EPR signals arising from reaction centre components. In particular,
changes in the signal arising from QAFe might be expected since it arises from an interaction
between two components, the semiquinone and the iron, which are located close to the
herbicide binding sites [100].
Incubation of PS 2 membranes with herbicides results in changes in EPR signals arising from
reaction centre components. Dinoseb, a phenolic herbicide which binds to the reaction centre
polypeptide, changes the width and form of the EPR signal arising from photoreduced QA–Fe
at g = 1.82. Orthophenanthroline slightly broadens the QA–Fe signal. These effects are attributed
to changes in the interaction between the semiquinone and the iron. Herbicide effects can also
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be seen when QAFe is chemically reduced what is reflected by changes in splitting and
amplitude of the split Pheo– signal. Dinoseb application also results in the loss of signal IIslow,
in the conversion of reduced high-potential cytochrome b559 to its oxidized low-potential form
and in the presence of transiently photooxidized carotenoid after a flash at 25 °C. These effects
indicate that dinoseb may also deactivate OEC by accelerating the deactivation reactions of
the water splitting enzyme [100].
Some commercial herbicides are known to bind to the site of the exchangeable quinone QB in
the PS 2 reaction centre, thus blocking the electron transfer to QB what results in PET inter‐
ruption. This effect can be demonstrated in EPR spectra of chloroplasts treated with DCMU
recorded by continuous wave (cw) EPR apparatus at room temperature (Fig. 5). In Fig. 5 an
increase of signal I intensity due to PET interruption from PS 2 is presented.
Figure 5. EPR spectrum of spinach chloroplasts treated with 100 μmol dm–3 of DCMU recorded in the dark (full line)
and in the light (dotted line). Source: [24].
Some authors suggested that the herbicide-induced toxicity requires light and it is connect‐
ed with chlorophyll-mediated 1O2 generation (photooxidative stress). It is generally believed
that as the energy is not being used for photosynthetic electron transfer, the chances of form‐
ing 3Chl are increased, leading to 1O2 formation and protein damage, similarly to the photo‐
damage mechanism. This mechanism is also likely to apply to other herbicides. When
electron transfer is blocked by herbicide binding, the level of the S2QA•– charge pair decays
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by a charge recombination pathway that involves formation of a chlorophyll triplet in the
heart of the reaction centre. This triplet is thus able to react with 3O2 to give 1O2 [101]. All
above mentioned intermediates (S2QA•–, 3Chl and 1O2) can be observed by EPR spectroscopy.
Tenuazonic acid is natural PS 2 inhibitor with several action sites [102,103]. Treatment of PS 2
particles with this bioherbicide resulted in generation of ROS such as 1O2, O2−• and •OH which
can be detected by EPR spectroscopy. Singlet oxygen was recorded as 2,2,6,6-tetramethylpi‐
peridinoxyl radical (TEMPO) by EPR and production of O2−• and •OH was estimated by spin
trap 5-diethoxyphosphoryl-5-methyl-1-pyrroline N-oxide (DEPMPO) [104].
Photodamage of PS 2 in strong illumination of thylakoid membranes was documented by
changes in the extent of the QA–Fe2+ and chlorophyll triplet EPR signals. In the presence of
DCMU, a decrease of the QA–Fe2+ EPR signal (corresponding to the inhibition of oxygen
evolution) and an increase of the chlorophyll triplet EPR signal indicated a possible overre‐
duction of QA [105].
Multiphasic kinetic curve of light-induced EPR signal I from P700+ was observed in the
cyanobacterium Synechocystis sp PCC 6803 whereas in those treated with DCMU the PS 1
kinetics was monophasic [106].
Illumination of native NH3-treated PS 2 membranes results in the appearance of an EPR signal
at g = 2. It was suggested that this signal arises from perturbated S3 state of manganese cluster
[107]. González-Pérez et al. [108] observed the EPR signal with a g value of approximately
2.0043 and a line width of 0.1 mT which was induced under continuous illumination in the
presence of peroxynitrite. In the absence of magnetic interaction with the non-heme Fe2+ this
new EPR signal corresponds with the semireduced plastoquinone QA and it can be concluded
that peroxynitrite impairs PS 2 electron transport in the QAFe2+ niche.
EPR spectroscopy was also used to determine the site of inhibitory action in the photosynthetic
electron transport chain of many aromatic, heteroaromatic and amphiphilic compounds (in
detail see in [109,110]).
6. Monitoring of the effect of gaseous environmental pollutants on
photosynthetic apparatus
6.1. Ozone
Ozone is now regarded as the most important phytotoxic air pollutant, with long-term
background concentrations increasing progressively. It is well known to have a negative
impact on the photosynthetic apparatus of plant leaves and is thought to act via the formation
of other ROS forms. Mehlhorn et al. [111] directly detected elevated levels of free radicals in
plants exposed to ozone by EPR spectroscopy. It is generally thought that free radical gener‐
ation in ozone stressed plants is enhanced by the direct reaction of ozone with biomolecules.
This mechanism was supported by EPR measurements with freeze-dried samples of leaves
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from ozone-exposed wheat plants, showing a positive relationship between the free radical
signal and the stress history of the plant [112].
In a C3 grass, Poa pratensis L. and a C4 grass, Setaria viridis Beauv., during exposure to O3
both signal I (from P700+ in PS 1) and signal II (from TyrD in the D2 protein of PS 2) were
stimulated by O3. However, the fact that signal I observed in white light rose to the level
of signal I in far-red light indicated reduced electron flow through PS 1 [113]. Reichena‐
uer  and Goodmann [114]  found that  after  exposure  to  ozone  in  EPR spectra  of  freeze-
dried samples from the same batches of plants an unidentified stable free radical appeared.
The intensity of this radical signal increased with the duration of ozone exposure in leaves
that received an additional ozone treatment.
Direct observations of radical signals obtained by EPR spectroscopy of intact, attached leaves
of  bluegrass  (Poa pratensis  L.)  and ryegrass  (Lolium perenne  L.)  and leaf  pieces  of  radish
(Raphanus sativus L.) during exposure to O3 in air flowing through the spectrometer cavity
have revealed the appearance of a signal with the characteristics of O2–•.  In each species,
the signal only appeared after about 1 h of exposure to O3, and then increased steadily over
the next 4 h [115]. After prolonged exposure to ozone a free-radical signal with parame‐
ters similar to the superoxide anion free-radical signal was also formed in plant leaves of
Kentucky bluegrass [116].
6.2. SO2
The oxygen evolving enzyme of chloroplasts responsible for reduction of the PET carriers has
been shown to be sensitive to SO2 absorption by plants [117]. In SO2-fumigated spinach leaves
the time course of EPR signal I indicated that reduction of P700 by white light illumination
was inhibited but dark reduction of P700 was not significantly affected. Photosynthetic O2
evolution was also inhibited by SO2 fumigation but all of these effects were reversible after
removal of SO2 [118].
Radish, Kentucky bluegrass and perennial ryegrass leaves subjected to high levels of sulphur
dioxide (10−500 ppm) revealed the formation of signal I upon irradiation with broad-band
white or 650 nm light, thereby indicating an interruption of normal electron flow from PS 2 to
PS 1. Damage to the oxygen evolving complex and reaction centre of PS 2 was also detected
through changes in signal II and Mn2+ signal [116]. These changes in the normal EPR signals
were dose-dependent. Leaves subjected to low levels of sulphur dioxide (600−2000 ppb)
revealed the disappearance of signal I after 3 hours of fumigation and the formation of a new
free-radical signal with parameters similar to the sulphur trioxide free-radical signal. After
prolonged exposure to sulphur dioxide a free-radical signal with parameters similar to the
superoxide anion free-radical signal was formed in plant leaves [116].
7. Study of the thylakoid membrane arrangement under abiotic stress
The EPR spin label technique provides useful information about polarity of the local micro‐
environment near the spin label and the dynamic properties of the labelled site, which reflect
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DCMU, a decrease of the QA–Fe2+ EPR signal (corresponding to the inhibition of oxygen
evolution) and an increase of the chlorophyll triplet EPR signal indicated a possible overre‐
duction of QA [105].
Multiphasic kinetic curve of light-induced EPR signal I from P700+ was observed in the
cyanobacterium Synechocystis sp PCC 6803 whereas in those treated with DCMU the PS 1
kinetics was monophasic [106].
Illumination of native NH3-treated PS 2 membranes results in the appearance of an EPR signal
at g = 2. It was suggested that this signal arises from perturbated S3 state of manganese cluster
[107]. González-Pérez et al. [108] observed the EPR signal with a g value of approximately
2.0043 and a line width of 0.1 mT which was induced under continuous illumination in the
presence of peroxynitrite. In the absence of magnetic interaction with the non-heme Fe2+ this
new EPR signal corresponds with the semireduced plastoquinone QA and it can be concluded
that peroxynitrite impairs PS 2 electron transport in the QAFe2+ niche.
EPR spectroscopy was also used to determine the site of inhibitory action in the photosynthetic
electron transport chain of many aromatic, heteroaromatic and amphiphilic compounds (in
detail see in [109,110]).
6. Monitoring of the effect of gaseous environmental pollutants on
photosynthetic apparatus
6.1. Ozone
Ozone is now regarded as the most important phytotoxic air pollutant, with long-term
background concentrations increasing progressively. It is well known to have a negative
impact on the photosynthetic apparatus of plant leaves and is thought to act via the formation
of other ROS forms. Mehlhorn et al. [111] directly detected elevated levels of free radicals in
plants exposed to ozone by EPR spectroscopy. It is generally thought that free radical gener‐
ation in ozone stressed plants is enhanced by the direct reaction of ozone with biomolecules.
This mechanism was supported by EPR measurements with freeze-dried samples of leaves
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from ozone-exposed wheat plants, showing a positive relationship between the free radical
signal and the stress history of the plant [112].
In a C3 grass, Poa pratensis L. and a C4 grass, Setaria viridis Beauv., during exposure to O3
both signal I (from P700+ in PS 1) and signal II (from TyrD in the D2 protein of PS 2) were
stimulated by O3. However, the fact that signal I observed in white light rose to the level
of signal I in far-red light indicated reduced electron flow through PS 1 [113]. Reichena‐
uer  and Goodmann [114]  found that  after  exposure  to  ozone  in  EPR spectra  of  freeze-
dried samples from the same batches of plants an unidentified stable free radical appeared.
The intensity of this radical signal increased with the duration of ozone exposure in leaves
that received an additional ozone treatment.
Direct observations of radical signals obtained by EPR spectroscopy of intact, attached leaves
of  bluegrass  (Poa pratensis  L.)  and ryegrass  (Lolium perenne  L.)  and leaf  pieces  of  radish
(Raphanus sativus L.) during exposure to O3 in air flowing through the spectrometer cavity
have revealed the appearance of a signal with the characteristics of O2–•.  In each species,
the signal only appeared after about 1 h of exposure to O3, and then increased steadily over
the next 4 h [115]. After prolonged exposure to ozone a free-radical signal with parame‐
ters similar to the superoxide anion free-radical signal was also formed in plant leaves of
Kentucky bluegrass [116].
6.2. SO2
The oxygen evolving enzyme of chloroplasts responsible for reduction of the PET carriers has
been shown to be sensitive to SO2 absorption by plants [117]. In SO2-fumigated spinach leaves
the time course of EPR signal I indicated that reduction of P700 by white light illumination
was inhibited but dark reduction of P700 was not significantly affected. Photosynthetic O2
evolution was also inhibited by SO2 fumigation but all of these effects were reversible after
removal of SO2 [118].
Radish, Kentucky bluegrass and perennial ryegrass leaves subjected to high levels of sulphur
dioxide (10−500 ppm) revealed the formation of signal I upon irradiation with broad-band
white or 650 nm light, thereby indicating an interruption of normal electron flow from PS 2 to
PS 1. Damage to the oxygen evolving complex and reaction centre of PS 2 was also detected
through changes in signal II and Mn2+ signal [116]. These changes in the normal EPR signals
were dose-dependent. Leaves subjected to low levels of sulphur dioxide (600−2000 ppb)
revealed the disappearance of signal I after 3 hours of fumigation and the formation of a new
free-radical signal with parameters similar to the sulphur trioxide free-radical signal. After
prolonged exposure to sulphur dioxide a free-radical signal with parameters similar to the
superoxide anion free-radical signal was formed in plant leaves [116].
7. Study of the thylakoid membrane arrangement under abiotic stress
The EPR spin label technique provides useful information about polarity of the local micro‐
environment near the spin label and the dynamic properties of the labelled site, which reflect
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its conformational state. As spin probes are usually used the stable nitroxide radicals which
are built into thylakoid membranes. From the line widths and line shapes of the EPR spectra
of such built-in spin probe, various features of the local molecular environment and phase-
transitions may further be deduced.
Using  spin-labelled  phosphatidylglycerol  incorporated  into  thylakoid  suspension  it  was
found that Cu, Pb and Zn increased the surfaces available for lipid-protein interaction by
dissociating  membrane  protein  complexes  [119].  EPR  spectra  of  the  lipid  vesicles  spin
probed with  n-doxylstearic  acid  (n-DSA) were  used to  explore  the  lipid rotational  free‐
dom at different depth of the bilayer.  The EPR measurements indicated that the copper
stress  resulted  in  more  tightly  packed  bilayers  of  the  photosynthetic  membranes  with
reduced  acyl  chain  motion.  Moreover,  investigations  of  nitroxide  radicals  probing  the
bilayer at different depth suggested that changes in mobility associated with stress involve
different parts of the bilayer in a similar way [120].
Line shape analysis of EPR spectra recorded as a function of temperature on concentrat‐
ed  suspensions  of  thylakoids  with  labelled  5-doxylstearic  acid  (5-DSA)  allowed  getting
information about the fluidity of differently treated membranes. The immobilization of the
spin probes in the hydrophobic part of the membranes was supported by experiments of
Calucci et al. [121]. Another example of the use of spin labels 16-DSA (16-doxylstearic acid)
or CAT-16 (N-hexadecyl-N-tempoyl-N,N-dimethyl-ammonium bromide) was carried out by
Šeršeň et al. [3] who determined the inhibitory mechanism of N-alkyl-N,N-dimethyl amine
oxides  (ADAO)  action  upon  PET.  Above  mentioned  authors  found  that  interactions  of
ADAO with thylakoid lipids of chloroplasts resulted in the decrease of the ordering and
the microviscosity of  lipid phase.  The motion of  a spin label  after its  incorporation into
membranes will be limited and consequently changes in its EPR spectra occur. From these
changes  in  EPR  spectrum  order  parameter  S  characterizing  the  arrangement  of  the
membrane  can  be  calculated  (in  detail  see  in  [3]).  Application  of  membrane-active
compounds results in perturbation in membrane structure.  Consequently,  the value of S
parameter  will  be  affected  depending  on  the  extent  of  membrane  damage.  From  the
dependences  of  the  order  parameter  of  thylakoid  membranes  S  (determined  from  EPR
spectra  of  CAT 16)  on  the  concentration  of  ADAO for  hexadecyl-,  dodecyl-  and hexyl-
derivatives  (Fig.  6A)  and  on  the  alkyl  chain  length  of  ADAO  at  the  constant  ADAO
concentration  (Fig.  6B)  it  is  evident  that  the  membrane  perturbation  increases  with
increasing  concentration  of  membrane  active  compounds  and  that  the  most  effective
compound was dodecyl derivative.
Addition of membrane-active compound to chloroplasts containing spin labels results in an
increase in the rate of molecular reorientation of spin label. Therefore, changes in the rotational
correlation time τc (which is linearly proportional to the microviscosity of the environment in
which the spin label is located) due to addition of membrane-active compound can also be
used to characterize alterations in membrane arrangement (Fig. 7A, 7B).
It was shown that ADAO decreased the microviscosity of thylakoid membranes and the
course of τc of 16 DSA spin label located in the thylakoid membrane on the alkyl chain
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length of ADAO at constant compound concentration 50 μmol dm-3 (Fig. 7B) was similar to
that obtained for order parameter S (Fig. 6B), i.e. the lowest τc exhibited dodecyl derivate.
Figure 6. Dependences of the order parameter of thylakoid membranes S (determined from EPR spectra of CAT 16)
on the concentration of ADAO for hexadecyl- (□), dodecyl- (ο) and hexyl- (Δ) derivatives (A) and on the alkyl chain
length of ADAO at the constant concentration of ADAO 50 μmol dm–3 (B); S was evaluated from EPR spectra of CAT 16
(ο) and 16 DSA (□) spin labeles. Source: [3].
Figure 7. Dependences of rotational time τc of 16 DSA spin label located in the thylakoid membranes on the concen‐
tration of N-dodecyl-N,N-dimethylamine oxide (A) and on the alkyl chain length of ADAO at the constant concentra‐
tion of ADAO 50 μmol dm–3 (B). Source: [3].
Alteration of membrane structure can also be caused by ionic amphiphilic compounds,
including alkyl substituted quaternary ammonium salts [122-124]. Using EPR spectroscopy
and spin label CAT 16 an increase of order parameter S was observed after application of low
concentrations of 1-dodecyl-1-ethylpiperidinium bromide (DEPBr), followed with its decrease
at higher DEPBr concentrations (Fig. 8A) [125]. These findings were in agreement with the
results of oxygen evolution rate (OER) measurements which confirmed that OER was stimu‐
lated by low DEPBr concentrations (Fig, 8A). Because in the OER and in EPR experiments
different chlorophyll content in chloroplast suspensions was applied, DEPBr concentration
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its conformational state. As spin probes are usually used the stable nitroxide radicals which
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reduced  acyl  chain  motion.  Moreover,  investigations  of  nitroxide  radicals  probing  the
bilayer at different depth suggested that changes in mobility associated with stress involve
different parts of the bilayer in a similar way [120].
Line shape analysis of EPR spectra recorded as a function of temperature on concentrat‐
ed  suspensions  of  thylakoids  with  labelled  5-doxylstearic  acid  (5-DSA)  allowed  getting
information about the fluidity of differently treated membranes. The immobilization of the
spin probes in the hydrophobic part of the membranes was supported by experiments of
Calucci et al. [121]. Another example of the use of spin labels 16-DSA (16-doxylstearic acid)
or CAT-16 (N-hexadecyl-N-tempoyl-N,N-dimethyl-ammonium bromide) was carried out by
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changes  in  EPR  spectrum  order  parameter  S  characterizing  the  arrangement  of  the
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parameter  will  be  affected  depending  on  the  extent  of  membrane  damage.  From  the
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derivatives  (Fig.  6A)  and  on  the  alkyl  chain  length  of  ADAO  at  the  constant  ADAO
concentration  (Fig.  6B)  it  is  evident  that  the  membrane  perturbation  increases  with
increasing  concentration  of  membrane  active  compounds  and  that  the  most  effective
compound was dodecyl derivative.
Addition of membrane-active compound to chloroplasts containing spin labels results in an
increase in the rate of molecular reorientation of spin label. Therefore, changes in the rotational
correlation time τc (which is linearly proportional to the microviscosity of the environment in
which the spin label is located) due to addition of membrane-active compound can also be
used to characterize alterations in membrane arrangement (Fig. 7A, 7B).
It was shown that ADAO decreased the microviscosity of thylakoid membranes and the
course of τc of 16 DSA spin label located in the thylakoid membrane on the alkyl chain
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length of ADAO at constant compound concentration 50 μmol dm-3 (Fig. 7B) was similar to
that obtained for order parameter S (Fig. 6B), i.e. the lowest τc exhibited dodecyl derivate.
Figure 6. Dependences of the order parameter of thylakoid membranes S (determined from EPR spectra of CAT 16)
on the concentration of ADAO for hexadecyl- (□), dodecyl- (ο) and hexyl- (Δ) derivatives (A) and on the alkyl chain
length of ADAO at the constant concentration of ADAO 50 μmol dm–3 (B); S was evaluated from EPR spectra of CAT 16
(ο) and 16 DSA (□) spin labeles. Source: [3].
Figure 7. Dependences of rotational time τc of 16 DSA spin label located in the thylakoid membranes on the concen‐
tration of N-dodecyl-N,N-dimethylamine oxide (A) and on the alkyl chain length of ADAO at the constant concentra‐
tion of ADAO 50 μmol dm–3 (B). Source: [3].
Alteration of membrane structure can also be caused by ionic amphiphilic compounds,
including alkyl substituted quaternary ammonium salts [122-124]. Using EPR spectroscopy
and spin label CAT 16 an increase of order parameter S was observed after application of low
concentrations of 1-dodecyl-1-ethylpiperidinium bromide (DEPBr), followed with its decrease
at higher DEPBr concentrations (Fig. 8A) [125]. These findings were in agreement with the
results of oxygen evolution rate (OER) measurements which confirmed that OER was stimu‐
lated by low DEPBr concentrations (Fig, 8A). Because in the OER and in EPR experiments
different chlorophyll content in chloroplast suspensions was applied, DEPBr concentration
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within chloroplast organelles was calculated using DEPBr partition coefficient between
chloroplast organelles and aqueous environment. From Fig. 8B in which the dependences of
OER and order parameter S on the DEPBr concentration in chloroplast organelles are presented
it is evident that OER stimulation and increase of order parameter S occurred in the same
concentration range. Consequently, it could be assumed that OER stimulation is caused by
changes in the arrangement of thylakoid membranes.
Figure 8. The dependence of the 2,6-dichlorophenolindophenol reduction (□) and the order parameter S (•) ex‐
pressed as % of control sample upon concentration of 1-dodecyl-1-ethylpiperidinium bromide (DEPBr) in chloroplast
suspension (A) and in chloroplast organelles (B). Source: [121].
Quartacci et al. [126] studied the effect of copper on the fluidity of PS 2 membranes by EPR
measurements, using spin-probed fatty acids as probes. They found that due to treatment of
PS 2 membranes (spin probed by means of 5- and 16-doxylstearic acids) with 50 μmol dm–3 Cu
only the fluidity of the surface region of the bilayer close to the polar head group was reduced,
while the fluidity of the inner membrane region of the bilayer did not show any change.
8. Study of photoinhibition in photosynthesizing organisms
When organisms that perform oxygenic photosynthesis are exposed to strong visible or UV
light, inactivation of photosynthetic apparatus occurs. Under high light intensities the
components of PET chain get damaged in a process called photoinhibition. It has been shown
that PS 2 is the most susceptible pigment protein complex to photoinhibition. However, such
organisms are able rapidly to repair the photoinactivated PS 2. Photoinhibition can be invoked
by impairment of PS 2 acceptor side electron transport, and by the damage of PS 2 donor side
[127]. Acceptor side induced photoinhibition takes place when reoxidation of quinones at
acceptor side of PS 2 reaction centres is limited, e.g. when the plastoquinone pool is highly
reduced. Under these conditions a charge recombination reaction between P680+ and QA– can
take place, leading to a re-population of the primary charge pair P680+Pheo–. Recombination
of this charge pair leads to the formation of the excited state of P680, both in its singlet and
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triplet state. 3P680 reacts with O2 leading to the formation of the highly oxidizing species 1O2
[128]. In isolated thylakoids methylviologen (paraquat) was used to O2−• generation in the light
in PS 1. O2–• was trapped to the spin trap by 5-diethoxyphosphoryl-5-methyl-1-pyrroline N-
oxide (DEPMPO) and this spin adduct was recorded by EPR spectrometer [128].
High-intensity illumination of thylakoids results in the impairment of PS 2 electron transport,
followed by the degradation of the D1 reaction centre protein. This impairment is caused by
reactive oxygen species (ROS), which are formed in photosynthetic apparatus by high-
intensity illumination. They are mainly supreroxide anion radical (O2–•) and singlet oxygen
(1O2). The formation of both above-mentioned ROS was confirmed by EPR spectroscopy. 1O2
is generated by interaction of molecular oxygen with excited triplet of chlorophyll formed via
charge recombination of radical pair 3[P680+ Pheo–] [129]. Singlet oxygen was detected by
following the formation of 2,2,6,6-tetramethylpiperidine-1-oxyl, a stable nitroxide radical
yielded in the reaction of singlet oxygen with the sterically hindered amine 2,2,6,6-tetrame‐
thylpiperidine. Singlet oxygen, a non-radical form of active oxygen, was detectable only in
samples undergoing acceptor-side-induced photodamage [130]. During both types of photo‐
inhibition also other free radicals were detected as spin adducts of the spin trap 5,5-dimethyl-1-
pyrroline N-oxide, and identified on the basis of hyperfine splitting constants of the EPR
spectra.: i/ The acceptor-side induced process was accompanied by the oxygen dependent
production of carbon centred (alkyl or hydroxyalkyl) radicals, probably from the reaction of
singlet oxygen with histidine residues. (ii) Donor-side induced photoinhibition was dominated
by hydroxyl radicals, which were produced in anaerobic samples, too. The production rate of
these radicals, as well as D1 protein degradation, was dependent on the possibility of electron
donation from manganese ions to PS 2. The marked distinction between the active oxygen
forms produced in acceptor- and donor-side induced photoinhibition are in agreement with
earlier reports on the different mechanism of these processes [130]. The two types of trapped
ROS radicals are presented in Fig. 9.
Ogami et al. [131] observed that after 4 hours cultivation of cyanobacterium Thermosynecho‐
coccus elongatus cells under high light conditions, the S2 multiline signal was undetectable.
Ivanov et al. [132] confirmed the impairment of PS 1 by measuring of EPR signal intensity of
oxidized P700 under high light stress.
The UV-A (320-400 nm) component of sunlight is a significant damaging factor of plant
photosynthesis, which targets the PS 2 complex. UV-A irradiation results in the rapid inhibition
of oxygen evolution accompanied by the loss of the multiline EPR signal from the S2 state of
the water-oxidizing complex. Gradual decrease of EPR signals arising from the QA–Fe2+
acceptor complex, TyrD, and the ferricyanide-induced oxidation of the non-heme Fe2+ to Fe3+
was also observed, but at a significantly slower rate than the inhibition of oxygen evolution
and the reduction of the multiline signal. The amplitude of signal IIfast, arising from TyrZ in the
absence of fast electron donation from the Mn cluster, was gradually increased during UV-A
treatment. However, the amount of functional TyrZ decreased to a similar extent as TyrD as
shown by the loss of amplitude of signal IIfast that could be measured in the UV-A-treated
particles after Tris washing. It was concluded that the primary damage site of UV-A irradiation
is the catalytic manganese cluster of the water-oxidizing complex, where electron transfer to
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within chloroplast organelles was calculated using DEPBr partition coefficient between
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it is evident that OER stimulation and increase of order parameter S occurred in the same
concentration range. Consequently, it could be assumed that OER stimulation is caused by
changes in the arrangement of thylakoid membranes.
Figure 8. The dependence of the 2,6-dichlorophenolindophenol reduction (□) and the order parameter S (•) ex‐
pressed as % of control sample upon concentration of 1-dodecyl-1-ethylpiperidinium bromide (DEPBr) in chloroplast
suspension (A) and in chloroplast organelles (B). Source: [121].
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triplet state. 3P680 reacts with O2 leading to the formation of the highly oxidizing species 1O2
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spectra.: i/ The acceptor-side induced process was accompanied by the oxygen dependent
production of carbon centred (alkyl or hydroxyalkyl) radicals, probably from the reaction of
singlet oxygen with histidine residues. (ii) Donor-side induced photoinhibition was dominated
by hydroxyl radicals, which were produced in anaerobic samples, too. The production rate of
these radicals, as well as D1 protein degradation, was dependent on the possibility of electron
donation from manganese ions to PS 2. The marked distinction between the active oxygen
forms produced in acceptor- and donor-side induced photoinhibition are in agreement with
earlier reports on the different mechanism of these processes [130]. The two types of trapped
ROS radicals are presented in Fig. 9.
Ogami et al. [131] observed that after 4 hours cultivation of cyanobacterium Thermosynecho‐
coccus elongatus cells under high light conditions, the S2 multiline signal was undetectable.
Ivanov et al. [132] confirmed the impairment of PS 1 by measuring of EPR signal intensity of
oxidized P700 under high light stress.
The UV-A (320-400 nm) component of sunlight is a significant damaging factor of plant
photosynthesis, which targets the PS 2 complex. UV-A irradiation results in the rapid inhibition
of oxygen evolution accompanied by the loss of the multiline EPR signal from the S2 state of
the water-oxidizing complex. Gradual decrease of EPR signals arising from the QA–Fe2+
acceptor complex, TyrD, and the ferricyanide-induced oxidation of the non-heme Fe2+ to Fe3+
was also observed, but at a significantly slower rate than the inhibition of oxygen evolution
and the reduction of the multiline signal. The amplitude of signal IIfast, arising from TyrZ in the
absence of fast electron donation from the Mn cluster, was gradually increased during UV-A
treatment. However, the amount of functional TyrZ decreased to a similar extent as TyrD as
shown by the loss of amplitude of signal IIfast that could be measured in the UV-A-treated
particles after Tris washing. It was concluded that the primary damage site of UV-A irradiation
is the catalytic manganese cluster of the water-oxidizing complex, where electron transfer to
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TyrZ and P680+ becomes inhibited. This damaging mechanism is very similar to that induced
by the shorter wavelength UV-B (280-320 nm) radiation, but different from that induced by
the longer wavelength photosynthetically active light (400-700 nm) [7].
Strong UV-A light from a laser inactivated the oxygen-evolving machinery and the photo‐
chemical reaction centre of PS 2. The release of Mn2+ ions from PS 2 during incubation of
thylakoid membranes in very strong UV-A light was documented by recording of EPR spectra
of Mn2+ ions in thylakoid membranes from Synechocystis cells [9].
Pospisil et al. [134] indicated that •OH is produced on the electron acceptor side of PS 2 by two
different routes: i) O2–•, which is generated by oxygen reduction on the acceptor side of PS 2,
interacts with a PS 2 metal centre, probably the non-heme iron, to form an iron-peroxide species
that is further reduced to •OH by an electron from PS 2, presumably via QA–•; ii) O2–• dismutates
to form free H2O2 that is then reduced to •OH via the Fenton reaction in the presence of metal
ions, the most likely being Mn2+ and Fe2+ released from photodamaged PS 2. H2O2 causes
extraction of manganese from OEC, inhibits its activity and photosynthetic electron transfer,
and leads to the destruction of the photosynthetic apparatus. EPR spectroscopy documented
an increase in the level of P700 photooxidation, an decrease of the rate of its subsequent
reduction in the dark and an increase of free Mn2+ ions after addition of H2O2 [135].
Figure 9. EPR detection of singlet oxygen trapped by TEMP (2,2,6,6-tetramethylpiperidine) (A), and hydroxyl radicals
trapped by DMPO (5,5-dimethyl-pyrroline N-oxide) (B) in thylakoid membranes exposed to the light. Source: [133].
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The other concept of the monitoring of detrimental action of strong light or other unfavoura‐
ble living conditions is inspection of the typical hyperfine structure of monodehydroascor‐
bate (MDA). Oxygen is a natural electron acceptor in the PET chain, during which the superoxide
anion radical (O2–•) is formed in the thylakoids. O2–• is reduced to H2O2 by CuZn superoxid
dismutase (SOD). During the reduction of H2O2 by ascorbate peroxidase, MDA is formed, which
is detectable by EPR in photoactive conditions. Plants, which are exposed to an excess of
radiation, cannot completely utilize it in photosynthesis. This excess radiation can exhibit a
damaging effect on photosynthetic apparatus. Leaves are equipped with several protective
mechanisms involved in preventing oxidative and photoinhibitory damage. The resulting
negative effects on plants depend on the capacity of cellular systems to scavenge ROS and to
prevent or to repair harmful effects of light on the PET components. MDA is a long lasting anion
radical, it can be detected by EPR spectroscopy at room temperature and serves as an endoge‐
nous probe for oxidative stress. Under optimal conditions the concentration of MDA in the
leaves is too low to be detected in the light or darkness. Under environmental stress when the
rate of oxygen activated species surpasses the MDA reducing capacity, MDA can be detected
by EPR, as was the case in leaves treated with paraquat or aminotriazole (Fig. 10). In illuminat‐
ed leaves paraquat is photoreduced to the paraquat radical that rapidly reacts with O2 to O2–•,
O2–• is disprotonated to H2O2 by SOD at the site of its production, leading to an increase of H2O2
level in the chloroplasts. Scavenging of H2O2 gives rise to MDA signal that is light dependent
[136].  Impact  of  air  pollutants,  chemicals,  herbicides,  photooxidants  and  unfavourable
environmental conditions like drought, high temperatures and even mechanically induced
injuries lead to increase of the MDA concentration which can be monitored by EPR spectrosco‐
py. Thus, by simple measurements a proof of oxidative stress can easily be performed. Therefore,
the MDA EPR signals can be used as a general marker of stress situations [137]. Light-induced
MDA radical production was not detectable by EPR spectroscopy in untreated broad bean
leaves, but it was observed after exposing the leaves to UV-B irradiation. After this pre-
treatment, a low level of MDA radicals was also detectable without illumination [138].
However, we would like to note that beside of investigations focused on the effects of strong
visible light and UV irradiation on photosynthesizing organisms, effects of low light on plants
were investigated as well. In these experiments mainly chlorophyll fluorescence characteristics
were estimated [139,140], however there are some papers in which the use of EPR technique
is reported. Paddock et al. [141] investigated reaction centres from Rhodobacter sphaeroides by
EPR at high and low light intensities. They found that decay kinetics of EPR signal after switch
off light exhibited two phases. The fast decay with a time constant τ = 30 ms belongs to the
decay of D+•QA-• → DQA, where D is the reaction centre in Rhodobacter sphaeroides. Slow phase
had a longer time constant τ = 6 s. However, when the sample was illuminated at lower light
intensity, the relative amplitude of the slow phase was larger indicating that the slow de‐
scending component is connected with the decay of the D+•QB-• state. EPR technique was also
used to study light-induced alteration of low-temperature interprotein electron transfer
between PS 1 and flavodoxin [142] utilizing the fact that deuteration of flavodoxin enables the
signals of the reduced flavin acceptor and oxidized primary donor, P700+, to be well-resolved
at X- and D-band EPR. While in dark-adapted samples photoinitiated interprotein electron
transfer does not occur at 5 K, for samples prepared in dim light significant interprotein
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TyrZ and P680+ becomes inhibited. This damaging mechanism is very similar to that induced
by the shorter wavelength UV-B (280-320 nm) radiation, but different from that induced by
the longer wavelength photosynthetically active light (400-700 nm) [7].
Strong UV-A light from a laser inactivated the oxygen-evolving machinery and the photo‐
chemical reaction centre of PS 2. The release of Mn2+ ions from PS 2 during incubation of
thylakoid membranes in very strong UV-A light was documented by recording of EPR spectra
of Mn2+ ions in thylakoid membranes from Synechocystis cells [9].
Pospisil et al. [134] indicated that •OH is produced on the electron acceptor side of PS 2 by two
different routes: i) O2–•, which is generated by oxygen reduction on the acceptor side of PS 2,
interacts with a PS 2 metal centre, probably the non-heme iron, to form an iron-peroxide species
that is further reduced to •OH by an electron from PS 2, presumably via QA–•; ii) O2–• dismutates
to form free H2O2 that is then reduced to •OH via the Fenton reaction in the presence of metal
ions, the most likely being Mn2+ and Fe2+ released from photodamaged PS 2. H2O2 causes
extraction of manganese from OEC, inhibits its activity and photosynthetic electron transfer,
and leads to the destruction of the photosynthetic apparatus. EPR spectroscopy documented
an increase in the level of P700 photooxidation, an decrease of the rate of its subsequent
reduction in the dark and an increase of free Mn2+ ions after addition of H2O2 [135].
Figure 9. EPR detection of singlet oxygen trapped by TEMP (2,2,6,6-tetramethylpiperidine) (A), and hydroxyl radicals
trapped by DMPO (5,5-dimethyl-pyrroline N-oxide) (B) in thylakoid membranes exposed to the light. Source: [133].
Photosynthesis264
The other concept of the monitoring of detrimental action of strong light or other unfavoura‐
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bate (MDA). Oxygen is a natural electron acceptor in the PET chain, during which the superoxide
anion radical (O2–•) is formed in the thylakoids. O2–• is reduced to H2O2 by CuZn superoxid
dismutase (SOD). During the reduction of H2O2 by ascorbate peroxidase, MDA is formed, which
is detectable by EPR in photoactive conditions. Plants, which are exposed to an excess of
radiation, cannot completely utilize it in photosynthesis. This excess radiation can exhibit a
damaging effect on photosynthetic apparatus. Leaves are equipped with several protective
mechanisms involved in preventing oxidative and photoinhibitory damage. The resulting
negative effects on plants depend on the capacity of cellular systems to scavenge ROS and to
prevent or to repair harmful effects of light on the PET components. MDA is a long lasting anion
radical, it can be detected by EPR spectroscopy at room temperature and serves as an endoge‐
nous probe for oxidative stress. Under optimal conditions the concentration of MDA in the
leaves is too low to be detected in the light or darkness. Under environmental stress when the
rate of oxygen activated species surpasses the MDA reducing capacity, MDA can be detected
by EPR, as was the case in leaves treated with paraquat or aminotriazole (Fig. 10). In illuminat‐
ed leaves paraquat is photoreduced to the paraquat radical that rapidly reacts with O2 to O2–•,
O2–• is disprotonated to H2O2 by SOD at the site of its production, leading to an increase of H2O2
level in the chloroplasts. Scavenging of H2O2 gives rise to MDA signal that is light dependent
[136].  Impact  of  air  pollutants,  chemicals,  herbicides,  photooxidants  and  unfavourable
environmental conditions like drought, high temperatures and even mechanically induced
injuries lead to increase of the MDA concentration which can be monitored by EPR spectrosco‐
py. Thus, by simple measurements a proof of oxidative stress can easily be performed. Therefore,
the MDA EPR signals can be used as a general marker of stress situations [137]. Light-induced
MDA radical production was not detectable by EPR spectroscopy in untreated broad bean
leaves, but it was observed after exposing the leaves to UV-B irradiation. After this pre-
treatment, a low level of MDA radicals was also detectable without illumination [138].
However, we would like to note that beside of investigations focused on the effects of strong
visible light and UV irradiation on photosynthesizing organisms, effects of low light on plants
were investigated as well. In these experiments mainly chlorophyll fluorescence characteristics
were estimated [139,140], however there are some papers in which the use of EPR technique
is reported. Paddock et al. [141] investigated reaction centres from Rhodobacter sphaeroides by
EPR at high and low light intensities. They found that decay kinetics of EPR signal after switch
off light exhibited two phases. The fast decay with a time constant τ = 30 ms belongs to the
decay of D+•QA-• → DQA, where D is the reaction centre in Rhodobacter sphaeroides. Slow phase
had a longer time constant τ = 6 s. However, when the sample was illuminated at lower light
intensity, the relative amplitude of the slow phase was larger indicating that the slow de‐
scending component is connected with the decay of the D+•QB-• state. EPR technique was also
used to study light-induced alteration of low-temperature interprotein electron transfer
between PS 1 and flavodoxin [142] utilizing the fact that deuteration of flavodoxin enables the
signals of the reduced flavin acceptor and oxidized primary donor, P700+, to be well-resolved
at X- and D-band EPR. While in dark-adapted samples photoinitiated interprotein electron
transfer does not occur at 5 K, for samples prepared in dim light significant interprotein
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electron transfer occurred at this temperature and a concomitant loss of the spin-correlated
radical pair P700+A1A− signal was observed. This indicated a light-induced reorientation of
flavodoxin in the PS 1 docking site that allows high quantum yield efficiency for the interpro‐
tein electron transfer reaction.
9. Study of photosynthesizing organisms exposed to drought and chilling
stress
9.1. Drought
Water deficits cause a reduction in the rate of photosynthesis. Limitation of carbon dioxide
fixation results in exposure of chloroplasts to excess excitation energy. When carbon dioxide
fixation is limited by water deficit, the rate of active oxygen formation increases in chloroplasts
as excess excitation energy, not dissipated by the photoprotective mechanisms, is used to form
superoxide and singlet oxygen which can be detected by EPR spectroscopy. Superoxide
formation leads to changes suggestive of oxidative damage including lipid peroxidation and
a decrease in ascorbate level [143].
Figure 10. EPR spectra of MDA in Vicia faba leaves treated with paraquat (A) or aminotriazole (B). The irradiance was
1000 W m–2. Numbers in A and B mark the time in light when EPR spectra were recorded. Source: [136].
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Elevated levels of free radicals were detected in leaves of drought-stressed barley plants during
and after release of drought stress compared with those seen in the controls. However, they
returned rapidly to the control levels after release of the stress. On the other hand, a sizeable
increase in the level of a mononuclear Fe(III) complex was seen in the droughted samples
(compared with the levels in the watered controls), and these elevated levels remained after
release of the stress [144].
EPR quantification of superoxide radicals revealed that drought acclimation treatment led to
2-fold increase in superoxide radical accumulation in leaf and roots of wheat (Triticum
aestivum) cv. C306 with no apparent membrane damage. However, under subsequent severe
water stress condition, the leaf and roots of non-acclimated plants accumulated significantly
higher amount of superoxide radicals and showed higher membrane damage than that of
acclimated plants indicating that acclimation-induced restriction of superoxide radical
accumulation is one of the cellular processes that confers enhanced water stress tolerance to
the acclimated wheat seedlings [145].
When germinating Zea mays L. seeds were rapidly desiccated, free radical-mediated lipid
peroxidation  and  phospholipid  deesterification  was  accompanied  by  a  desiccation-in‐
duced generation of  a  stable  free radical  associated with rapid loss  of  desiccation toler‐
ance, which was detected by EPR spectroscopy. At the subcellular level,  the radical was
associated  with  the  hydrophilic  fraction  resulting  from  lipid  extraction.  Modulation  of
respiration using a range of inhibitors resulted in broadly similar modulation of the build-
up of the stable free radical [146].
EPR measurements showed that also microsomes isolated from wheat leaves exposed to
drought, and from leaves exposed to drought followed by watering, generated significantly
higher amount of hydroxyl radical as compared to microsomes isolated from control leaves,
suggesting higher production of •OH in the cellular water-soluble phase after drought and
watering, as compared to control values. Lipid radicals combined with the spin trap α-(4-
pyridyl-1-oxide)-N-tert-butylnitrone (4-POBN) resulted in adducts that gave a characteristic
EPR spectrum with hyperfine coupling constants of aN = 1.58 mT and aH = 0.26 mT but no
significant effect on lipid radical content was measured after drought and drought followed
by watering, as compared to controls [147].
The values of signal II for drought-stressed Sorghum bicolor and Pennisetum glaucum plants were
found to be lower by 3 to 9%, similar to non-drought-stressed plants after light stress. However,
after a combination of light and drought stress, signal II was decreased by 11 to 32%, indicating
that the donor side of PS 2 is also affected by drought stress and high irradiance [148].
9.2. Chilling
At chilling temperature and low light intensity PS 1 is selectively inhibited while PS 2 remains
practically unchanged [149]. The activity of PS 1 in cucumber leaves was selectively inhibited
by weak illumination at chilling temperatures with almost no loss of P700 content and PS 2
activity. The sites of inactivation in the reducing side of PS 1 were determined by EPR and
flash photolysis. EPR measurements showed the destruction of iron-sulphur centres, Fx, FA
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electron transfer occurred at this temperature and a concomitant loss of the spin-correlated
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fixation is limited by water deficit, the rate of active oxygen formation increases in chloroplasts
as excess excitation energy, not dissipated by the photoprotective mechanisms, is used to form
superoxide and singlet oxygen which can be detected by EPR spectroscopy. Superoxide
formation leads to changes suggestive of oxidative damage including lipid peroxidation and
a decrease in ascorbate level [143].
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up of the stable free radical [146].
EPR measurements showed that also microsomes isolated from wheat leaves exposed to
drought, and from leaves exposed to drought followed by watering, generated significantly
higher amount of hydroxyl radical as compared to microsomes isolated from control leaves,
suggesting higher production of •OH in the cellular water-soluble phase after drought and
watering, as compared to control values. Lipid radicals combined with the spin trap α-(4-
pyridyl-1-oxide)-N-tert-butylnitrone (4-POBN) resulted in adducts that gave a characteristic
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found to be lower by 3 to 9%, similar to non-drought-stressed plants after light stress. However,
after a combination of light and drought stress, signal II was decreased by 11 to 32%, indicating
that the donor side of PS 2 is also affected by drought stress and high irradiance [148].
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At chilling temperature and low light intensity PS 1 is selectively inhibited while PS 2 remains
practically unchanged [149]. The activity of PS 1 in cucumber leaves was selectively inhibited
by weak illumination at chilling temperatures with almost no loss of P700 content and PS 2
activity. The sites of inactivation in the reducing side of PS 1 were determined by EPR and
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and FB, in parallel with the loss of quantum yield of electron transfer from diaminodurene to
NADP+ [45].
EPR spectra of stearic acid spin labels incorporated into spinach thylakoids can be used to
monitor membrane changes during freezing and changes in the EPR parameters can be directly
correlated to the extent of functional freeze damage. Jensen et al. [4] used stearic acid spin
labels to study the effect of freeze damage to thylakoid membranes microviscosity. They
determined changes in EPR parameters either as a function of temperature or during freezing
at −15 °C as a function of time and found that an empirical parameter h+/h0 (ratio of height of
a low field line component h+ over height of the central line h0) proved to be very sensitive to
minute changes in membrane structure. The observed changes in line shapes were interpreted
as an increase in mobility and/or orientation of the lipids following the swelling of thylakoids,
however, they did not indicate a disorganization of the lipid phase. Freeze-induced changes
in the EPR parameters were found to be strongly dependent on the osmotic conditions of the
incubation medium and they were similar to changes observed by transferring thylakoids from
an isotonic to a hypotonic medium, i.e., by swelling osmotically flattened thylakoids [150].
Broadening of the EPR signals of 16-doxyl stearic acid in chloroplast membranes of frost-
sensitive needles of Pinus sylvestris L. and changes in the amplitudes of the peaks were
observed upon a decrease in temperature from +30 °C to −10 °C, indicating a drastic loss in
rotational mobility. The EPR spectrum of thylakoids from frost-tolerant needles at −10 °C was
typical of a spin label in highly fluid surroundings. However, an additional peak in the low-
field range appeared in the subzero temperature range for the chloroplast membranes of frost-
sensitive needles, which represents spin-label molecules in a motionally restricted
surrounding. The domains with restricted mobility could be attributed to protein-lipid
interactions in the membranes [151].
EPR study of phospholipid multibilayers, obtained from two cultivars of thermally acclimated
wheat of different frost revealed two breaks in the motion of the spin-labelled fatty acid 2-(14-
carboxyte-tradecyl)-2-ethyl-4,4-dimethyl-3-oxazolidinyloxyl, for both cultivars (+3 °C, –17 °C
and +5 °C, –18 °C, respectively) when grown at 22 °C. Exposure of the resistant cultivar to cold
(+2 °C) resulted in the shift of the onset of the apparent phase-separation temperature from +3
°C to –16 °C. However, the sensitive cultivar was unable to do so [152].
Intact tissues and microsome preparations from root tips of coffee seedlings subjected for 6
days to temperatures of 10, 15, 20 and 25 oC in darkness were investigated by EPR using fatty
acid spin probes 5-, 12- and 16-doxylstearic acid. It was found that at the depth of the 5th and
16th carbon atom of the alkyl chains the nitroxide radical detected more rigid membranes in
seedlings subjected to 10 oC compared with 15 and 25 oC. Membrane rigidity induced by
chilling was interpreted as due to lipid peroxidation that could have been facilitated by higher
density of peroxidizable chains below the membrane phase transition. At the C-12 position of
the chains the probe showed very restricted motion and was insensitive to chilling induced
membrane alterations [153].
Incubation at 5 °C and a moderate photon flux density (PFD) decreased the rate of O2–•
production by 40% and 15% in thylakoids from Spinacia oleracea L. and 20 °C grown Nerium
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oleander L. (chilling-insensitive plants), but increased the rate by 56% and 5% in thylakoids
from Cucumis sativus L. and 45 °C grown N. oleander (chilling-sensitive plants). The rate of
O2–∙  production increased in thylakoids when the rate of electron transfer to NADP was
reduced what could explain differences in the susceptibility of  thylakoids from chilling-
sensitive and chilling-insensitive plants to chilling at a moderate PFD, and is consistent with
the  proposal  that  O2–∙  production  is  involved  in  the  injury  leading  to  the  inhibition  of
photosynthesis induced under these conditions [154].
10. Other potential uses of EPR in photosynthesis
10.1. Oxymetry
Oxygen concentration in thylakoids can be monitored by EPR using some spin probes
(nitroxide probes, phtalocyanine, etc.). Determination of oxygen concentration is based on
physical phenomenon of an oxygen-induced line broadening in the EPR spectrum of selected
stable free radicals due to their collisions with molecular oxygen. EPR oxymetry offers high
sensitivity (typically 10-12 mol dm–3 at 100 μmol dm–3 nitroxide during 1 s), small sample volume
and permits monitoring of time-resolved changes in oxygen concentration on millisecond
time-scale [155-157].
10.2. Measurements of pH in thylakoids
There are two most frequently used EPR methods for ΔpH measurements in chloroplasts. They
are based on pH-indicating spin probes. The first method consists in the calculation of Δ pH
from the partitioning of permeable amine spin probes (usually TEMPAMINE; 2,2,6,6-tetra‐
methylpiperidine-N-oxyl-4-amine) between the thylakoid lumen and the suspending medi‐
um. By addition of a membrane-impermeable paramagnetic compound, chromium oxalate
(which broadens the EPR signal from TEMPAMINE in the external medium), into chloroplast
suspension, the probe molecules occurring outside and inside of the thylakoid can be visual‐
ized. The second method is based on the measurement of EPR spectra of pH-sensitive spin
probes (imidazoline nitroxide radicals) loaded into the vesicles [158].
11. Conclusion
Electron paramagnetic resonance (EPR) spectroscopy is a useful method to study photosyn‐
thetic processes because it can monitor the presence of compounds with unpaired spins in the
photosynthetic apparatus. Intermediate compounds with unpaired spins are formed directly
in photosynthetic apparatus during photosynthetic electron transport in light reactions of
photosynthesis and more than 20 different EPR signals covering all electron transfer compo‐
nents can be observed. Moreover, the formation of reactive oxygen species (ROS) during
photosynthetic processes in plant chloroplasts can be recorded by EPR spectroscopy as well.
This method enables to study the effects of various abiotic stresses (e.g. gaseous pollutants
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and FB, in parallel with the loss of quantum yield of electron transfer from diaminodurene to
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determined changes in EPR parameters either as a function of temperature or during freezing
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production by 40% and 15% in thylakoids from Spinacia oleracea L. and 20 °C grown Nerium
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oleander L. (chilling-insensitive plants), but increased the rate by 56% and 5% in thylakoids
from Cucumis sativus L. and 45 °C grown N. oleander (chilling-sensitive plants). The rate of
O2–∙  production increased in thylakoids when the rate of electron transfer to NADP was
reduced what could explain differences in the susceptibility of  thylakoids from chilling-
sensitive and chilling-insensitive plants to chilling at a moderate PFD, and is consistent with
the  proposal  that  O2–∙  production  is  involved  in  the  injury  leading  to  the  inhibition  of
photosynthesis induced under these conditions [154].
10. Other potential uses of EPR in photosynthesis
10.1. Oxymetry
Oxygen concentration in thylakoids can be monitored by EPR using some spin probes
(nitroxide probes, phtalocyanine, etc.). Determination of oxygen concentration is based on
physical phenomenon of an oxygen-induced line broadening in the EPR spectrum of selected
stable free radicals due to their collisions with molecular oxygen. EPR oxymetry offers high
sensitivity (typically 10-12 mol dm–3 at 100 μmol dm–3 nitroxide during 1 s), small sample volume
and permits monitoring of time-resolved changes in oxygen concentration on millisecond
time-scale [155-157].
10.2. Measurements of pH in thylakoids
There are two most frequently used EPR methods for ΔpH measurements in chloroplasts. They
are based on pH-indicating spin probes. The first method consists in the calculation of Δ pH
from the partitioning of permeable amine spin probes (usually TEMPAMINE; 2,2,6,6-tetra‐
methylpiperidine-N-oxyl-4-amine) between the thylakoid lumen and the suspending medi‐
um. By addition of a membrane-impermeable paramagnetic compound, chromium oxalate
(which broadens the EPR signal from TEMPAMINE in the external medium), into chloroplast
suspension, the probe molecules occurring outside and inside of the thylakoid can be visual‐
ized. The second method is based on the measurement of EPR spectra of pH-sensitive spin
probes (imidazoline nitroxide radicals) loaded into the vesicles [158].
11. Conclusion
Electron paramagnetic resonance (EPR) spectroscopy is a useful method to study photosyn‐
thetic processes because it can monitor the presence of compounds with unpaired spins in the
photosynthetic apparatus. Intermediate compounds with unpaired spins are formed directly
in photosynthetic apparatus during photosynthetic electron transport in light reactions of
photosynthesis and more than 20 different EPR signals covering all electron transfer compo‐
nents can be observed. Moreover, the formation of reactive oxygen species (ROS) during
photosynthetic processes in plant chloroplasts can be recorded by EPR spectroscopy as well.
This method enables to study the effects of various abiotic stresses (e.g. gaseous pollutants
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such as ozone and SO2, heavy metals, herbicides, heat, cold, salt, drought, excess of the light
as well as UV-A and UV-B radiation and dim light) on photosynthetic apparatus. The forma‐
tion of complexes between toxic metal ions and photosynthetic proteins as well as excessive
formation of ROS caused by various abiotic stress factors can also be monitored by EPR
spectroscopy. Moreover, EPR spin probe technique is suitable to study changes in the ar‐
rangement and viscosity of photosynthetic membranes in the presence of an abiotic stressor.
EPR spectroscopy is a valuable tool to study photodynamic processes (short living radicals or
radical pairs, as well as kinetics of their creation or decay) in photosynthesis. Beside this, EPR
spin probe method can be used to determine the concentration of photosynthetically released
oxygen (EPR oxymetry) or to measure ΔpH in chloroplasts.
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The photoacoustic method allows direct determination of the energy-storage efficiency of
photosynthesis by relating the energy stored by it to the total light energy absorbed by the
plant material (Canaani et al., 1988; Malkin & Cahen, 1979; Malkin et al., 1990). These authors
applied the photoacoustic method to leaves in the gas phase, where brief pulses caused
concomitant pulses of oxygen that caused a pressure transient detected by a microphone. This
method is based on the conversion of absorbed light to heat. Depending on the efficiency of
the photosynthetic system, a variable fraction of the absorbed light energy is stored, thereby
affecting the heat evolved and the resulting photoacoustic signal. The higher the photosyn‐
thetic efficiency, the greater will be the difference between the stored energy with and without
ongoing photosynthesis (Cha & Mauzerall, 1992). These authors collected microalgal cells onto
a filter and studied them by an approach similar to that previously used with leaves. In both
cases, the oxygen signal is combined with that of thermal expansion resulting from conversion
of the fraction of the light energy in the pulse that is not stored by photochemistry.
In the case of liquid algal cultures, there is no signal due to photosynthetic oxygen evolution
as gas; hence, the signal detectable by an immersed microphone is proportional to the heat
generated by a laser pulse. The light absorbed by the photosynthetic pigments in the algal cells
is, in part, stored by photochemistry as products of photosynthesis, while the remainder is
converted to heat, causing an expansion of the culture medium. This expansion causes a
pressure wave that propagates through the culture and is sensed by the hydrophone. By
exposing the cells to continuous saturating background light, no storage of any of the pulse
energy can take place, whereas in the absence of such light, a maximal fraction of the pulse
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energy is stored by photosynthesis. Thus, the maximal photosynthetic storage efficiency,
PSmax, is determined from the difference between the signal obtained from a weak laser pulse
under strong, continuous illumination (PAsat) and that obtained in the dark (PAdark). The
above is then divided by PAsat.
( )PS max = PAsat – PAdark /PAsat (1)
[For development of equations, see Cha and Mauzerall (1992)].
The experimental setup is shown schematically in Figure 1. The sample was placed in a sample
cell. The beam of the brief laser pulse (5ns) is incident upon the suspension of algae, whose
pigments absorb part of the laser light (Fig. 2). Depending on the experimental conditions, a
variable fraction of the absorbed light pulse is stored in the products of photosynthesis. The
remainder of the absorbed light is converted to heat, which causes a transient expansion of the
surrounding water, producing an acoustic wave. This is intercepted by a submerged micro‐
phone containing a pressure-sensing ceramic disc.
Figure 1. The photoacoustic setup.
A small portion of the laser pulse is used to trigger the Tektronix TDS 430A oscilloscope, where
the amplified (Amptek A-250 Preamp and Stanford Research 560 Amp) photoacoustic signal
is recorded (computer). An amount of 10 μs of the time scale was found by us as the optimal
duration for quantification of the signal, beyond which the signal to noise ratio deteriorates.
This time frame allowed us to fire the laser at 10 hz, thus averaging 128-256 pulses.
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2. Quantification of biomass
Biomass detection by photoacoustics is based on the proportionality of the absorbed light
to the amount of pigment (Dubinsky et al., 1998; Mauzerall et al., 1998). At high energies,
the  pulse  saturates  photosynthesis,  and the  photosynthetically  stored energy becomes a
negligible fraction of the absorbed energy. Under these conditions, the photoacoustic sig‐
nal was proportional to the concentration of chlorophyll  over the range of 14 mg to 8.5
μg chl a m -3  (Fig.  2)  (Dubinsky et  al.,  1998;  Mauzerall  et  al.,  1998).  Figure 3 shows the
photoacoustic signal of a Porphyridium cruentum suspension and the same cells diluted 1:1
with medium (Mauzerall et al., 1998). The advantages of photoacoustics are the strict and
exclusive proportionality to  the light  absorbed by the sample and the ease of  obtaining
photosynthetic efficiency.
Figure 2. The photoacoustic signal vs Chl a content in 3-fold serially diluted laboratory cultures of three organisms
(log10 scale: red circles – Porphyridium cruentum; blue circles – Synechococcus leopoliensis; green circles – Chlorella vul‐
garis. For biomass determination, the light pulse was 430 μJ at 532 nm [according to Mauzerall et al. (1998)]. The laser
used was at 532 nm.
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3. Energy storage in photosynthesis
In a photosynthetic system at a given constant light intensity, a fraction of the reaction centers
is closed at any time and only part of the light energy is stored (Dubinsky et al., 1998; Mauzerall
et al., 1998). Figure 4 shows the photoacoustic signal in the dark (broken line) and saturating
light conditions in a suspension of Porphyridium cruentum. With no background light (“in the
dark”), all reactions are open and the very weak probe pulse causes no saturation, resulting
in maximal photosynthesis and minimal heat release (Fig. 4) (Mauzerall et al., 1998).
Figure 3. Photoacoustic-signal dependence on concentration of Phorphyridium cruentum in suspension. Dotted line is
the signal from the (non-absorbing) medium. Red line is for ~0.5 μg/cm3 Chl a and purple is for 1:1 dilution of that
solution [according to Mauzerall et al. (1998)].
By increasing the continuous background light intensity from zero to saturation of photosyn‐
thesis, an increasing fraction of the reaction centers is closed at any time, and a decreasing
fraction of the probe laser pulse energy is stored. A corresponding increase in the fraction of
the pulse energy in converted into heat and sensed by the photoacoustic detector. When all
reaction centers are saturated, all the probe pulse energy is converted into heat (Fig. 4).
4. Demonstration of applications
We were able to follow the effects of the key environmental parameter, nutrient status, on the
photosynthetic activity of phytoplankton and macroalgae. The nutrients examined were iron
(Pinchasov et al., 2005), nitrogen, and phosphorus (Pinchasov-Grinblat et al., 2012).
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5. Iron limitation
Three algal species, the diatom Phaeodactylum tricornutum, a green alga Nannochloropsis sp.,
and the golden-brown flagellate Isochrysis galbana, were cultured in iron-replete media
(artificial seawater medium Guillard’s F/2) and grown at 24 ºC under white fluorescent lights
at ~220 μE m–2 s–1 PAR. These samples were subsequently transferred to the experimental
media containing 0.00, 0.03, 0.09, 0.18, and 0.6 mg L–1 iron.
Each culture was diluted in the corresponding medium to chlorophyll a concentrations of 5.65
0.1 ± μg ml-1 in order to obtain similar absorptivity (Pinchasov et al., 2005).
The photoacoustic experiments were conducted after two weeks in these media. As the iron
was progressively depleted, the ability of the three species to store energy decreased (Fig. 5).
As seen in Figure 5, all three algal species showed a sharp decrease in efficiency.
6. Photoacclimation
Three  species  of  marine  phytoplankton,  Phaeodactylum  tricornutum,  Nannochloropsis  sp.,
and Isochrysis galbana, were studied. All cultures were grown in 250-mL Erlenmeyer flasks
containing 200 mL enriched artificial seawater medium (Guillard’s F/2) at 24 ± 0.5 °C, un‐
der white fluorescent lights at ~10 μmol q m-2 s-1 [low light (LL)] and ~500 μmol q m-2 s-1
[high light (HL)].
Figure 4. Photoacoustic signal from a Phorphyridium cruentum suspension with and without saturating background
light (Mauzerall et al., 1998). The area between the curves is proportional to the fraction of the pulse energy stored by
photosynthesis.
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Figure 5. The effect of different iron concentrations on the relative photosynthetic efficiency in the three algae, Nan‐
nochloropsis sp., Phaeodactylum tricornutum, and Isocrysis galbana. For each species, the photosynthetic efficiency of
the nutrient-replete control was taken as 100%. Controls (clear columns) were grown in iron-replete media contains
0.6 mgL–1. The iron concentration in the iron-limited cultures (hatched columns) was 0 mg L–1, 0.03 mg L–1, 0.09 mg L–1,
and 0.18 mg L–1 (Pinchasov et al., 2005).
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In these experiments, the photoacclimation of the three algal species, Phaeodactylum tricornu‐
tum, Nannochloropsis sp., and Isochrysis galbana, to low and high photon irradiances, was
examined (Pinchasov-Grinblat et al., 2011). In general, photoacclimation to low light, results
in increased cellular absorption due to a high concentration of light-harvesting pigments. In
the numerous studies on the mechanism of photoacclimation in phytoplankton, a common
trend of increase in chlorophyll and in thylakoid area as growth irradiance decreases
(Dubinsky et al., 1986; Falkowski et al., 1986), was found. In addition to the changes in cellular
chlorophyll, most other plant pigments also respond to ambient irradiance. All light-harvest‐
ing pigments increase under low light. These include the carotenoids fucoxantin and peridinin,
in addition to all chlorophylls, phycoerythrin, and phycocyanin. The decrease of chlorophyll
concentration under high-light growth conditions resulted in a parallel reduction in photo‐
synthetic energy storage efficiency, as seen in Figure 6. All three species showed a decrease in
efficiency for high-light acclimated algae compared to low-light grown conspecifics: by ~53%
in Isochrysis galbana, and 33% and 31% in Phaeodactylum tricornutum and Nannochloropsis sp.,
respectively.
7. Lead exposure
In our experiments, the exposure of the cyanobacterium S. leopoliensis to different concentra‐
tions of lead resulted in major changes in photosynthesis (Pinchasov et al., 2006). Figure 7
shows the changes in photosynthetic efficiency following lead application. The reduction of
photosynthesis reached ~50% and ~80% with 25 ppm and 200 ppm, respectively. Most of the
decrease seen after the first 24 h already took place in the first 40 min.
With an increasing lead concentration and duration of exposure, the inhibition of photosyn‐
thesis increases. Since the photoacoustic method yields photosynthetic energy storage
efficiency, the results are independent of chlorophyll concentration, which means that the
observed decrease in efficiency is not due to the death of a fraction of the population, but rather
due to the impairment of photosynthetic function in all cells, possibly due to the progressive
inactivation of an increasing fraction of the photosynthetic units.
8. The effect of nutrient enrichment on seaweeds
Samples of the macroalga Ulva rigida were collected from the intertidal abrasion platforms in
the Israeli Mediterranean during spring 2010. All samples were kept at 22 ± 0.1 oC in 100 mL
Erlenmeyer flasks during 192 h under continuous irradiance at ~200 ± 5.0 μI m-2 s-1.
The samples were exposed to 3 treatments: nitrogen (added as NaNO3 at a concentration of
3.25 gL-1), phosphorus (added as NaH2PO4 at a concentration of 0.025 gL-1), and nitrogen and
phosphorus together. Controls were kept in unenriched seawater.
Nutrient limitation, on the one hand, and anthropogenic eutrophication, on the other, are
among the most important factors determining the overall ecological status of water bodies.
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In general in all samples, photosynthetic efficiency and chlorophyll concentration (photoa‐
coustic signal) decreased with time.
As is evident from Figure 8, macroalgae rapidly exhausted nutrients in the water, and within
190 h, the controls declined to approximately ~50% of the initial values in U. rigida. The addition
of nutrients slowed down, but did not prevent, such decline (~20 % in U. rigida, Fig. 8).
Figure 6. The effect of photoacclimation to high light (500 μmole qm-2 s-1) and low light (10 μmole qm-2 s-1) on photo‐
synthetic energy storage efficiency for the three algae [according to Pinchasov et al. (2011)].
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Figure 8. The effect of nutrient enrichment on photosynthetic efficiency of Ulva rigida, measured by photoacoustics
[according to Pinchasov-Grinblat et al. (2012)].
Figure 7. Relative photosynthetic efficiency following application of lead to Synecococcus leopoliensis [as per Pincha‐
sov et al. (2006)].
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190 h, the controls declined to approximately ~50% of the initial values in U. rigida. The addition
of nutrients slowed down, but did not prevent, such decline (~20 % in U. rigida, Fig. 8).
Figure 6. The effect of photoacclimation to high light (500 μmole qm-2 s-1) and low light (10 μmole qm-2 s-1) on photo‐
synthetic energy storage efficiency for the three algae [according to Pinchasov et al. (2011)].
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Figure 8. The effect of nutrient enrichment on photosynthetic efficiency of Ulva rigida, measured by photoacoustics
[according to Pinchasov-Grinblat et al. (2012)].
Figure 7. Relative photosynthetic efficiency following application of lead to Synecococcus leopoliensis [as per Pincha‐
sov et al. (2006)].
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Recently, Yan et al. (Yan et al., 2011), using a photoacoustic setup, measured thermal dissipa‐
tion and energy storage in the intact cells of wild type Chlamydomonas reinhardtii and mutants
lacking either PSI or PSII reaction centers. The photoacoustic signal from PSI-deficient mutants
with open reaction centers had a positive phase at 25 oC but a negative phase at 4 oC. In contrast,
PSII-deficient mutants showed large negative amplitude at 25 oC and an even larger effect at
4 oC. Kinetic analysis revealed that PSI and PSII reaction centers exhibit strikingly different
photoacoustic signals, where PSI is characterized by a strong electrostriction signal and a weak
thermal expansion component while PSII is characterized by a small electrostriction compo‐
nent and large thermal expansion (Yan et al., 2011).
9. Other applications
of photoacoustics
The thermal expansion of tissue, liquids, and gases due to light energy converted to heat,
is  termed the photothermal signal.  This is  always generated when photosynthetic  tissue
or cell is exposed to a light pulse, since plant tissue never absorbs all of the light stored
as products of the process. The unused fraction of the absorbed light energy is converted
to heat,  resulting in measurable transient  pressure (Cahen et  al.,  1980;  Malkin,  1996).  In
addition to this thermal expansion signal, when a leaf is illuminated by a pulse of light,
the  resulting photosynthetic  photolysis  of  water  causes  the  evolution of  a  burst  of  gas‐
eous oxygen. This process leads to an increase in pressure, a change which is readily de‐
tected by a microphone as the photobaric signal. For detailed definitions and description,
see review by Malkin (1996).
The  photoacoustic  technique  allows  an  investigation  of  energy  conversion  processes  by
photocalorimetry and direct measurement of the enthalpy change of photosynthetic reac‐
tions (Cahen & Garty, 1979; Malkin & Cahen, 1979). Oxygen evolution by leaf tissue can
be measured photoacoustically with a time resolution that is difficult to achieve by other
methods (Canaani et al., 1988; Cha & Mauzerall, 1992). A microphone can sense the pho‐
toacoustic waves via thermal expansion in the gas phase, thus allowing in-vivo measure‐
ments of  the photosynthetic  thermal  efficiency and the optical  cross  section of  the light
harvesting systems.  O2  evolution in  intact  undetached leaves  of  dark adapted seedlings
was  measured  during  photosynthesis  with  the  objective  to  detect  genetic  differences
among cultivars (da Silva et al., 1995).
The rapid response of the phytoplankton populations to changes in environmental factors,
such as temperature, light, nutrients, vertical mixing, and pollution, necessitates simple and
frequent measurements. The photoacoustic method provides unique capabilities for ecological
monitoring, photosynthesis research, and the optimization of algal mass cultures, such as those
designed for the production of biofuel, aquaculture feed, and fine chemicals.
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1. Introduction
Bioenergy is the chemical energy contained in organic materials that can be converted into
direct, useful energy sources via biological (including digestion of food), mechanical or
thermochemical processes [1]. Over the past 150 years, fossil fuel combustion provided the
energy for industrialisation and development of the modern economy. Around 1900, total
energy consumption by humanity was about 20 EJ yr-1 [exajoules (1018 J); see Appendix for list
of abbreviations and units], mainly supplied by wood [2]. By 2009, the world total primary
energy supply was about 510 EJ yr-1, or the equivalent of 12 150 million Mg of oil per year
(Mtoe yr-1), which was almost double that of the 6 111 Mtoe supply in 1973 (Figure 1) [3]. This
2009 value is equivalent to global energy consumption by humans of 16 TW (16 × 1012 W), and
global energy demand is projected to increase to 23 TW by 2030 [4]. In 2011, 87% of total energy
consumption was derived from fossil fuels, with only 8.5% from renewable energy sources [5].
Unfortunately, we are running out of fossil fuels, which originated from plant material
produced in ancient times, and combustion of these fossil fuels leads to emissions of CO2 and
the consequent global warming. Current proven reserves of oil would last only 50-55 years,
natural gas 60-65 years and coal 110-115 years at 2011 rates of consumption [5]. Although some
experts claim that peak oil will occur in about 20 years, others argue that the world is already
at peak oil production [6]. In either case, fossil fuels are created at a slower rate than they are
now being consumed and cannot be considered as the world’s main source of energy for more
than one or two more generations. This review gives an overview of the amount of energy that
can be harvested from the sun for contemporary biomass production, both for food and for
bioenergy.
© 2013 Tan and Amthor; licensee InTech. This is an open access article distributed under the terms of the
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unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.
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Figure 1. World total primary energy supply from 1971 to 2009 by fuel (Mtoe) [3] *Other includes geothermal, solar,
wind, heat, etc.
2. Photosynthesis as a source of food and bioenergy
Oxygenic photosynthesis occurs in cyanobacteria, algae and land plants and is summarised
by the equation:
2 2 2 2CO + H O + light energy  CH O  + Oé ùë û® (1)
where [CH2O] indicates a carbohydrate product of photosynthesis such as sucrose or starch.
Photosynthesis is the source of global food, feed, fibre and timber production as well as
biomass-based bioenergy. Each of these products of photosynthesis are renewable. Starch and
sucrose are the main products of photosynthesis and sucrose is the main form of carbon
translocated from leaves to other organs in plants.
The total energy from sunlight reaching the earth’s surface is about 101 000 TW[8] (nearly 3
000 000 EJ per year), about 6 000 times the 2011 annual global human primary energy con‐
sumption of 500 EJ [7]. However, solar energy is geographically diffuse and this makes the
efficiency of conversion of sunlight important to capture this energy in useful forms. Due to
the Carnot limit, the maximum theoretically possible conversion efficiency for sunlight into
electricity is 93% [8]. Photovoltaic cells have efficiencies around 15 – 20% for converting
sunlight into electricity, but are limited to a maximum conversion efficiency of ~30% due to
the Shockley-Queisser limit [9]. Actual solar energy conversion by photosynthesis and
subsequent plant growth (biomass production) is much lower at around 2 – 4% for productive
plant communities [10].
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3. Global primary production
Earth’s land plants assimilate about 10 Pmol of atmospheric CO2 each year, storing (at least
temporarily) nearly 5 000 EJ yr-1 in sucrose, starch and other carbohydrates. For marine
organisms the total may be 7-8 Pmol of CO2 yr-1. Those are values of gross primary production
(GPP) or total photosynthesis. Annual global net primary production (NPP), defined as GPP
minus the respiration of the photosynthetic organisms, may be nearly 5 Pmol C on land
(equivalent to as much as 2 000 EJ yr-1) and perhaps 4 Pmol C in the ocean [11]. NPP is critical
to present life on earth because it is the organic matter (and associated energy) potentially
available to all non-photosynthetic organisms for use in support of their growth, maintenance
and reproduction. NPP also contains the bioenergy potentially available to society.
Land plants may have an advantage over aquatic plants as they are able to photosynthesise
using leaves that can make use of the rapid diffusion of gases in air which is about 10 000 times
faster than that in water [12-14]. Thus, cyanobacteria and algae in water may need to be well
stirred to support rapid photosynthesis and growth [12]. Fortunately for oceanic photosyn‐
thesisers, surface waters are often vigorously mixed and where nutrients are available primary
production can proceed rapidly. Since oceanic NPP is dominated by phytoplankton, most of
the “plant” biomass there is photosynthetic as they do not have non-photosynthetic structures
such as roots and woody stems. Those oceanic primary producers represent only about 0.2%
of global (ocean + land) primary producer biomass due to rapid turnover time in the oceans
(average 2 to 6 days) compared to much slower turnover on land (average of about 20 years)
[11]. Large ocean area provides a significant potential for biomass production, though nutrients
are often limiting and harvesting oceanic biomass is difficult and challenging. Because of
relative ease of harvesting, and the longer life time of land plants, nearly all current bioenergy
harvesting is from terrestrial plants.
4. Converting solar energy to biomass
To describe the component processes associated with the use of solar energy to produce
biomass, Monteith’s equation [15] can be used:
  0.5   t i c pY S e e e= ´ ´ ´ ´ (2)
Where Y is biomass energy yield (J m-2 of ground); St (J m-2) is the total incident solar radiation
during the growing season; Ⅸi is light interception efficiency (fraction of incident radiation
absorbed by a plant’s photosynthetic apparatus, J J-1); Ⅸc is photosynthetic conversion efficien‐
cy, including metabolic costs of growing new biomass from products of photosynthesis (J J-1
in resulting biomass); and Ⅸp is partitioning efficiency or harvest index (J J-1).
Photosynthetically active radiation (PAR) is approximately confined to the 400-700 nm
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Thus, about half of the incident solar energy is unavailable to higher-plant photosynthesis,
which is accounted for in the coefficient 0.5 in the equation above (see Figure 3). In addition,
the fraction of solar radiation absorbed by plants or Ⅸi, depends on leaf area and orientation.
A full canopy can potentially absorb about 93% of incident PAR with perhaps 92% of that
absorption associated with chloroplasts [17]. Partitioning efficiency (Ⅸp) or harvest index is the
amount of total biomass energy partitioned into the harvested portion of the crop; for a biomass
crop that may approach 100%, but for a seed crop can be as low as 30%. The amount of energy
in a unit mass of plant material also varies, being about 17-18 MJ kg-1 for typical biomass, but
as much as 35-40 MJ kg-1 for oilseeds [17, 18]. During the Green Revolution, the dwarfing of
the crop-plant stem improved partitioning efficiency (Ⅸp) [19] and selection of larger-leaved
cultivars improved light interception efficiency (Ⅸi), but there has been little apparent im‐
provement in photosynthetic conversion efficiency (Ⅸc).
5. Potential and actual photosynthetic conversion efficiency
The observed minimum quantum requirement of 9-10 mol photons per mol CO2 assimliated
in C3 photosynthesis represents an absolute limit on biofuel production from sunlight, in spite
of claims for biomass production (usually by algal systems) that would correspond to signif‐
icantly smaller quantum requirements [20]. That range corresponds to C3 photosynthesis in
the absence of photorespiration, which in the current atmosphere increases minimum quan‐
tum requirement to about 14 mol mol-1. But due to light saturation, and other factors (below),
biomass production, especially over an annual cycle, cannot approach limits set solely by
minimum quantum requirements [17, 20].
The potential maximum efficiency of converting solar energy to biomass energy is estimated
at about 4.5% for algae [12, 20], 4.1-5.3% for C3 land plants and 5.1-6.0% for C4 land plants at
20-30˚C and present atmospheric [CO2] (see Figure 2) [10, 17]. C4 plants can be more efficient
than C3 plants because they are able to suppress photorespiration through a combination of
biochemical and anatomical innovations that arose relatively recently in plant evolution. These
innovations presumably were a response to declining global atmospheric [CO2] during the
past 100 million years.
Actual maximum conversion efficiency is generally lower than the calculated potential
efficiency at around 3.2% for algae [12], 2.4% and 3.7% for C3 and C4 crops [10], respectively,
across a full growing season (see Figure 3) due to insufficient capacity to utilise all radiation
incident on a leaf, and photoprotective mechanisms that impair efficiency. The actual photo‐
synthetic efficiency of mature C3 forest stands was also calculated to be between 2.2 to 3.5%
[21]. Of course, plants are self-regenerating and self-maintaining whereas photovoltaic cells
are not.
The low yields from biomass energy production are frustrating compared with photovoltaic
cells that have efficiencies of up to 20%, and this is due to the following limitations in plants
[10, 12, 17, 20, 22]:
1. Two photosystems (Photosystems I and II in series);
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2. Dependence on photons limited to the approximate waveband 400–700 nm;
3. Inherent inefficiences of enzymes and biochemical processes;
4. Light saturation under bright conditions and associated photoinhibition in Photosystem
II;
5. Respiration, an absolutely essential process for life and growth [23], which consumes
30-60% of the energy contained in the products of photosynthesis; and
6. Plants are living organisms that spend about half of each day in the dark, when they need
to use previously generated carbohydrate stores to keep themselves metabolically active
and growing.
Figure 2. Minimum energy losses associated with biomass production. Wedges show the percentage of energy from
solar radiation remaining (inside arrows) and percentage losses (at right) from an original 100% calculated for several
stages of photosynthetic and biosynthetic energy transduction from sunlight incident on a plant community to new
plant biomass [18]. This analysis indicates that a theoretical maximal photosynthetic energy conversion efficiency is
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Figure 3. estimates of (a) potential efficiency (theoretically maximal) and (b) actually efficiency for biomass production
of a healthy crop [17]. These results are still generally applicable.
The current bioenergy enterprises are focussing on C4 crops such as sugarcane, maize, sweet
sorghum, switchgrass and miscanthus presumably due to the higher energy conversion
efficiency. However, this advantage of C4 over C3 will disappear as atmospheric [CO2]
approaches 700 μL L-1.
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6. Improving energy conversion efficiency
Due to the apparently low actual energy conversion efficiency in whole-plant photosynthesis
(i.e., 2-4%), much discussion has focused on improving photosynthesis to improve crop yield
potential including [17, 18, 24, 25]:
1. Engineering C3 crops to use C4 photosynthesis. This would potentially suppress photo‐
respiration and increase net photosynthetic efficiency by as much as 50% and increase
both water and nitrogen use efficiencies [26, 27]. There is an ongoing ambitious research
program, led by the International Rice Research Institute (IRRI), to convert the normally
C3 rice to a C4 system by transforming rice to express Kranz anatomy and the C4 metabolic
enzymes [28].
2. Improving both rubisco‘s catalytic rate of carboxylation (kcat) and specificity for CO2
relative to O2 (τ). This would improve the efficiency of rubisco as a catalyst of CO2
assimilation [18, 24]. Unfortunately, τ and kcat are inversely related across many rubiscos
found in nature [29]. Another complication for engineering an improved rubisco is that it
is composed of eight large chloroplast-encoded subunits and eight small nuclear-encoded
subunits, and assembling modified subunits in chloroplasts remains a challenge [30].
3. Minimising, or truncating, the chlorophyll antenna size of chloroplast photosystems. This
would potentially improve solar conversion efficiency by up to 3-fold in high light, which
normally saturates photosynthesis [31]. Individual cells or chloroplasts would have a
reduced probability of absorbing sunlight, allowing greater transmission to leaves lower
in a canopy and a more uniform distribution of light across leaves within a canopy, hence
reducing dissipation and loss of “excess“ photons in non-photochemical quenching
(NPQ).
4. Improving the recovery rate from the photoprotected state. This would potentially
increase carbon uptake by crop canopies in the field [32]. The xanthophyll photoprotection
system protects plants from damage from absorption of excess light (the reduction of
photosynthesis by dissipation of photons by NPQ). High-yielding rice are reported to
recover more quickly from photoinhibition than traditional varieties [33].
7. C3 photosynthesis
C3 crops include wheat, rice, cotton, barley, soybean, bean, chickpea, algae, palm and peanut.
C3 photosynthesis of CO2 forming fructose 6-P can be summarised by:
26 CO + 18 ATP + 12 NADPH  fructose 6-P + 18 ADP + 17 Pi + 12 NADP® (3)
In principle, the ATP and NADPH required to assimilate one CO2 molecule can be produced
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1.75 MJ, and because about 0.47 MJ of energy per mol C is stored in carbohydrates, the potential
efficiency of converting absorbed PAR to biomass approaches 27% for C3 photosynthesis (or
about 13% for total solar radiation). That efficiency occurs only in low light, however; under
a bright sun, C3 photosynthesis becomes light-saturated. In addition, the process of photores‐
piration, which is relatively rapid in C3 plants, especially at higher temperature, is a significant
constraint on CO2 assimilation in C3 plants. As much as one third of the C assimilated in C3
photosynthesis can be almost immediately lost to photorespiration with present atmospheric
CO2 concentration (higher CO2 concentration not only stimulates photosynthesis, but inhibits
photorespiration). In sum, at about 20°C, the efficiency of converting absorbed PAR into
carbohydrate may be about 18% in C3 plants, accounting for photorespiration, but ignoring
light saturation. Moreover, that efficiency does not account for plant respiration, and some
respiration is essential for growth and maintenance processes.
8. C4 photosynthesis
C4 plants include maize, sugarcane, sorghum, millet, miscanthus and switchgrass. The C4
system involves the specialised metabolism and Kranz leaf anatomy to concentrate CO2 in the
bundle sheath cells. Normal C3 photosynthesis takes place in the bundle sheath cells in C4
plants, but because the CO2 concentration there is quite high, photorespiration is greatly
suppressed. The C4 cycle, which concentrates the CO2 in bundle sheath cells, requires two ATP
to assimilate a CO2 in the mesophyll, release it in the bundle sheath and regenerate the CO2
acceptor in the mesophyll. Some CO2 leakage from the bundle sheath is inevitable, and this
requires that the C4 cycle operates more quickly than the C3 cycle in C4 plants. Hence, C4
photosynthesis may require at least 2.2 ATP CO2-1 more than C3 photosynthesis, based on a
modest CO2 leak rate of 10% from bundle sheath cells [17]. In spite of the extra energy cost of
the C4 cycle, C4 photosynthesis responds better to bright sunlight and to higher temperatures
than C3 photosynthesis because of suppressed photorespiration. At cooler temperatures (e.g.,
10-15oC), however, C3 photosynthesis is superior because photorespiration operates slowly at
low temperature. In addition, many C4 plants are sensitive to low temperature. The C4 plant
miscanthus (Miscanthus × giganteus) is relatively tolerant of low temperature, and it may be a
good source of germplasm for improving the low temperature tolerance of other C4 plants [34].
In terms of efficiency, C4 photosynthesis might retain as much as 16-17% of the energy in
absorbed PAR in carbohydrate products, again before any required respiration and ignoring
light-saturation. That efficiency is relatively insensitive to temperature, at least over the normal
range experienced by typical C4 crops during daylight hours.
9. CAM photosynthesis
Commonly cultivated CAM (crassulacean acid metabolism) plants include agave (Agave spp.),
Opuntia (Opuntia spp.), pineapple (Ananas comosus), Aloe vera, and vanilla (Vanilla planifolia).
CAM plants are well adapted to arid and semi-arid habitats. They open their stomata at night
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and take up CO2 in the dark to form malic acid, which is then metabolised to release CO2 for
photosynthesis during the following day, but with their stomata closed [35, 36]. By closing the
stomata during the day, less water is lost, resulting in high water use efficiencies with a trade-
off of lower growth rates. CAM imposes an additional metabolic cost of ~10% compared with
the standard C3 pathway due to the transport of malic acid into the vacuole at night and
conversion of C3 residue back to the level of storage carbohydrate during the daytime [37].
CAM plants have been suggested to have potential for food, fibre and biofuel production in
dry marginal lands [38, 39].
10. World food energy demand
The energy contained in food consumed per person is only about 10 MJ day-1 (equivalent to 2
500 kcal per day, 10 000 Btu or 120 W) [40]. Hence, the food energy needed to feed the world’s
current seven billion persons is ~25 EJ yr-1, which is only about 5% of the world’s ~510 EJ of
annual energy consumption, but more than 10% of global land NPP. The world’s food
production system consumes about 95 EJ yr-1 and hence, it takes about 4 units of fossil energy
to produce 1 unit of food energy [41]. In the United States, the overall energy input/food output
ratio is even larger, around 7 to 1 [42]. Most of the energy consumption (~80%) occurs after the
farm gate, during transportation, processing and retail. Globally, one third of food, around 1.3
billion Mg, is discarded (including spoilage) each year, and a similar share of the total energy
inputs are embedded in these losses [41].
Global population is projected to increase to 9-10 billion within 40-50 years [43]. In developing
countries, food consumption per person is rising with increased consumption of animal
protein with the livestock revolution [44]. Average annual meat consumption is projected to
rise from 32 kg person-1 in 2011 to 52 kg person-1 by 2050 [45]. Grazing livestock already occupy
a quarter of the world’s land surface, and the production of livestock feed uses a third of arable
cropland [44]. With future increases in global population and per capita food consumption,
global food production will have to increase by as much as 70% to meet the increased demand
in 2050, an annual growth rate in food supply of 1.1% yr-1 [46]. In principle, this means that by
2050 the energy consumption for global food production may increase by 162 EJ yr-1 from
today’s 67 EJ yr-1 assuming the energy conversion efficiency remains constant.
In ancient civilisations, most of the energy used for farming was provided by animals and the
nutrients were derived from animal manure. During and after the Green Revolution, depend‐
ence on non-renewable fossil fuels resulted in a conversion of fossil energy into food energy,
but in an inefficient way. Agriculture uses about 4% of the global fossil fuel energy of which
50% is used for the production of nitrogen fertiliser from natural gas and atmospheric N2 using
the Haber-Bosch process [45] with a stoichiometry of about 60 MJ kg-1 N [47]. The dependency
of agriculture on fossil fuels has resulted in commodity (food) prices being closely linked with
global energy prices [48]. Hence, food prices tend to fluctuate and trend (upwards) in parallel
with energy prices. It is instructive to compare maize production in Mexico using human
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used in production of that crop with a return of less than 4 times for mechanised maize
production in the United States (Table 1). The U.S. crop was, however, more than nine times
as productive.







Groundnut Thailand Buffalo 1.28 8 048 20 892 2.60
Groundnut USA Mechanised 3.72 45 817 64 051 1.40
Maize Mexico Human 1.94 2 687 28 881 10.70
Maize Mexico Oxen 0.94 3 222 13 982 4.34
Maize USA Mechanised 8.66 33 961 130 396 3.84
Rice Borneo Human 2.02 4 327 30 626 7.08
Rice Philippiines Carabou 1.65 7 638 25 126 3.29
Rice Japan Mechanised 6.33 34 405 96 163 2.80
Rice USA Mechanised 7.37 49 542 110 995 2.24
Soybean USA Mechanised 2.67 12 609 40 197 3.19
Wheat USA Mechanised 2.67 17 740 35 354 2.13
Table 1. Energy use in grain and legume production [49].
In developing countries, populations tend to have a cereal-based diet and are effectively at a
lower trophic level in the food chain, while populations in developed countries tend to
consume more meat and operate at a higher trophic level. Production of livestock, on average,
may require 4 kg of wheat for the production of 1 kg of meat [40, 50]. Therefore, in developed
countries where 400 kg of cereal and 100 kg of meat are consumed per year, the total need for
food and feed is 800 kg of cereal per person per year [40]. Overfishing of the ocean predators
(e.g., killer whales, tuna, salmon) at high trophic levels has also led to the decline in ocean
fisheries yield [51]. It is important that cereal crops supply 70% of the calories consumed by
humans on the global scale with the remainder supplied by potatoes, beans and other crops,
with marine animals now contributing only 2% of the human food supply [52]. To increase the
energy efficiency of our primary food production system, we should focus on primary
production in agriculture (e.g., cereals) and aquaculture (e.g., algae, phytoplankton) rather
than secondary production (e.g., livestock, fish).
11. Biofuels
In addition to providing food and feed, plants are an important source of fuel. Indeed, biofuels
are not a new concept. In 300 B.C., the Syrian city of Antioch had public street lighting fuelled
by olive oil. More recently, the German inventor Rudolph Diesel demonstrated his engine that
ran on peanut oil at the 1900 World Fair in Paris. In simple terms, the nearly 5 000 EJ contained
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in annual global NPP is about 10 times current global energy demand (~ 510 EJ) [53]. That NPP,
however, includes vast amounts of biomass that cannot be physically or economically
harvested (including national parks). In 2009, biomass, including agricultural and forest
products and organic wastes and residues, accounted for nearly 10% of the world’s total
primary energy supply [3], with fraction less than 10% in developed countries, but as high as
20-30% in developing countries [1]. Replacing fossil fuels with renewable energy sources
derived from sunlight, such as solar, hydro or biomass is very challenging as these energy
sources have a lower energy density than fossil fuels and are generally more expensive [54].
In some developing countries, as much as 90% of total energy consumption is supplied by
biomass [54]. Solid biomass such as firewood, charcoal and animal dung represent up to 99%
of all biofuels [54].
Since the beginning of civilisation, humans have depended on biomass for cooking and
heating, and many developing countries in Asia and Africa are still dependent on traditional
sources of biomass. Liquid biofuels account for only 2% of total bioenergy, and they are mainly
significant in the transportation sector. Transportation accounts for 28% of global energy
consumption and 60% of global oil production, and liquid biofuels supplied only 1% of total
transport fuel consumption in 2009 [3]. The automative industry currently uses relatively
energy inefficient internal combustion engines to burn liquid fuels (e.g., gasoline and diesel).
Electric car motors have a 7.5 times higher energy efficiency than internal combustion engines,
but the lightness and compactness of liquid fuels still have a fifty-fold higher energy storage
than the best available batteries [1]. Hydrogen fuel cells may replace electric motors in the
future but this is still in the developmental phase. In the meantime, liquid biofuels are the
transition renewable alternative to fossil fuels. Globally, liquid biofuels can generally be
classified into three production sources; maize ethanol from the United States, sugarcane
ethanol from Brazil and rapeseed biodiesel from the European Union. In 2010, Brazil and the
United States produced 90% of the 86 billion L of global bioethanol and the European Union
produced 53% of the 19 billion L of global biodiesel [55]. For the rest of this chapter, we use
the term biofuels to refer to liquid biofuels. First generation biofuels refer to the traditional or
conventional supply chains based on food crops, whereas second generation biofuels require
more complex and expensive processes and are generally operating in pilot plants and not yet
widely available on the market.
12. First generation biofuels
The first generation of biofuels is produced from starches, sugars and oils of agricultural food
crops, including maize, sugarcane, rapeseed and soybean. Carbohydrates are fermented to
bioethanol, which is mixed with gasoline as a transporation fuel. Bioethanol, produced mainly
from sugarcane, replaced 40% of gasoline used in Brazil in 2008, with the introduction of flex-
fuel vehicles allowing high-blending of bioethanol with petrol (all petrol blends in Brazil
contain 25% bioethanol) [56]. In the United States, up to 40% of the maize crop was used for
bioethanol production in 2011. If all the main cereal and sugar crops (wheat, rice, maize,
sorghum, sugar cane, cassava and sugar beet) representing 42% of global cropland were to be
hypothetically converted to ethanol, this would correspond to only 57% of total petrol use in
2003 [57], and would leave no cereals or sugar for human consumption, although the reduced
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as productive.







Groundnut Thailand Buffalo 1.28 8 048 20 892 2.60
Groundnut USA Mechanised 3.72 45 817 64 051 1.40
Maize Mexico Human 1.94 2 687 28 881 10.70
Maize Mexico Oxen 0.94 3 222 13 982 4.34
Maize USA Mechanised 8.66 33 961 130 396 3.84
Rice Borneo Human 2.02 4 327 30 626 7.08
Rice Philippiines Carabou 1.65 7 638 25 126 3.29
Rice Japan Mechanised 6.33 34 405 96 163 2.80
Rice USA Mechanised 7.37 49 542 110 995 2.24
Soybean USA Mechanised 2.67 12 609 40 197 3.19
Wheat USA Mechanised 2.67 17 740 35 354 2.13
Table 1. Energy use in grain and legume production [49].
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in annual global NPP is about 10 times current global energy demand (~ 510 EJ) [53]. That NPP,
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bioethanol production in 2011. If all the main cereal and sugar crops (wheat, rice, maize,
sorghum, sugar cane, cassava and sugar beet) representing 42% of global cropland were to be
hypothetically converted to ethanol, this would correspond to only 57% of total petrol use in
2003 [57], and would leave no cereals or sugar for human consumption, although the reduced




free fatty acids, and/or phospholipids) are converted to biodiesels, potentially competing with
food and feed production from oilseed crops such as rapeseed (including canola) and soybean.
Biodiesel, a supplement or replacement to traditional diesel, is also produced from animal fats
(tallow).
13. Second generation and advanced biofuels
Due to food and energy security concerns, many countries are promoting bioenergy crops that
can be grown on land not suited for food production, so that the two systems are complemen‐
tary rather than competitive [58, 59]. Second generation biofuels refer to the range of feedstocks
(e.g., dedicated energy crops such as miscanthus, switchgrass, jatropha, pongamia, agave,
Indian mustard, sweet sorghum, algae, carbon waste), conversion technologies (e.g., fast
pyrolysis and supercritical water), and refining technologies (e.g., thermo-chemical Fischer-
Tropsch methods) used to convert biomass into useful fuels (Figure 4) [60]. There is a fine line
between a first and second generation biofuel. For example, sugarcane is a first generation
biofuel feedstock (sucrose) but co-generation for electricity using sugarcane residue (bagasse)
as a fuel is also possible, and sugarcane residues may serve as future feedstocks in second
generation ligno-cellulosic bioethanol production [61]. Ligno-cellulosic bioethanol is based on
the conversion of lignocellulosic compounds, made up of chains of about 10 000 glucose and
other small organic molecules, into sugars with sophisticated methods of acid or enzymatic
hydrolysis. Those sugars can then be converted to fuel using tradiational methods. This means
that non-food products such as cereal and wood residues can be converted to ethanol instead
of remaining as a waste by-product. These lignocellulosic residues are mainly cell walls that
make up 60-80% and 30-60% of the stems of woody and herbaceous plants, respectively, and
about 15-30% in their leaves, and consists of around 40-55% cellulose, 20-50% hemicelluloses
and 10-25% lignins [1]. There are a few examples of commercial ligno-cellulosic plants. For
example, Swiss company Clariant opened a ligno-cellulosic plant in Germany in 2012 that can
produce up to 1 000 Mg of cellulosic ethanol from 4 500 Mg of wheat straw [62]. Where lignin
cannot be converted to small sugars easily through biochemical processes, it can be burnt for
co-generation of bio-electricity.
Another potential bioethanol feedstock is agave (Agave spp.) which is adapted to semi-arid
land unsuitable for food production [63, 64]. Agaves are well-suited for biofuel production as
they can be grown in sandy soil with little or no irrigation and are less likely to be weedy.
Agave have above-ground productivities similar to that of the most efficient C3 and C4 crops
(25-38 Mg ha-1 yr-1 dry biomass), but with only 20% of the water required for cultivation [38].
Sisal (Agave sisalana) is mainly produced in east African countries of Kenya, and Tanzania, as
well as in Brazil, China and Madagascar. The sisal leaf contains about 4% by weight of
extractable hard fibre (vascular tissue), the remaining 96% being water and soluble sugars
which is disposed of during the decortication process into rivers and the sea, causing pollution,
eutrophication and water contamination [65]. Production of ethaonol and bioenergy from sisal
juice from the sisal leaves and stems is under pilot testing at the Institute for Production
Innovation at the Uninversity of Dar es Salaam and Aalborg University [65]. The first field
experiment of blue agave (Agave tequilana) as a biofuel crop was planted in 2009 in the Burdekin
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River Irrigation Area of Queensland, Australia [35]. Blue agave can acheive strong growth
rates by potentially switching from CAM to C3 photosynthesis if there is sufficient water
supply [66]. Approximately 0.6 Mha of arid land was used to grow sisal for coarse fibres (sisal)
but this has fallen out of production or abandoned due to competition with synthetic fibre [63].
In theory, this crop area (0.6 Mha) alone could provide 6.1 billion L of ethanol if agave were
re-established as a biofuel feedstock without causing indirect land use change [63].
In the meantime, new and novel feedstock conversion technologies are being developed such
as fast pyrolysis and supercritical water treatment that can now convert nearly any biomass
feedstock, such as wood residues, agricultural residues (e.g., wheat and maize stalks), woody
plants, and C4 grasses [e.g., switchgrass (Panicum virgatum), miscanthus and sweet sorghum]
into a green biocrude that can be processed into jet fuel, biodiesel, or bioethanol [60]. Hydrogen
(H2) is designated as a third generation biofuel, when it is produced from biomass by algae or
enzymes [1]. H2 is a fuel whose combustion produces only water, although future technological
breakthroughs are needed before H2 can be produced economically.
Figure 4. The advanced biofuels value chain [60]. *Conversion technologies include fast pyrolysis and supercritical wa‐
ter treatment that transform feedstock into “green crude“ which is similar to crude oil. ** Macroalgae are multicellular
organisms (seaweeds) with low lipid content but are high in carbohydrates. *** Supercritical water treatment is a ther‐
mochemical process which involves subjecting the biomass to controlled temperature and pressure conditions in the
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There is also a move to source oilseed from non-food dedicated energy crops grown on
marginal land. These crops might include jatropha (Jatropha curcas), pongamia (Millettia
pinnata), Indian mustard (Brassica juncea), and microalgae. The recent failure of jatropha as an
energy crop in India and other developing countries due to a lack of bioenergy policy high‐
lights the need for investment in research and policy development before starting on large-
scale investments [67]. Pongamia is a tropical tree legume (Fabaceae family) and is a native of
India and northern Australia. It has been used as a biofuel crop in India for some time, and is
well-suited to marginal land as it is regarded as both a saline- and drought-tolerant species.
The seeds contain about 40% extractable oil, predominantly in the form of triglycerides; is rich
in C18:1 fatty acid (oleic acid); and has relatively low amounts of palmitic and stearic acid,
making it useful for the manufacture of biodiesel [68]. In India, the de-oiled cake of pongamia
(i.e., the leftover component of seeds following solvent extraction, and containing up to 30%
protein) is used as a feed supplement for cattle, sheep, and poultry [69]. Opportunities exist
for a sustainable pongamia agroforestry program to supply biodiesel in northern Australia,
although substantial infrastructure investment in processing plants would be needed [59].
Indian mustard is another potential annual oilseed crop being developed in India and
Australia. It is drought-tolerant (annual rainfall 300-400 mm) and many varieties can express
greater osmotic adjustment than canola [70]. Indian mustard was up to 50% more productive
than canola under dry conditions, but not under normal rainfall conditions in northwest New
South Wales, Australia [71]. An Indian mustard breeding program for biodiesel production
was commenced in 2006 at the University of Sydney’s I.A. Watson Grains Research Centre at
Narrabri, Australia. Indian mustard is now part of a four year rotation at the Watson Centre.
Microalgae can be cultivated in open raceway ponds or closed photobioreactors, harvested,
extracted and then converted into a suitable biofuel such as biodiesel. Raceway ponds are
shallow (no more than 30 cm deep) raceways and contents are cycled continuously around the
pond circuit using a paddlewheel. Most commercial algal producers are currently using open
raceway ponds as these require lower capital costs to set up but may result in increased
evaporation and risks of contamination [72]. Photobioreactors are closed systems which offer
better control over contamination and evaporation but have higher capital and operating costs
than open raceway ponds [72]. The surface area/volume ratios of photobioreactors are also
almost double that of the open pond, hence doubling the energy recovered as biomass and
potential productivity [73]. Surface fouling due to competitors (e.g., other algae), grazers and
pathogens (e.g., bacteria) are a major problem with photobioreactors and cleaning can be a
major design and operational problem [72].
Despite the development of microalgae as a feedstock for biodiesel production, there are
problems scaling up from laboratories to commercial production [74, 75]. Key limitations to
algal production in raceways or photobioreactors are (1) the need for stirring, (2) provision of
nutrients for optimal growth and (3) very large surface areas required to capture significant
amounts of sunlight [12]. Other problems are pathogen attack, ageing of algal cultures, and
lack of system optimisation [76]. The need to de-water and dry the algal biomass can consume
up to 69% of the energy input of the process [77]. Despite their potential productivity per unit
surface area, and containing up to 30% lipids as storage products, algal biodiesel is not yet
economically competitive with petroleum diesel; algal diesel was recently priced at USD 2.76
kg-1 compared with petroleum-based diesel at USD 0.95 kg-1 [78].
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14. Lifecycle analysis and energy balance
Life cycle analysis (LCA) is a tool to take into account the inputs and outputs of a food or
biofuel crop production system, including the growing of the crop and its subsequent proc‐
essing; the technique is also used to assess the energy efficiency and impact of food and biofuel
crops on greenhouse gases [79]. Ecologists can relate an LCA to a foodweb or ecosystem model
that traces the fluxes of energy through the system. Net energy value (NEV) is an efficiency
term calculated as the difference between the usable energy produced from a crop and the
amount of energy required for the production of that crop [79].
Three annual crop management systems, conventional (several tillage operations for weed
control, seedbed preparation, seeding), conservation (reduced, minimum and no-till systems),
and organic (intensive tillage for seeding, weed control) were compared in Canada and Spain
[80-82]. Generally, energy inputs for the conservation system were 10% lower than for the
conventional system (due to lower fuel and machinery use from reduced tillage) [80]. How‐
ever, fertiliser and pesticide rates were often increased in response to increased soil water,
resulting in a similar total energy use by conventional compared with conservation systems
[80-82]. In contrast, there was a reduction in energy input in organic systems due to the use of
organic fertilisers instead of synthetic pesticides and fertilisers [47]. In terms of energy
output:input ratio, organic farming in Spain was 2.3 times more energetically efficient (5.36:1)
than either the conventional or conservation systems (2.35:1 and 2.38:1, respectively) [80].
Inclusion of a leguminous forage crop (e.g., vetch, chickpea) into canola and cereal (e.g., wheat,
barley) rotations increased the energy efficiency and output under all management systems
[80, 83]. Legume-rhizobial associations are effective solar-energy-driven systems fixing
atmospheric N2 into ammonia with minimal CO2 emissions compared to industrial nitrogen-
fertiliser production. Legumes fix nitrogen and thus reduce synthetic N fertiliser use in farming
systems; they also enhance the productivity of subsequent crops through breaks in the disease
cycle [84]. Pulses contribute about 21 million Mg of fixed-N per year globally, accounting for
one third of the toal biological N2 fixation in agroecosystems [85].
The energy efficiency of biofuels can also be termed the fossil energy ratio (FER) expressed as
the ratio of the amount of fuel energy produced to the amount of fossil fuel energy required
for that production [79]. An FER < 1 indicates a net energy loss, whereas an FER > 1 represents
a net energy gain. Life cycle assessments for biofuels have also shown that Brazilian sugarcane,
agave, and switchgrass ethanol could achieve positive energy balances and substantial
greenhouse gas offsets, while maize in the United States and China offers modest or no offsets
[64]. The bioenergy created in sugarcane and agave ethanol, and in palm oil, is at least four
times the amount required to produce it, while maize in the United States and China release
almost as much energy when they are burnt as the energy that is consumed in growing and
processing them (Figures 5 and 6) [54, 86]. Sugar crops usually produce more ethanol per ha
with a better energy balance than starch crops because sugar crops produce higher sugar
amounts per ha than starch crops; and sugar (sucrose) can be directly fermented, whereas
starch polymers have to be hydrolysed before being fermented by yeast [1]. In general the
energy gain and conversion of solar energy into biomass in the sub-tropics is substantially
greater than any achievable in temperate zones [87], possibly due to the longer growing season
and higher levels of solar energy over an annual cycle. For example, the FER of sugarcane in
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sugarbeet in Europe [61]. There is already evidence of a land-grab with countries (e.g., China
and the Middle East) securing their own energy and food security by acquiring large areas of
subtropical land in Africa and Asia [88]. Many countries may never be able to establish a
position of energy or food independence or anywhere near approaching it [88]. For example,
Sweden is importing Brazilian bioethanol as its main source of renewable transportation
energy, due to the climatic constraints of growing biomass for liquid fuels within Sweden [88].
FER of microalgal-based (Chlorella vulgaris) biodiesel produced in raceways is 0.31, which is
2.5 times as energy intensive as conventional diesel (FER of 0.83] in the United States [89]. This
current negative energy balance is unacceptable unless the production chain can be fully
optimised with heating and electricity inputs decarbonised [89].
Figure 5. Estimated ranges of fossil energy ratio (FER) of selected fuel types [54, 86]. Note: The ratios for cellulosic
biofuels are theoretical.
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Figure 6. Energy input and output per MJ ethanol produced for various feedstocks including Mexican agave, Brazilian
sugarcane, and United States maize (corn) and switchgrass [64]. Abbreviation: DDGS, Dried Distillers Grains with Solu‐
bles.
15. Carbon footprint of food and biofuels
The world’s food production system is inefficient, globally taking four units of energy to
produce one unit of food energy. Globally, agriculture also accounts for ~60% of nitrous oxide
(N2O) and 50% of methane (CH4) emissions [90]. On-farm, N2O emissions are mainly associated
with the use of nitrogenous fertiliser, while CH4 emissions are mainly from digestion in
ruminant livestock (e.g., cattle and sheep). The carbon footprint is the total amount of green‐
house gases (GHG) associated with the production, processing and distribution of food and
biofuel crops expressed in carbon dioxide equivalents (CO2e). This can range from 0.15 to 0.20
kg CO2e per kg of wheat in New South Wales, Australia [91], to 0.46 kg CO2e per kg of wheat
in Canada [83]. In Canada, legumes like chickpea, dry pea, and lentil may emit only 0.20 to
0.33 kg CO2e per kg of grain, about half that of wheat, due to biological N fixation by the
legumes. As with the energy balance, durum wheat emitted 20% lower CO2e when preceded
by an N-fixing crop, compared to when the crop was preceded by a cereal, highlighting the
benefits of including a legume in a cereal rotation on GHG balance [83].
Since nearly 80% of the energy used in the food supply chain is in the postharvest phase [41],
there is a fashionable trend for an eat-local movement to reduce ̀ food miles`. Food miles refers
to the distance a food commodity travels from the point of production to the point of con‐
sumption and the related energy and CO2 emitted during transportation [92]. However,
shipping food for long distances may sometimes require less energy and emit less CO2. For
example, even when shipping was accounted for, New Zealand dairy products imported into
the UK used half the energy of their UK counterparts, and in the case of lamb, a quarter of the




sugarbeet in Europe [61]. There is already evidence of a land-grab with countries (e.g., China
and the Middle East) securing their own energy and food security by acquiring large areas of
subtropical land in Africa and Asia [88]. Many countries may never be able to establish a
position of energy or food independence or anywhere near approaching it [88]. For example,
Sweden is importing Brazilian bioethanol as its main source of renewable transportation
energy, due to the climatic constraints of growing biomass for liquid fuels within Sweden [88].
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2.5 times as energy intensive as conventional diesel (FER of 0.83] in the United States [89]. This
current negative energy balance is unacceptable unless the production chain can be fully
optimised with heating and electricity inputs decarbonised [89].
Figure 5. Estimated ranges of fossil energy ratio (FER) of selected fuel types [54, 86]. Note: The ratios for cellulosic
biofuels are theoretical.
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bles.
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system used in the UK [93]. New Zealand was 10% more energy efficient for apples, and the
energy costs of shipping of onions was less than the cost of storage in the UK, making New
Zealand onions more energy efficient overall [93].
Over 30% of the food energy is lost through wastage in both developed and developing
countries [41]. In developing countries, food is mainly lost due to pests, and spoilage due to
the lack of cold storage and food-chain infrastructure. In developed countries, food safety
issues have resulted in the over-reliance of `use by` dates resulting in good food being
discarded in landfills (instead of being used, e.g., for animal feed or compost) [94]. This wastage
can be reduced through improved education, better legislation and research in postharvest
technology to reduce food wastage. We can invest in better diagnostics that monitor food
spoilage such as temperature- and time-sensitive inks on food package that cause labels to
change colour if the food has been exposed to the wrong temperature for too long [95].
Restaurants can stop serving super-sized portions.
GHG emissions during agricultural production of biofuel crops contribute 34-44% to the GHG
balance of maize ethanol in the United States [96] and more than 80% in pure vegetable oils [1].
In theory, biofuel feedstocks remove CO2 from the air and can potentially reduce greenhouse
gas emissions. However, clearing of undisturbed native ecosystems such as rainforest and
savanna or grassland for biofuel production also increases net GHG production due to change
in land use [97]. For example, a hectare of maize grown for bioethanol can sequester 1.8 Mg
ha-1 yr-1 of CO2e, but each hectare of forest converted to maize field has up-front emissions of
600-1100 Mg CO2e and each hectare of grassland converted to crop releases 75-300 Mg CO2e
equivalents. Hence, maize-based bioethanol production might double GHG emissions over 30
years and increase GHGs for 167 years [97]. Converting lowland tropical rainforest in Indo‐
nesia and Malaysia to oil palm biodiesel crops would result in a carbon debt of 610 Mg CO2
ha-1. This might take 85-90 years to repay, while sugarcane bioethanol produced on Brazilian
Cerrado woodland-savanna might take 17 years to repay [98].
16. Water footprint of food and biofuel
Agriculture accounts for about 86% of global fresh water consumption [99]. Energy is also
needed to pump water for irrigation. The water footprint (WF) of a product, such as food or
biofuel, is the total volume of fresh water used for production and processing, through to
eventual use of the the product [99]. In general, the WF of biofuels is up to 2-5 times larger
than the WF of fossil fuels [100]. For example, water consumption of bioethanol processed
from rainfed maize grain is 0.71 L km-1 travelled by a light duty vehicle compared with 0.24 L
km-1 for fossil fuel-based gasoline [100]. Most of the water used in gasoline is for the oil refining
process while most of the water used in bioethanol production is water used to grow the crop.
The water footprint includes three components: green, blue, and gray WFs. Green WFs refer
to rainwater transpired and blue WFs to surface and groundwater evaporated following their
use in irrigation. Gray WF refers to water that becomes polluted during crop production and
includes the amount of water necessary to reduce pollutants (through dilution) discharged so
that water quality meets appropriate standards [101].
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The global annual mean WF was 9 087 Gm3 yr-1 (74% green, 11% blue, 15% gray) and agricul‐
tural production contributed 92% to that total during the period 1996-2005, with the remainder
accounted for by food processing and end-user consumption [102]. The average consumer in
the United States has a WF of 2 842 m3 yr-1, whereas the average consumer in China and India
have WFs of 1 071 and 1 089 m3 yr-1, respectively. The differences are mainly due to differences
in meat consumption. Globally, consumption of cereals gives the largest contribution to WF
of the average consumer (27%), followed by meat (22%) and milk products (7%) [102].
Approximately one third of the total WF of agriculture is related to livestock products. The
average WF per calorie (or MJ) for beef is 20 times larger than cereals and starchy roots, and
the WF g-1 of protein for chicken meat, eggs, and milk is 1.5 times larger than for legumes [103].
The WF of any livestock product is larger than any WF of crop products of equivalent
nutritional value (e.g., calories, protein, and fat) due to the unfavourable feed conversion
efficiency for livestock products [103]. The weighted global average WF of sugarcane was 209
m3 Mg-1; 133 m3 Mg-1 for sugarbeet and 1222 m3 Mg-1 for maize [104] for bioethanol. Incentives
to switch from overhead sprinkler irrigation systems to drip irrigation can potentially use 40%
less water and lower energy requirement for maize farmers by reducing energy needed to
pump water, and by reducing evaporation losses [95].
17. Improving the energy efficiency of food and biofuel systems
The following are some suggestions to improve the energy efficiency of food and biofuel
systems:
1. (i) Commercial hybrids of wheat and rice and (ii) increased crop stress tolerance. Increas‐
ing productivity during the Green Revolution was largely through a combination of crop
genetic improvement through the development of F1 hybrid varieties of maize and semi-
dwarf, disease-resistant varieties of wheat and rice; and increased use of fertiliser and
irrigation [105]. Unfortunately, crop yield increases are now slowing (or have halted) and
input costs such as fuel and fertiliser are increasing. Future increases in crop production
will have to come mainly from increased yield per hectare, higher cropping intensity
(number of crops sown in the same field per year) and to a lesser extent from cultivation
of new land [46, 106]. Hybrids are the result of heterosis or the favourable combination of
dominant genes by crossing two genetically different parents. In general, hybrids provide
around 15% yield advantage over open-pollinated parents in maize, and around 10% over
inbred parents in wheat and rice [107]. Although hybrid maize has been widely utilised,
adoption of hybrids in wheat and rice (with the exception of China where O. indica hybrids
cover around 60% of area) is low [108]. Hence, future adoption of hybrid wheat and rice
may increase yield by around 10%. Currently, most of the major commercial genetically
modified (GM) crops are based on simple insertion of a gene for protective traits such as
insect toxin (e.g., Bacillus thuringiensis, Bt) and/or herbicide resistance (e.g., glyphosate
tolerance). The next phase will be the development of abiotic stress tolerance genes such
as DroughtGard® (drought tolerant) hybrid maize released by Monsanto in 2012. Not all
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example, there are a number of heat tolerance breeding programs in wheat, chickpea, and
cotton using conventional breeding together with marker assisted selection [109-111].
2. Reduced yield gaps. Yield gaps are the difference between realised farm yield and the
potential yield that can be achieved using available technologies and management. In
many irrigated cereal systems, actual yield tends to plateau at or around 80% of yield
potential while, in rainfed systems, average actual yields are no more than 50% of yield
potential [112]. In many instances, however, even the 80% of yield potential is not
achieved, presumably due to technical, knowledge, climatic and biophysical constraints
[113]. Reducing the yield gaps can potentially boost yields per unit of input, and hence,
energy conversion efficiency. International aid programs such as the Gates Foundation
and the Consultative Group on International Agricultural Research (CGIAR) are working
to help to close these yield gaps.
3. Conservation agriculture. Zero or reduced tillage and retaining crop residues can
potentially reduce energy use and fuel use for farm machinery in agriculture by 66-75%
[108], as well as conserve soil moisture and sequester carbon in soil organic matter.
Conversion from conventional tillage to zero/reduced tillage can reduce on-farm GHG
emssions by 110-130 kg CO2e ha-1 per season, since soil disturbance caused by tillage
increases soil organic carbon losses through decomposition (accelerated oxidation) and
physical erosion [114]. Crop residues produced worldwide are estimated at 3 Pg, equiv‐
alent to more than 1 Pg carbon per year [115]. With less than 10% of the global crop land
under conservation tillage, there is an opportunity for wider adoption of this practice to
improve energy- and water-use efficiency [108], as well as reducing net GHG emissions.
4. Legume rotations and N-fixing cereals. Replacing synthetic N fertilisers with legumes and
organic fertilisers (e.g., animal manures and green manure crops) can reduce the fossil
fuel combusted during fertiliser synthesis as well as reduce N2O emissions. Soil microor‐
ganisms such as rhizobium N2-fixers (in legumes), arbuscular mycorrhizal fungi (AM
fungi, which can improve plant P and Zn uptake) and P solubilising fungi and bacteria
can form a symbiotic relationship with plant roots and act as biofertilisers and biopesti‐
cides [116, 117]. Many bacteria can produce natural plant hormones such as ethylene,
cytokinins, auxins and gibberellins that can stimulate plant growth, increasing root
branching, or shoot development [118]. Microorganisms can also affect gene expression
and activate plant defence mechanisms through systemic acquired resistance (SAR) [119].
A challenge going forward is to boost biological N fixation to levels that can substitute for
the synthetic fertilisers now used. Effective nitrogen-fixing wheat, rice, and/or maize
would be boons to reducing energy input to cropping systems for food, feed, and
bioenergy [120]. Past attempts to develop such symbioses are not encouraging.
5. Improving overall annual solar radiation use efficiency in annual crops. In locations
supporting only one crop per year, it may be possible to extend the photosynthetic period
via stay-green traits to maximise annual solar energy capture [121, 122]. In other areas, it
may be possible to shorten the crop cycle to fit a second or third crop into the annual
rotation (i.e. increase crop intensification) [123].
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6. Perennial crops. Perennial crops have greater potential for a more sustainable production
due to their longer growing season than annuals, utilising more sunlight during the year,
and reduced farming operations [1]. The development of perennial wheat by the Land
Institute in Kansas provides the opportunity to crop continuously without tillage and
reduce soil erosion [124]. Most LCA also show that perennial C4 biofuel crops such as
miscanthus and switchgrass and CAM biofuel crops like agave can provide positive
energy balances, supplement renewable energy demands, and mitigate GHG emissions
[63, 79]. An important question is whether perennial wheat can attain yields of present
wheats across a wide range of environments.
7. A lower-trophic-level society. Overall solar energy conversion efficiency in agriculture
would be increased if humans consumed more crops directly, rather than after their
processing through livestock. Even a modest replacement of energy-intensive meats with
less-energy-intensive grains, fruits and vegetables [95] would be significant at the global
scale. In marine systems, gains in sustainability could come from harvesting lower trophic
level species such as algae, phytoplankton, and filter feeder organisms such as bivalves.
For example, over 1.5 Tg yr-1 of macroalgae (seaweed) is produced in China to be used as
food for humans, feed for marine animals, and industrial raw materials [51]. A factor to
be overcome is the global trend toward eating more energy-costly food as a component
of economic development.
18. Hydrogen production and artificial photosynthesis
Hydrogen cells might be used to fuel future cars. Although H2 contains three times the energy
of petrol on a mass basis, 4.6 L of H2, compressed at 70 MPa, are needed to substitute for 1 L
of petrol. H2 is also highly flammable and it is 50% more expensive to transport than natural
gas [1]. There is interest in both biotic and abiotic sytems that mimic the biological production
of H2 gas via the breakdown of water (analogous to its electrolysis, 2H2O → 2H2 + O2, which
is carried out in photosystem II using solar energy). Certain algae contain the enzymes
hydrogenase or nitrogenase (a key enzyme in nitrogen fixation) which can produce H2 from
CO or organic waste [125]. The combination of microalgae (harvesting radiation in the
waveband 400-750 nm) and purple bacteria (using the waveband 400-1100 nm) allow a more
complete utilisation of the solar energy spectrum. There are still many unresolved problems
in producing H2 using algae and bacteria, including how to combine microalgal and bacterial
biological processes [125].
Artificial photosynthesis involves mimicking natural systems using molecular photocatalytic
systems for light-driven water oxidation and H2 production [126]. Artificial photosynthesis
was only an academic activity until the development of the first practical artificial leaf by
Nocera in 2011 [127]. The key to this breakthrough was the discovery of new, cheaper photo‐
catalysts made from nickel and cobalt that are capable of splitting water into H2 and O2
efficiently. This artificial leaf was claimed to be potentially 10 times more efficient in photo‐
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Solar radiation is the ultimate source of renewable energy for human use, and bioenergy will
continue to be a major vehicle for its use. Solar-energy conversion efficiency by even the most
productive plant communities are less than 5%, however, while photovoltaic cells may
approach 20%. ‘Average‘ plant communities operate at considerably lower efficiencies, but
there are opportunities to substantially increase the average efficiency in crop systems.
Photosynthesis is now used extensively in agriculture to produce food, feed, fibre, and biofuels,
but the current biofuels (bioethanol and biodiesel), mainly produced from first generation
feedstocks (e.g., sucrose from sugarcane, carbohydrates from maize seeds, and lipids from
rapeseed seeds), constitute only a small fraction (1%) of present transportation energy, and a
much smaller fraction of total human energy supply. The future second generation biofuels
will come from dedicated perennial energy crops (e.g., miscanthus, switchgrass, agave,
pongamia), and in the near future, hydrogen gas may be produced from algae, bacteria, or




Btu British thermal unit (equivalent to 1.055 kJ)
CAM Crassulacean acid metabolism
CO2e Carbon dioxide equivalents
εc Photosynthetic conversion efficiency (J J-1 in resulting biomass)
εi Light interception efficiency (fraction of incident radiation absorbed by a plants photosynthetic
apparatus, J J-1)
EJ Exajoules (1018 J)
εp Partitioning efficiency or harvest index (J J-1).
FER Fossil energy ratio
GHG Greenhouse gas
GM Genetically modified
GPP Gross primary production
kcal Kilocalories
kcat Catalytic rate of carboxylation (reactions catalysed per second by each enzymatic site)
LCA Life cycle analysis
Mtoe Million Mg of oil equivalent
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NEV Net energy value
NPP Net primary production
NPQ Non-photochemical quenching
PAR Photosynthetically active radiation (radiation in the 400-700 nm wave band)
Pg Petagram (1 × 1015 g)
Pmol Petamole (1 × 1015 mol)
SAR Systemic acquired resistance
St Total incident solar radiation across the growing season (J m-2)
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1. Introduction
Lipids function as important storage compounds to maintain cellular activities. Lipids store
high reducing power and energy since those biosynthetic processes require high amount of
reducing cofactors and ATP. Storage lipids do not cause any chemical effect on cellular activity
such as osmolarity, pH and ion strength because of its hydrophobicity. Membrane lipids such
as phospholipids, carotenoids, and cholesterols play a housekeeping role. In addition, some
of lipids function as protein modifiers or signaling molecules.
Recently, plant oils are gathering keen interest as a source of renewable energy according to
rapid increase in social demands for establishing a low-carbon-society. However, oil produc‐
tion for biofuels and biorefinery using higher plants and crops is strongly worried for com‐
peting with food production and to increase those market prices. Therein, algae came into play
a new oil-producing organism since algae do not compete with food production. According
to their high productivity per unit area, prokaryotic photoautotrophs such as cyanobacteria
and eukaryotic algae such as protists are expected to become a promising feedstock in future
(Gong & Jiang, 2011).
Although numerous kinds of lipids exist in nature, main carbon chain of the molecules is
almost derived from limited numbers of precursor molecules such as fatty acids and isopre‐
noids. Interestingly, some parts of the synthetic pathways of lipids are quite different among
animals, higher plants, cyanobacteria and some eukaryotic microalgae. Although there is quite
few information on lipid biosynthesis and metabolism in algae, it is noteworthy that most of
biosynthetic pathways of hydrocarbons such as fatty acid- and isoprene-derived hydrocarbon
have been well characterized in microalgae.
In this chapter, we will introduce recent progresses on lipid and hydrocarbon biosynthetic
pathways in microalgae: First, unique features of algal lipid synthetic pathways mostly
hypothesized by advanced DNA sequencing technique although those are not well proved
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1. Introduction
Lipids function as important storage compounds to maintain cellular activities. Lipids store
high reducing power and energy since those biosynthetic processes require high amount of
reducing cofactors and ATP. Storage lipids do not cause any chemical effect on cellular activity
such as osmolarity, pH and ion strength because of its hydrophobicity. Membrane lipids such
as phospholipids, carotenoids, and cholesterols play a housekeeping role. In addition, some
of lipids function as protein modifiers or signaling molecules.
Recently, plant oils are gathering keen interest as a source of renewable energy according to
rapid increase in social demands for establishing a low-carbon-society. However, oil produc‐
tion for biofuels and biorefinery using higher plants and crops is strongly worried for com‐
peting with food production and to increase those market prices. Therein, algae came into play
a new oil-producing organism since algae do not compete with food production. According
to their high productivity per unit area, prokaryotic photoautotrophs such as cyanobacteria
and eukaryotic algae such as protists are expected to become a promising feedstock in future
(Gong & Jiang, 2011).
Although numerous kinds of lipids exist in nature, main carbon chain of the molecules is
almost derived from limited numbers of precursor molecules such as fatty acids and isopre‐
noids. Interestingly, some parts of the synthetic pathways of lipids are quite different among
animals, higher plants, cyanobacteria and some eukaryotic microalgae. Although there is quite
few information on lipid biosynthesis and metabolism in algae, it is noteworthy that most of
biosynthetic pathways of hydrocarbons such as fatty acid- and isoprene-derived hydrocarbon
have been well characterized in microalgae.
In this chapter, we will introduce recent progresses on lipid and hydrocarbon biosynthetic
pathways in microalgae: First, unique features of algal lipid synthetic pathways mostly
hypothesized by advanced DNA sequencing technique although those are not well proved
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experimentally yet. Second, two factors for hydrocarbon biosynthesis in microalgae charac‐
terized recently by a combination of expressed sequence tags (EST) analysis and novel enzyme
characterization. Those are: (1) decarbonylase to produce fatty acid-derived hydrocarbons in
cyanobacteria and (2) isoprene-derived hydrocarbon biosynthetic pathway in a representative
oil-producing colonial microalga, Botryococcus braunii. Third, the mechanism for carbon flow
and energy balance in lipid and hydrocarbon biosynthetic pathways. Finally, we will describe
a future perspective of algal lipid biosynthetic pathways and its application to biofuel
production.
2. Unique features of algal lipid biosynthetic pathways
Although there is no agreed definition and classification of “lipids” (The AOCS Lipid Library,
http://lipidlibrary.aocs.org/), here we define a term “lipid” as follows: 1) it is biological
component of and derived from organisms; 2) it is basically very soluble in organic solvents
but not in water; 3) it contains hydrocarbon group in its structure. We adopt biosynthetic
classification to categorize lipids such as fatty acid, isoprene or others of unique lipids as shown
in Table 1, instead of a conventional lipid classification such as simple lipid, derived lipid,
complex lipid, and so on. Here we used the term “lipids” for compounds composed of only
carbon, hydrogen, and oxygen.
Table 1 indicates the list of various lipids and their functions. Although numberless lipids exist
in nature, main carbon chain of the molecules is mostly derived from fatty acids, isoprenes
and their homologous compounds via some synthetic pathways. Recent progress in genome/
transcriptome sequencing technology and its computational analysis on similarity of those
base sequences among organisms, namely in silico analysis, enable us rapid prediction of
metabolic pathway even in uncharacterized organism. Owing to the modern in silico analyses,
some unique features of algal lipid biosynthesis are starting to be enlightened. Interestingly,
some parts of the synthetic pathways are quite different among animals, higher plants,
cyanobacteria and eukaryotic algae.
Name Structure Function
Fatty acid C2n-/straight-carbon chainwith carboxyl group Membrane component;Bioactivity
Polyketide Various carbon chain with polyketone group Antibiotic; Bioactivity
Glyceride Ester of fatty acid & glycerol Common storage lipid
Terpenoid C5n-/branched-carbon chain;isoprene derivate Bioactivity
Steroid Tri-terpenoid derivate Common hormone
Carotenoid Tetra-terpenoid derivate;conjugated double bond;
absorbent
Pigment
Table 1. Various lipids and their functions
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2.1. Fatty acid biosynthesis
Acetyl-coenzyme A (CoA) is a universal carbon donor for fatty acid biosynthesis. Acetyl-CoA
is supplied via multiple paths from various origins and then subsequently metabolized into
malonyl-acyl carrier protein (ACP) by sequential reactions. One molecule of ATP (1ATP) is
used for the carboxylation of acetyl unit to produce one malonyl unit. In general, fatty acid
biosynthesis utilizes acetyl-CoA and malonyl-ACP as starting substrates and acetyl unit
donors. Primarily, butyryl(C4)-ACP is synthesized from acetyl(C2)-CoA and malonyl(C3)-ACP
via sequential reactions of condensation, decarboxylation, and reduction of non-malonyl-ACP
derived keto unit. Two molecules of NADPH (2NADPH) is used for the reduction of keto
group. Accordingly, 1ATP and 2NADPH are consumed to elongate chain of fatty acid molecule
by adding C2-saturated carbon unit in fatty acid biosynthesis. Acyl-ACP is elongated up to
acyl(C16 or 18)-ACP. Molecules with C2n-carbon chain are widely distributed among various
organisms and those of C2n-1-carbon chain are synthesized from C2n-compounds by carbon-loss
(Řezanka & Sigler, 2009). In bacteria, iso- and anteiso-fatty acids (branched-chain fatty acids)
are synthesized from amino-acid-derived precursors with branch (Kaneda, 1991). ACP is
subsequently removed from acyl(C16 or 18)-ACP to form fatty acid(C16 or 18). The fatty acids
synthesized on the plastid envelopes are excreted into cytosol by accompanying probably with
the process of binding of CoA (Joyard et al., 2010). Oppositely, fatty acid is necessary to be
activated by the binding of ACP for passing through the cell membrane in the cyanobacteria
Synechocystis species.
In any step, a synthesized carbon chain can be metabolized into various products including
glycerolipids, triacylglycerides (TG), phospholipids and glycolipids (Joyard et al., 2010). Fatty
acids synthesized excessively are stored as TG in most eukaryotes. Usually prokaryotes do not
accumulate TG although Actinomycetes and a few other bacteria exceptionally synthesize TG
(Alvarez & Steinbüchel, 2002).
Same fatty acids as metabolites are widely observed in various organisms but their biosynthetic
pathways are different depending on classification. There are four known groups of enzyme(s)
for fatty acid biosynthesis; type-I fatty acid synthase (FAS), type-II FAS, particular elongases,
and enzymes for catalyzing the reversal of ß-oxidation. Typically, animals and fungi possess
type-I FAS which is a large multi-functional enzyme with multiple functional domains (Chan
& Vogel, 2010; Joyard et al., 2010). Bacteria, plastids and mitochondria have type-II FAS which
is composed of four subunit proteins such as ß-ketoacyl-ACP synthase (KAS), ß-ketoacyl-ACP
reductase, ß-hydroxyacyl-ACP dehydratase and enoyl-ACP reductase (Chan & Vogel, 2010;
Joyard et al., 2010; Hiltunen et al., 2010). A trypanosomatid Leismania major possesses three
elongases instead of above mentioned FASs for fatty acid biosynthesis (Lee et al., 2006). In a
microalga Euglena gracilis fatty acids are synthesized de novo via the reversal pathway of ß-
oxidation under anaerobic conditions (Hoffmeister et al., 2005; Inui et al., 1984). As such, wide
variation seems to exist among organisms but detailed information on fatty acid biosynthesis
is not well understood in algae.
One of model organism Chalmydomonas reinhardtii (Chlorophyta) possesses type-II FAS gene
which is homologous to that of land plants (Riekhof et al., 2005). Land plants have both
plastidal- and mitochondrial-FASs which exhibit different substrate specificity (Yasuno et al.,
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experimentally yet. Second, two factors for hydrocarbon biosynthesis in microalgae charac‐
terized recently by a combination of expressed sequence tags (EST) analysis and novel enzyme
characterization. Those are: (1) decarbonylase to produce fatty acid-derived hydrocarbons in
cyanobacteria and (2) isoprene-derived hydrocarbon biosynthetic pathway in a representative
oil-producing colonial microalga, Botryococcus braunii. Third, the mechanism for carbon flow
and energy balance in lipid and hydrocarbon biosynthetic pathways. Finally, we will describe
a future perspective of algal lipid biosynthetic pathways and its application to biofuel
production.
2. Unique features of algal lipid biosynthetic pathways
Although there is no agreed definition and classification of “lipids” (The AOCS Lipid Library,
http://lipidlibrary.aocs.org/), here we define a term “lipid” as follows: 1) it is biological
component of and derived from organisms; 2) it is basically very soluble in organic solvents
but not in water; 3) it contains hydrocarbon group in its structure. We adopt biosynthetic
classification to categorize lipids such as fatty acid, isoprene or others of unique lipids as shown
in Table 1, instead of a conventional lipid classification such as simple lipid, derived lipid,
complex lipid, and so on. Here we used the term “lipids” for compounds composed of only
carbon, hydrogen, and oxygen.
Table 1 indicates the list of various lipids and their functions. Although numberless lipids exist
in nature, main carbon chain of the molecules is mostly derived from fatty acids, isoprenes
and their homologous compounds via some synthetic pathways. Recent progress in genome/
transcriptome sequencing technology and its computational analysis on similarity of those
base sequences among organisms, namely in silico analysis, enable us rapid prediction of
metabolic pathway even in uncharacterized organism. Owing to the modern in silico analyses,
some unique features of algal lipid biosynthesis are starting to be enlightened. Interestingly,
some parts of the synthetic pathways are quite different among animals, higher plants,
cyanobacteria and eukaryotic algae.
Name Structure Function
Fatty acid C2n-/straight-carbon chainwith carboxyl group Membrane component;Bioactivity
Polyketide Various carbon chain with polyketone group Antibiotic; Bioactivity
Glyceride Ester of fatty acid & glycerol Common storage lipid
Terpenoid C5n-/branched-carbon chain;isoprene derivate Bioactivity
Steroid Tri-terpenoid derivate Common hormone
Carotenoid Tetra-terpenoid derivate;conjugated double bond;
absorbent
Pigment
Table 1. Various lipids and their functions
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2.1. Fatty acid biosynthesis
Acetyl-coenzyme A (CoA) is a universal carbon donor for fatty acid biosynthesis. Acetyl-CoA
is supplied via multiple paths from various origins and then subsequently metabolized into
malonyl-acyl carrier protein (ACP) by sequential reactions. One molecule of ATP (1ATP) is
used for the carboxylation of acetyl unit to produce one malonyl unit. In general, fatty acid
biosynthesis utilizes acetyl-CoA and malonyl-ACP as starting substrates and acetyl unit
donors. Primarily, butyryl(C4)-ACP is synthesized from acetyl(C2)-CoA and malonyl(C3)-ACP
via sequential reactions of condensation, decarboxylation, and reduction of non-malonyl-ACP
derived keto unit. Two molecules of NADPH (2NADPH) is used for the reduction of keto
group. Accordingly, 1ATP and 2NADPH are consumed to elongate chain of fatty acid molecule
by adding C2-saturated carbon unit in fatty acid biosynthesis. Acyl-ACP is elongated up to
acyl(C16 or 18)-ACP. Molecules with C2n-carbon chain are widely distributed among various
organisms and those of C2n-1-carbon chain are synthesized from C2n-compounds by carbon-loss
(Řezanka & Sigler, 2009). In bacteria, iso- and anteiso-fatty acids (branched-chain fatty acids)
are synthesized from amino-acid-derived precursors with branch (Kaneda, 1991). ACP is
subsequently removed from acyl(C16 or 18)-ACP to form fatty acid(C16 or 18). The fatty acids
synthesized on the plastid envelopes are excreted into cytosol by accompanying probably with
the process of binding of CoA (Joyard et al., 2010). Oppositely, fatty acid is necessary to be
activated by the binding of ACP for passing through the cell membrane in the cyanobacteria
Synechocystis species.
In any step, a synthesized carbon chain can be metabolized into various products including
glycerolipids, triacylglycerides (TG), phospholipids and glycolipids (Joyard et al., 2010). Fatty
acids synthesized excessively are stored as TG in most eukaryotes. Usually prokaryotes do not
accumulate TG although Actinomycetes and a few other bacteria exceptionally synthesize TG
(Alvarez & Steinbüchel, 2002).
Same fatty acids as metabolites are widely observed in various organisms but their biosynthetic
pathways are different depending on classification. There are four known groups of enzyme(s)
for fatty acid biosynthesis; type-I fatty acid synthase (FAS), type-II FAS, particular elongases,
and enzymes for catalyzing the reversal of ß-oxidation. Typically, animals and fungi possess
type-I FAS which is a large multi-functional enzyme with multiple functional domains (Chan
& Vogel, 2010; Joyard et al., 2010). Bacteria, plastids and mitochondria have type-II FAS which
is composed of four subunit proteins such as ß-ketoacyl-ACP synthase (KAS), ß-ketoacyl-ACP
reductase, ß-hydroxyacyl-ACP dehydratase and enoyl-ACP reductase (Chan & Vogel, 2010;
Joyard et al., 2010; Hiltunen et al., 2010). A trypanosomatid Leismania major possesses three
elongases instead of above mentioned FASs for fatty acid biosynthesis (Lee et al., 2006). In a
microalga Euglena gracilis fatty acids are synthesized de novo via the reversal pathway of ß-
oxidation under anaerobic conditions (Hoffmeister et al., 2005; Inui et al., 1984). As such, wide
variation seems to exist among organisms but detailed information on fatty acid biosynthesis
is not well understood in algae.
One of model organism Chalmydomonas reinhardtii (Chlorophyta) possesses type-II FAS gene
which is homologous to that of land plants (Riekhof et al., 2005). Land plants have both
plastidal- and mitochondrial-FASs which exhibit different substrate specificity (Yasuno et al.,
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2004). Mitochondrial ACP-type enzymes are well characterized especially in the yeast
Saccharomyces cerevisiae (Hiltunen et al., 2010). In the green alga C. reinhardtii, FAS is thought
to be localized both in the plastid and the mitochondrion individually since respective FAS
gene is represented as single gene in each organelle (Riekhof et al., 2005). Expressed sequence
tags (ESTs) of Chlorophyta Botryococcus braunii Bot-88-2 (race A) contained a partial sequence
of type-I FAS (accession number: FX056119) which is partially similar to animal FAS (Baba et
al., 2012a). However, further information of complete genome sequence is necessary to confirm
it. In E. gracilis which has triple-layer envelope, there are five fatty acid synthetic pathways
located in four subcellular compartments; the type-I FAS system in the cytosol, two type-II
FAS systems in the plastid, fatty acid synthesis associated partly with wax ester fermentation
in the microsomes (see 3.1.4. Wax ester) and a malonyl-ACP independent process located in
the mitochondria. E. gracilis synthesizes wax esters when cells were grown under either
heterotrophic or anaerobic conditions (Hoffmeister et al., 2005). Wax ester fermentation under
anaerobic conditions produces ATP in net profit while general malonyl-ACP-dependent fatty
acid synthesis consumes ATP (Inui et al., 1982). Fatty acids supplied for wax ester production
are de novo synthesized by acetyl-CoA condensing reaction which is similar to the reversal
pathway of ß-oxidation, where trans-2-enoyl-CoA reductase contributes instead of acyl-CoA
dehydrogenase (mitochondrial ß-oxidation enzyme) or acyl-CoA oxidase (peroxisomal ß-
oxidation enzyme) (Hoffmeister et al., 2005; Inui et al., 1984). The trans-2-enoyl-CoA reductase
reaction is a key step in the reversal pathway of ß-oxidation. The direction of the pathway is
O2-dependently determined to proceed irreversibly under aerobic conditions since the key
enzyme pyruvate:NADP+ oxidoreductase is sensitive to O2 (Tucci et al., 2010). The reversal
pathway may be essential to maintain the redox balance in the mitochondria under anaerobic
conditions (Tucci et al., 2010). Such hypothesis is supported by another report which demon‐
strated that ß-oxidation can be reversed in genetically engineered Escherichia coli (Dellomonaco
et al., 2011). In mammalian mitochondria, the reversal pathway functions for only elongation
process due to substrate specificity of mammal enoyl-CoA reductase and therefore the
pathway contributes to short-chain fatty acid elongation process (Inui et al., 1984).
2.2. Fatty acid elongation
C18-Fatty acid can be further elongated via the fatty acid elongation pathway. Fatty acid
elongation process is very similar to that of the fatty acid synthesis although acyl-CoA and
malonyl-CoA are used as a substrate. In the process, 1ATP and 2NADPH are required for C2-
unit elongation of saturated carbon chain since CoA-activation is not essential as suggested
by another study (Hlousek-radojcic et al., 1998). Fatty acid elongation reaction site was shown
to be located in the endoplasmic reticulum (Kunst & Samuels, 2009). In contrast to FAS system,
all known elongation systems are basically compatible and functions simultaneously. Fatty
acid elongase constitutes an enzyme complex of four subunits which is similar to type-II FAS;
namely, ß-ketoacyl-CoA synthase (KCS), ß-ketoacyl- CoA reductase, ß-hydroxyacyl-CoA
dehydratase and enoyl-CoA reductase. There are two different KCSs; namely “elongation of
very long-chain fatty acid” (ELOVL or merely ELO)-type elongase which contributes to
sphingolipid biosynthesis and “fatty acid elongation” (FAE)-type elongase which contributes
to plant seed TG or wax biosynthesis (Venegas-Calerón et al., 2010). Typically, animals and
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fungi possess ELO-type while land plants possess FAE-type. In some cases, ELO and FAE
subunits are inaccurately referred as mere “elongase” since heterologous expression of single
gene for KCS often results in successful elongation of acyl-CoA by the help of the other subunit
of the host (typically, yeast and land plant Arabidopsis thaliana).
Poly unsaturated very long-chain fatty acid (PUVLCFA, PULCA, VLC-PUFA, etc.) is one
of elongated fatty acids (e.g. Arachidonic acid, Eicosapentaenoic acid, and Docosahexaeno‐
ic  acid).  PUVLCFA  is  commonly  observed  in  algae  such  as  Euglenophytes,  diatoms
(Phaeodactylum  tricornutum,  Thalassiosira  pseudonana)  and  haptophytes  (Emiliania  huxleyi,
Isochrysis galbana, Pavlova salina) which possess desaturase/elongases to produce EPA and
DHA from C18 fatty acid and derivatives (Venegas-Calerón et al., 2010). This elongation is
shown to be catalyzed by ELO-type fatty acid elongase. On the other hand, contribution
and physiological function of FAE-type elongase has not been proved in microalgae yet.
Macroalgae produce short and long-chain aldehydes (Moore, 2006). These metabolites are
suggested  to  be  produced  from  PUVLCFA  although  the  detailed  synthetic  pathway  is
almost unknown. Long-chain aldehyde producing reaction was reported to be catalyzed
by lipooxygenase which functions to oxygenize and cleave PUVLCFA at a specific position
to form short-chain metabolites (Moore, 2006).
2.3. Polyketide biosynthesis
Polyketide includes various complex compounds such as antibiotics (e.g. erythromycin,
tetracycline, lovastatin) (Staunton & Weissman, 2001). Polyketide biosynthesis is similar to
C4 and longer fatty acid synthesis except successive reduction of keto-group and utilizes various
ACP/CoA compounds as its substrate. Mycolic acids, extremely large fatty acids (ca. C90) in
the cell envelope of mycobacteria (Verschoor et al., 2012), are synthesized by condensation of
two VLCFA acyl-CoA molecules via polyketide biosynthesis (Portevin et al., 2004).
There are three types of polyketide syntheses (PKSs): type-I PKS which is a large multi-
functional enzyme in the consequence of multiple functional domains, type-II PKS which is
composed of monofunctional proteins to form complex and type-III PKS which resembles
chalcone synthase catalyzing the committed step in flavonoid biosynthesis in higher plants
and some bryophytes (Shen, 2003). Type-I PKSs are further classified into two, namely iterative
and non-iterative (modular) types. Bacteria possess type-I to III of PKSs. Fungi and animal
typically possess type-I iterative PKS which is closely related each other (Jenke-Kodama &
Dittmann, 2009). Interestingly, there is evolutional connection between PKSs and FASs (Jenke-
Kodama & Dittmann, 2009; John et al., 2008; Sasso et al., 2011).
In the genomes of chlorophyta (C. reinhardtii, Chlorella variabilis, two Ostreococcus species, etc.),
heterokontophyta (Aureococcus anophagefferens), and haptophyceae (Emiliania huxleyi and
Chrysochromulina polylepis), “non-iterative” type-I PKS is coded but not in land plant, rhodo‐
phyta (Cyanidioschyzon merolae and Galdieria sulphuraria), Stramenopiles (Thalassiosira pseudo‐
nana, Phaeodactylum tricornutum, two Phytophthora species), and Euglenozoa (Trypanosoma
brucei, Trypanosoma cruzi and Leishmania major) (Sasso et al., 2011). Polyketide synthesis plays
a role in biosynthesis of cyanobacterial toxin, microcystin (Jenke-Kodama & Dittmann, 2009).
Dinoflagellate toxins are also polyketides although its synthetic pathway remains unknown
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2004). Mitochondrial ACP-type enzymes are well characterized especially in the yeast
Saccharomyces cerevisiae (Hiltunen et al., 2010). In the green alga C. reinhardtii, FAS is thought
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tags (ESTs) of Chlorophyta Botryococcus braunii Bot-88-2 (race A) contained a partial sequence
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al., 2012a). However, further information of complete genome sequence is necessary to confirm
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anaerobic conditions produces ATP in net profit while general malonyl-ACP-dependent fatty
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O2-dependently determined to proceed irreversibly under aerobic conditions since the key
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pathway may be essential to maintain the redox balance in the mitochondria under anaerobic
conditions (Tucci et al., 2010). Such hypothesis is supported by another report which demon‐
strated that ß-oxidation can be reversed in genetically engineered Escherichia coli (Dellomonaco
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elongation process is very similar to that of the fatty acid synthesis although acyl-CoA and
malonyl-CoA are used as a substrate. In the process, 1ATP and 2NADPH are required for C2-
unit elongation of saturated carbon chain since CoA-activation is not essential as suggested
by another study (Hlousek-radojcic et al., 1998). Fatty acid elongation reaction site was shown
to be located in the endoplasmic reticulum (Kunst & Samuels, 2009). In contrast to FAS system,
all known elongation systems are basically compatible and functions simultaneously. Fatty
acid elongase constitutes an enzyme complex of four subunits which is similar to type-II FAS;
namely, ß-ketoacyl-CoA synthase (KCS), ß-ketoacyl- CoA reductase, ß-hydroxyacyl-CoA
dehydratase and enoyl-CoA reductase. There are two different KCSs; namely “elongation of
very long-chain fatty acid” (ELOVL or merely ELO)-type elongase which contributes to
sphingolipid biosynthesis and “fatty acid elongation” (FAE)-type elongase which contributes
to plant seed TG or wax biosynthesis (Venegas-Calerón et al., 2010). Typically, animals and
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typically possess type-I iterative PKS which is closely related each other (Jenke-Kodama &
Dittmann, 2009). Interestingly, there is evolutional connection between PKSs and FASs (Jenke-
Kodama & Dittmann, 2009; John et al., 2008; Sasso et al., 2011).
In the genomes of chlorophyta (C. reinhardtii, Chlorella variabilis, two Ostreococcus species, etc.),
heterokontophyta (Aureococcus anophagefferens), and haptophyceae (Emiliania huxleyi and
Chrysochromulina polylepis), “non-iterative” type-I PKS is coded but not in land plant, rhodo‐
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nana, Phaeodactylum tricornutum, two Phytophthora species), and Euglenozoa (Trypanosoma
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because of technical restrictions (Sasso et al., 2011). In addition, biosynthetic processes of
polyketides in macroalgae are one of important targets to be urgently elucidated.
2.4. Terpenoid biosynthesis
Terpenoid which is composed of branched C5n carbon unit are synthesized by condensation
of C5 isoprene units (as isopentenyl diphosphate (IPP) and its isomer dimethylallyl diphos‐
phate (DMAPP) in vivo) (Bouvier et al., 2005). In general, isoprene unit is supplied via either
or both mevalonic acid (MVA) pathway or/and methylerythritol phosphate (MEP) pathway
(or non-mevalonic acid pathway). MVA pathway is located in the cytosol of Archaea and
eukaryotes or in the peroxisome (Lohr et al., 2012). In MVA pathway, three molecules of acetyl-
CoA are condensed into DMAPP through MVA and then IPP by sequential reactions, using
3ATP and 2NADPH. The MEP pathway is known to be located in the cytosol of bacteria
including cyanobacteria and in the stroma of plastids in plants and eukaryotic algae (Joyard
et al., 2009). In MEP pathway, pyruvate and glyceraldehyde-3-phosphate (GAP) react to form
IPP or DMAPP via MEP using energy of three high-energy phosphate bonds on either ATP or
CTP and reducing power from at least 1NADPH and four reducing coenzymes (not completely
identified yet) (Hunter, 2007). One molecule of CO2 is released in MVA and MEP pathway
respectively. In land plants, isoprene units can be exchanged through chloroplast envelope by
that MVA and MEP pathways complement each other. However, any protein for isoprene unit
exchange has not been isolated so far (Bouvier et al., 2005; Joyard et al., 2009; Lohr et al., 2012).
Figure 1. Pathway for terpenoid biosynthesis
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Primary and terminal molecules are underlined respectively. Substrates multiply used are
shown in bold. [1]: putative Isoprene transporter. [2]: a predicted junction from the pentose
phosphate pathway to the MEP pathway in cyanobacteria. AACT, acetoacetyl-CoA thiolase;
CMK, 4-(cytidine 5’-diphospho)-2-C- methylerythritol kinase; DXR, 1-deoxy-D-xylulose 5-
phosphate reductoisomerase; DXS, 1-deoxy-D-xylulose 5-phosphate synthase; HDR, 4-
hydroxy-3-methylbut-2-en-1-yl diphosphate reductase; HDS, 4-hydroxy-3-methylbut-2-en-1-
yl diphosphate synthase; HMGS, 3-hydroxy-3-methylglutaryl-CoA synthase; HMGR, 3-
hydroxy-3-methylglutaryl-CoA reductase; IDI, isopentenyl diphosphate:dimethylallyl
diphosphate isomerase; MCT, 2-C-methyl-D-erythritol 4-phosphate cytidylyltransferase;
MDS, 2-C-methyl-D-erythritol 2,4-cyclodiphosphate synthase; MVD, mevalonate-5-diphos‐
phate decarboxylase; MVK, mevalonate kinase; PMK, 5-phosphomevalonate kinase.
In silico analysis suggested that algae have enzymes for terpenoid biosynthesis which resem‐
bles with those in land plants (Lohr et al., 2012; Sasso et al., 2011). On the other hand, MVA
pathway genes are often lost in some algae although such algal unique system remains to be
understood in future work (Lohr et al., 2012; Sasso et al., 2011). EST analysis on race A and B
of B. braunii revealed that MEP pathway genes are actively expressed but not MVA pathway
genes. Some secondary symbiotic algae possess a mosaic MVA pathway which involves
enzymes originated from both primary and secondary hosts (Lohr et al., 2012). MEP pathway
connected with the pentose phosphate pathway was observed in a species of cyanobacteria
although detailed mechanism is still not clear (Poliquin et al., 2004).
IPP and DMAPP are metabolically conjugated by condensation and dephosphorylation to
produce polyterpenoid. No ATP or reducing power is required when isoprene units get into
condensation reaction by head-to-tail conjunction (e.g. farnesyl pyrophosphate formation while
1NADPH is required in case of tail-to-tail condensation (e.g. squalene formation). Polyterpe‐
noid is individually or cooperatively synthesized either in the cytosol, plastid or mitochondri‐
on (Bouvier et al., 2005; Joyard et al., 2009; Lohr et al., 2012). Each terpenoid condensation enzyme
has  particular  specific  to  isoprene  molecules  such  as  mono-/sesqui-/di-/tri-/tetra-terpene,
respectively. Unlikely land plant, the biosynthesis of isoprene in green macroalgae proceeds via
MEP pathway in the plastid (Lohr et al., 2012) and it functions to produce special natural products
such as bioactive halogenated poly terpenoid (Moore, 2006). Vanadium bromoperoxidase is an
abundant enzyme to produce brominated products in all classes of marine macroalgae and
vanadium  iodoperoxidase  is  also  identified  and  characterized  (Moore,  2006).  However,
vanadium chloroperoxidase is not yet identified despite the abundance of chlorinated com‐
pounds in algae. These haloperoxidases catalyze both halogenation and cyclization to pro‐
duce various unique halogenated cyclic terpenoid in macrolagae, but such unique isoprene
condensing enzyme is not yet identified in microalgae (Sasso et al., 2011).
3. Hydrocarbon biosynthesis in algae
Table 2 shows a list of lipids and hydrocarbons which can be candidates for renewable energy
sources. These compounds are metabolites derived from the elemental lipids shown in Table
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because of technical restrictions (Sasso et al., 2011). In addition, biosynthetic processes of
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IPP or DMAPP via MEP using energy of three high-energy phosphate bonds on either ATP or
CTP and reducing power from at least 1NADPH and four reducing coenzymes (not completely
identified yet) (Hunter, 2007). One molecule of CO2 is released in MVA and MEP pathway
respectively. In land plants, isoprene units can be exchanged through chloroplast envelope by
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enzymes originated from both primary and secondary hosts (Lohr et al., 2012). MEP pathway
connected with the pentose phosphate pathway was observed in a species of cyanobacteria
although detailed mechanism is still not clear (Poliquin et al., 2004).
IPP and DMAPP are metabolically conjugated by condensation and dephosphorylation to
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1NADPH is required in case of tail-to-tail condensation (e.g. squalene formation). Polyterpe‐
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vanadium chloroperoxidase is not yet identified despite the abundance of chlorinated com‐
pounds in algae. These haloperoxidases catalyze both halogenation and cyclization to pro‐
duce various unique halogenated cyclic terpenoid in macrolagae, but such unique isoprene
condensing enzyme is not yet identified in microalgae (Sasso et al., 2011).
3. Hydrocarbon biosynthesis in algae
Table 2 shows a list of lipids and hydrocarbons which can be candidates for renewable energy
sources. These compounds are metabolites derived from the elemental lipids shown in Table
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1. Their pool sizes of metabolites in cells and production capability largely varies among
species and even strains of a certain species. The most extreme example can be seen in a colonial
oil-producing green alga B. braunii: a certain strain dominantly produces odd-chain fatty
hydrocarbons while another produces terpenoid derived hydrocarbons and those strains are
classified as race A, B and L.
Microalgal species/strains nominated as oil-producer are simply classified into three groups
by their main products: namely, hydrocarbons, TG/free fatty acids and the other lipids. For
example, bacteria (Schirmer et al., 2010), a unicellular green alga Pseudochoricystis ellipsoidea
(Satoh et al., 2010), a colonial green alga B. braunii race A (Yoshida et al., 2012) accumulate fatty
hydrocarbons. According to a recent review (Yoshida et al., 2012), B. braunii race B and L and
a heterotrophic Labyrinthulea Aurantiochytrium sp. produce terpenoid-derived hydrocarbons.
Green algae C. reinhardtii, Chlorella vulgaris, Chlorella protothecoides, diatoms, Nannochloropsis
spp. usually produce and accumulate TG and free fatty acids. E. gracilis Z produces wax ester
and accumulate it in the cell (Inui et al., 1982). Haptophytes, but only five species, produce
long-chain ketones, called as “alkenones” (Laws et al., 2001; Eltgroth et al., 2005; Toney et al.,
2012). Red and green macroalgal species, Gracilaria salicornia and Ulva lactuca, respectively,
contain only limited amounts of lipids including arachidonic acid and Docosapentaenoic acid
Name Structure Function
Odd-chain fattyhydrocarbon Hydrocarbonfrom fatty acid (C2n-1) Unknown








from fatty acid (C2n)
Unknown
Olefinichydrocarbon Hydrocarbon from fatty acidwith multiple
double bonds
Unknown
Terpenoid hydrocarbon Hydrocarbon from terpenoid Unknown
Table 2. Lipids and hydrocarbons for renewable energy source
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ranging 1~2% of dry weight (Tabarsa et al., 2012). Recent big news was that genetic transfor‐
mation by the particle-gun bombardment method was successfully established in alliphatic
hydrocarbon producing photosynthetic eukaryote Pseudochoricystis ellipsoidea (Trebouxiophy‐
ceae) (Imamura et al., 2012). This achievement may open a new trail toward the genetic
manipulation of metabolism for algal biofuel production.
3.1. Fatty hydrocarbons and the other fatty acid derivates
Alliphatic carbon-chain is a ubiquitous structure which exists in the molecules produced via
fatty acid biosynthesis in organisms. In this part we introduce some fatty acid derivatives and
their molecular properties and biosynthetic pathways.
3.1.1. Odd-chain fatty hydrocarbon
Bacteria, microalgae and land plants produce odd-chain hydrocarbons (Řezanka & Sigler,
2009; Tornabene, 1981). Plant wax constitutes of odd-chain hydrocarbons without any
branching, namely fatty hydrocarbons (Jetter & Kunst, 2008). This type of hydrocarbons is
suggested to be produced via the decarbonylation pathway (Jetter & Kunst, 2008; Schirmer et
al., 2010). First, acyl-CoA is reduced to form fatty aldehyde using 1NADPH as a reductant
cofactor (Schirmer et al., 2010; Willis et al., 2011). In pea, the decarbonylation reaction is
catalyzed by a membrane-bound enzyme, fatty acyl-CoA reductase (Cheesbrough & kolat‐
tukudy, 1984; Vioque & Kolattukudy, 1997) which is also present in the race A of B. braunii
(Wang & Kolattukudy, 1995).
A cyanobacterium Synechococcus elongatus PCC7942 has fatty acyl-ACP reductase which
prefers acyl-ACP, not acyl-CoA, as substrate (Schirmer et al., 2010). Bacterial gene for the
aldehyde-forming fatty acyl-CoA reductase was identified, but not eukaryotic gene yet. Fatty
aldehyde is decarbonylated to form odd-chain fatty hydrocarbons with a release of carbon
monoxide. Such aldehyde decarbonylase activity was successfully determined in land plants
(Jetter & Kunst, 2008), a colonial green alga B. braunii, and bacteria (Schirmer et al., 2010), but
its gene was identified only in bacteria at present (Schirmer et al., 2010). Using microsomal
preparations of B. braunii, alkane was proved to be synthesized from fatty acid and aldehyde
only under anaerobic conditions (Dennis & Kolattukudy, 1991). The aldehyde decarbonylase
is a cobalt porphyrin enzyme which was suggested to locate in the microsomes (Dennis &
Kolattukudy, 1992). However, it is not known yet how intracellular hydrocarbons are trans‐
ferred to extracellular space in race A of B. braunii (Casadevall et al., 1985; Largeau et al.,
1980; Templier et al., 1992). In addition, an enzyme for the synthesis of odd-chain fatty
hydrocarbons is unidentified yet since the product of the enzyme was different from native
hydrocarbons of B. braunii by lacking terminal double bond seen in the natural product.
Although decarbonylation reaction does not require any reductant, the reaction of in vitro
decarbonylation from octadecanal to heptadecane was observed only in the presence of
ferredoxin, ferredoxin reductase and NADPH. This result suggest essential requirement of
reductant for aldehyde decarbonylase to exhibit activity in the cyanobacterium Nostoc
punctiforme PCC73102 (Schirmer et al., 2010).
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Wax esters consist of fatty acids (acyl-CoAs in vivo) and fatty alcohols and are one of compo‐
nents of plant cuticles or seed oils (Jetter & Kunst, 2008; Kunst & Samuels, 2009). E. gracilis
produces wax esters under either heterotrophic or anaerobic conditions (Inui et al., 1982). Wax
esters are produced by condensation of fatty acids and primary alcohols which are synthesized
from acyl-CoAs (see also 3.1.5. Even-chain fatty hydrocarbon). Wax ester synthase/acyl-CoA:di‐
acylglycerol acyltransferase (WSD1) is a condensation enzyme identified in A. thaliana (Li et
al., 2008). In E. gracilis, both NADH-requiring alcohol-forming fatty acyl-CoA reductase
(EgFAR) and wax synthase (EgWS) are already identified and the sequences of those genes
showed similarity with those of jojoba (land plant) (Teerawanichpan & Qiu, 2010). EgWS
utilizes a broad range of fatty acyl-CoAs and fatty alcohols as substrates with the preference
towards myristic acid and palmitoleyl alcohol (Teerawanichpan & Qiu, 2010). Those substrates
are suggested to be produced via various fatty acid synthetic pathways in this alga (see 2.1.
Fatty acid biosynthesis).
3.1.3. Alkenones
At least five species of haptophyceae (Chrysotile lamellose, Emiliania. huxleyi, Gephyrocapsa
oceanica, Isochrysis galbana, Pseudoisochrysis sp.) were reported to accumulate highly alkenes,
alkenoates (PUVLCFA-methyl/ethyl esters) and alkenones (PUVLC ketones) (Eltgroth et al.,
2005; Laws et al., 2001; Toney et al., 2012). In this section, we call those compounds “alkenones”
for our convenience. “Alkenones” are discriminated from the other lipids by 2 to 4 trans-carbon
double bonds stocked under low temperature conditions, and by its remarkable length (about
C38). “Alkenones” are suggested to be synthesized near the chloroplast, and then stored in the
intracellular lipid body (Eltgroth et al., 2005). Mechanisms for alkenone biosynthesis and its
desaturation are not known yet. Alkenones may act as a storage lipid since behavior of
alkenones was shown to be similar to TG in the other algae functioning storage lipids (Eltgroth
et al., 2005).
3.1.4. Heterocyst glycolipid
The heterocyst of cyanobacterium Anabaena sp. PCC 7120 is surrounded by cell wall involving
unique glycolipids as a component (heterocyst glycolipid: HGL) (Bauersachs et al., 2009; Awai
& Wolk, 2007). HGL may be a good source of biofuel since such sugar-conjugated molecule
(aglycon) is changed to C26-28 fatty polyhydric alcohol or ketone by removing sugar residues.
HGL is known to be biosynthesized from fatty polyhydric alcohol via an unknown pathway
which may be composed of fatty acid and/or polyketide synthetic enzymes (Awai & Wolk,
2007; Bauersachs et al., 2009) as its mechanisms including transportation of HGL during
heterocyst development has been well studied (Bauersachs et al., 2009; Nicolaisen et al., 2009).
Fatty polyhydric alcohol is metabolized to glycoside by the catalysis of glycosyltransferase
(HGL formation protein: HglT) (Awai & Wolk, 2007).
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3.1.5. Even-chain fatty hydrocarbon
The bacterium Vibrio furnissi M1 was suggested to synthesize even-chain fatty hydrocarbons
by the reduction of fatty acids through primary fatty alcohols (Park, 2005). Primary fatty
alcohols are commonly synthesized from acyl-CoA by either one-step or two-step reductions.
The one-step reduction is catalyzed by “alcohol-forming” fatty acyl-CoA reductase of which
gene was already identified in bacteria (Willis et al., 2011) and various eukaryotes such as land
plants and Euglena (Teerawanichpan & Qiu, 2010; Vioque & Kolattukudy, 1997). The two-step
reduction reactions are catalyzed by two enzymes: namely, “aldehyde-forming” fatty acyl-
CoA reductase and then fatty aldehyde reductase of which gene is identified only in bacteria
(Wahlen et al., 2009). In the two-step reductive reactions, 2NADPH are necessary to reduce
acyl-CoA to primary fatty alcohol. However, mechanism for consequential reactions to form
even-chain fatty hydrocarbon by reducing fatty alcohol has not been identified yet (Park,
2005) but elucidation of the mechanism and knowledge on its distribution among species are
very important for the progress of biofuel production.
3.1.6. Olefinic hydrocarbon
Olefinic hydrocarbons contain many unsaturated bonds in the molecule. Ole (olefin) ABCD is
a gene set harbored in bacteria and catalyzes the production of an olefinic hydrocarbon
molecule by head-to-head condensation reaction (Beller et al., 2010; Sukovich et al., 2010a;
Sukovich et al., 2010b). The head-to-head condensation reaction is summarized as follows: 1)
a carboxyl group (R1-COOH) of fatty acid X is reduced to a carbonyl group (R1-CHO) ; 2) the
carbonyl (or thioester (R1-CO-S-CoA with carbon number x)) group of X reacts with an alpha-
carbon of another fatty acid Y (R2- H2-COOH with carbon number y) to combine by forming
a hydroxyl group (-OH) and releasing one carbon molecule; 3) the hydroxyl group changes
into a carbon double bond (R1-C=- R2); 4) the reduction of the carbon double bond results to
produce hydrocarbon molecule with carbon number of [x + y – 1] (Albro & Dittmer, 1969). So,
acyl-CoA can react with an alpha-carbon of fatty acid instead of carbonyl unit of the aldehyde
(Sukovich et al., 2010a). As the gene set oleABCD was recently identified, further kinetic and
phylogenic studies can be performed.
3.2. Hydrocarbon biosynthesis from isoprene: A novel terpenoid hydrocarbon biosynthetic
pathway in a colonial green alga Botryococcus braunii (race B)
A colonial green alga B. braunii produces hydrocarbon up to 75% of its dry weight (Yoshida et
al., 2012). B. braunii is generally classified into three races by its products: race A produces odd-
chain fatty hydrocarbons (alkadiene, alkatriene); race B (triterpene) and L (tetraterpene)
produces hydrocarbons from isoprene, namely terpenoid hydrocarbons (Yoshida et al., 2012).
B. braunii cells are botryoidally-aggregated by a network of covalently and/or non-covalently
conjugated hydrocarbon molecules to build colony structure: namely, as structural hydrocar‐
bons (Metzger et al., 1993; Metzger et al., 2007; Metzger et al., 2008). Extracellular space is filled
with liquid hydrocarbons being discriminated from the structural hydrocarbons (Weiss et al.,
2012). Hydrocarbon biosynthesis in the race A is partially understood but no recent progress
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The bacterium Vibrio furnissi M1 was suggested to synthesize even-chain fatty hydrocarbons
by the reduction of fatty acids through primary fatty alcohols (Park, 2005). Primary fatty
alcohols are commonly synthesized from acyl-CoA by either one-step or two-step reductions.
The one-step reduction is catalyzed by “alcohol-forming” fatty acyl-CoA reductase of which
gene was already identified in bacteria (Willis et al., 2011) and various eukaryotes such as land
plants and Euglena (Teerawanichpan & Qiu, 2010; Vioque & Kolattukudy, 1997). The two-step
reduction reactions are catalyzed by two enzymes: namely, “aldehyde-forming” fatty acyl-
CoA reductase and then fatty aldehyde reductase of which gene is identified only in bacteria
(Wahlen et al., 2009). In the two-step reductive reactions, 2NADPH are necessary to reduce
acyl-CoA to primary fatty alcohol. However, mechanism for consequential reactions to form
even-chain fatty hydrocarbon by reducing fatty alcohol has not been identified yet (Park,
2005) but elucidation of the mechanism and knowledge on its distribution among species are
very important for the progress of biofuel production.
3.1.6. Olefinic hydrocarbon
Olefinic hydrocarbons contain many unsaturated bonds in the molecule. Ole (olefin) ABCD is
a gene set harbored in bacteria and catalyzes the production of an olefinic hydrocarbon
molecule by head-to-head condensation reaction (Beller et al., 2010; Sukovich et al., 2010a;
Sukovich et al., 2010b). The head-to-head condensation reaction is summarized as follows: 1)
a carboxyl group (R1-COOH) of fatty acid X is reduced to a carbonyl group (R1-CHO) ; 2) the
carbonyl (or thioester (R1-CO-S-CoA with carbon number x)) group of X reacts with an alpha-
carbon of another fatty acid Y (R2- H2-COOH with carbon number y) to combine by forming
a hydroxyl group (-OH) and releasing one carbon molecule; 3) the hydroxyl group changes
into a carbon double bond (R1-C=- R2); 4) the reduction of the carbon double bond results to
produce hydrocarbon molecule with carbon number of [x + y – 1] (Albro & Dittmer, 1969). So,
acyl-CoA can react with an alpha-carbon of fatty acid instead of carbonyl unit of the aldehyde
(Sukovich et al., 2010a). As the gene set oleABCD was recently identified, further kinetic and
phylogenic studies can be performed.
3.2. Hydrocarbon biosynthesis from isoprene: A novel terpenoid hydrocarbon biosynthetic
pathway in a colonial green alga Botryococcus braunii (race B)
A colonial green alga B. braunii produces hydrocarbon up to 75% of its dry weight (Yoshida et
al., 2012). B. braunii is generally classified into three races by its products: race A produces odd-
chain fatty hydrocarbons (alkadiene, alkatriene); race B (triterpene) and L (tetraterpene)
produces hydrocarbons from isoprene, namely terpenoid hydrocarbons (Yoshida et al., 2012).
B. braunii cells are botryoidally-aggregated by a network of covalently and/or non-covalently
conjugated hydrocarbon molecules to build colony structure: namely, as structural hydrocar‐
bons (Metzger et al., 1993; Metzger et al., 2007; Metzger et al., 2008). Extracellular space is filled
with liquid hydrocarbons being discriminated from the structural hydrocarbons (Weiss et al.,
2012). Hydrocarbon biosynthesis in the race A is partially understood but no recent progress
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was reported (see 3.1.1. Odd-chain fatty hydrocarbon). Properties of the race B hydrocarbons are
mostly well-known although the race L is still enigmatic.
The race B hydrocarbons are methylsqualene and botryococcene which are specifically
produced by B. braunii. The amount of the race B hydrocarbons accumulated in the colony did
not decrease in the dark, suggesting that extracellular hydrocarbons are a physiologically
inactive storage compounds (Sakamoto et al., 2012). C5-isoprene unit for synthesizing hydro‐
carbon molecules is supplied via MEP pathway in B. braunii (Sato et al., 2003) (see 2.4. Terpenoid
biosynthesis). The enzyme 1-deoxy-D-xylulose-5-phosphate synthase catalyzes the first step of
the MEP pathway and its three distinct isoforms are well-characterized (Matsushima et al.,
2012). ESTs of most genes in the MEP pathway, but never the MVA pathway, are already
obtained by transcriptome analysis although those are not completely cloned and character‐
ized yet (Ioki et al., 2012a; Ioki et al., 2012b). Botryococcene is known to be synthesized via a
similar pathway to squalene biosynthesis besides of cleavage manner of cyclopropane base in
a precursor, presqualene pyrophosphate (PSPP) (Metzger & Largeau, 2005; Banerjee et al.,
2002). Squalene synthase, which is widely observed in eukaryotes, catalyzes two step reactions:
namely, (1) condensation of two farnesyldiphosphates (FPP, triterpene) to form PSPP and (2)
dephospholylation, cyclopropane cleavage, carbon bond reformation and NADPH-dependent
reduction of PSPP to produce squalene (Okada, 2012; Jennings et al., 1991). These two reactions
are catalyzed at the domain 3 and 4 for 1st reaction and the domain 5 for 2nd reaction of six
domains sequentially (Gu et al., 1998). Botoryococcus squalene synthase (BSS) was isolated by
methods of homology screening of cDNA library based on its putative homologous sequence
obtained by the degenerate PCR method to already known squalene synthase (Okada et al.,
2000). BSS expressed in E. coli produced only squalene but not botryococcene (Okada et al.,
2000). Squalene synthase like-1 (SSL-1) is a protein which is homologous to BSS possessing
quite different amino acid sequence at the domain 5 (Niehaus et al., 2011). The purified SSL-1
did not function to produce neither botryococcene nor squalene in vitro. Instead, SSL-1
stimulates botryococcene production when it was added to B. braunii cell extracts. Further‐
more, over expression of SSL-1 in FPP accumulating yeast resulted in the accumulation of
presqualene alcohol (dephospholylated PSPP) in the cells. These results suggested that SSL-1
functions as PSPP synthase but subsequent reactions for squalene synthesis are catalyzed by
other enzymes (Niehaus et al., 2011). SSL-2 and SSL-3 are proteins which are also homologous
to BSS (Niehaus et al., 2011). SSL-2 catalyzes two NADPH-dependent reactions for the
production of squalene from PSPP and bisfarnesyl ether with a little squalene from FPP. SSL-3
catalyzes a NADPH-dependent reaction to form botryococcene from PSPP. These results
suggest that the pathway for terpenoid hydrocarbon biosynthesis in B. braunii is quite unique
although cooperation of BSS, SSL-1, SSL-2, and SSL-3 is still unclear (Niehaus et al., 2011). After
the synthesis, both squalene and botryococcene are subsequently methylated but the number
of methylation is variable. The name of botryococcene was originally designated to methylated
botryococcene but now it is used for both compounds. The methyl group is transferred from
S-adenosyl methionine by triterpene methyltransferases (TMTs) although completely methy‐
lated (tetra-methylated) squalene and botryococcene is not yet produced in vitro (Niehaus et
al., 2012).
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4. Carbon flow and energy balance in lipid and hydrocarbon biosynthetic
pathways
In Table 3 and Fig. 1, lipid and hydrocarbon biosynthetic pathways are summarized. All
hydrocarbons are produced from precursors (namely acyl-ACP or IPP/DMAPP) which are
produced from three primary metabolites; acetyl-CoA, pyruvate and GAP. GAP should be the
primary metabolite during photosynthesis and transported into the cytosol. Then acetyl-CoA
and pyruvate are sequentially produced from GAP in the glycolysis. On the other hand, acetyl-
CoA is primarily produced by the degradation of various lipids via β-, α-, and ω- oxidation
(Graham & Eastmond, 2002). Any pathway for hydrocarbon production includes decarboxy‐
lation of carbon chain supplied as substrate and consumption of ATP and reducing power (see
the MVA/MEP pathway and glycolysis in Fig. 1). GAP production mostly depends on carbon
fixation rate by the photosynthetic C3 cycle and the process seems to be the most effective
limiting factor for hydrocarbon production. Gene expression level for fatty acid synthesis is
relatively higher in race A (fatty hydrocarbon) than race B (terpenoid hydrocarbon) in B.
braunii while the expression of isoprene synthetic genes showed opposite trend (Ioki et al.,
2012c). Transcriptional regulation network of fatty acid metabolism is well studied in E. coli
(Fujita et al., 2007) but not yet in the other organisms. Carbon allocation into lipids is known
to be affected by environmental change via metabolic regulation; e.g. wax ester fermentation
in E. gracilis under anaerobic conditions (Tucci et al., 2010), TG accumulation in algae under
nutrient deficiency such as nitrogen (Hu et al., 2008; Miao & Wu, 2006) and under cold-stress
(Li et al., 2011; Renaud et al., 1995). On the other hand, such environmental changes do not
affect carbon allocation into hydrocarbon in B. braunii (Baba et al., 2012b; Metzger & Largeau,
2005; Sakamoto et al., 2012).
Supply of inorganic and organic carbon sources, nutrient deficiency and low-temperature are
empirically known to be stimulating factors for lipid biosynthesis. Enrichment of CO2 as
inorganic carbon source stimulated lipid biosynthesis and cell growth by accelerating photo‐
synthetic carbon fixation in microalgae (Kumar et al., 2010). Neutral lipid production and
accumulation was strongly accelerated in the presence of exogenous organic carbon source by
accompanying with abolishing chlorophylls in a unicellular green alga Chlorella protothe‐
coides (Miao & Wu, 2006). Nitrogen is the most effective factor for changing carbon/nitrogen
metabolism and stimulates neutral lipid accumulation under N-deficient conditions (Hu et al.,
2008). However, nitrogen deficiency diminishes whole cellular productivity and therefore the
metabolic regulation to stimulating lipid biosynthesis does not always result in the increase in
gross productivity of lipids. Lipid accumulation under cold (Li et al., 2011; Renaud et al.,
1995) or other stress conditions (e.g., nutrient limitation at the stationary growth phase) also
induce change in metabolisms. Either cold or high-salinity stress (Lu et al., 2009) stimulates
lipid desaturation catalyzed by various lipid desaturases. Desaturation degree influences
properties of lipids such as melting point, reactivity, odor, degradability and so on. Lipid
biosynthesis by microalgae was shown to be affected by changing wavelength, namely
stimulation of lipid production by red light, via the modulation of nitrogen and carbon
metabolism in the cells (Miyachi et al., 1978).
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was reported (see 3.1.1. Odd-chain fatty hydrocarbon). Properties of the race B hydrocarbons are
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2002). Squalene synthase, which is widely observed in eukaryotes, catalyzes two step reactions:
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reduction of PSPP to produce squalene (Okada, 2012; Jennings et al., 1991). These two reactions
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2000). BSS expressed in E. coli produced only squalene but not botryococcene (Okada et al.,
2000). Squalene synthase like-1 (SSL-1) is a protein which is homologous to BSS possessing
quite different amino acid sequence at the domain 5 (Niehaus et al., 2011). The purified SSL-1
did not function to produce neither botryococcene nor squalene in vitro. Instead, SSL-1
stimulates botryococcene production when it was added to B. braunii cell extracts. Further‐
more, over expression of SSL-1 in FPP accumulating yeast resulted in the accumulation of
presqualene alcohol (dephospholylated PSPP) in the cells. These results suggested that SSL-1
functions as PSPP synthase but subsequent reactions for squalene synthesis are catalyzed by
other enzymes (Niehaus et al., 2011). SSL-2 and SSL-3 are proteins which are also homologous
to BSS (Niehaus et al., 2011). SSL-2 catalyzes two NADPH-dependent reactions for the
production of squalene from PSPP and bisfarnesyl ether with a little squalene from FPP. SSL-3
catalyzes a NADPH-dependent reaction to form botryococcene from PSPP. These results
suggest that the pathway for terpenoid hydrocarbon biosynthesis in B. braunii is quite unique
although cooperation of BSS, SSL-1, SSL-2, and SSL-3 is still unclear (Niehaus et al., 2011). After
the synthesis, both squalene and botryococcene are subsequently methylated but the number
of methylation is variable. The name of botryococcene was originally designated to methylated
botryococcene but now it is used for both compounds. The methyl group is transferred from
S-adenosyl methionine by triterpene methyltransferases (TMTs) although completely methy‐
lated (tetra-methylated) squalene and botryococcene is not yet produced in vitro (Niehaus et
al., 2012).
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4. Carbon flow and energy balance in lipid and hydrocarbon biosynthetic
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In Table 3 and Fig. 1, lipid and hydrocarbon biosynthetic pathways are summarized. All
hydrocarbons are produced from precursors (namely acyl-ACP or IPP/DMAPP) which are
produced from three primary metabolites; acetyl-CoA, pyruvate and GAP. GAP should be the
primary metabolite during photosynthesis and transported into the cytosol. Then acetyl-CoA
and pyruvate are sequentially produced from GAP in the glycolysis. On the other hand, acetyl-
CoA is primarily produced by the degradation of various lipids via β-, α-, and ω- oxidation
(Graham & Eastmond, 2002). Any pathway for hydrocarbon production includes decarboxy‐
lation of carbon chain supplied as substrate and consumption of ATP and reducing power (see
the MVA/MEP pathway and glycolysis in Fig. 1). GAP production mostly depends on carbon
fixation rate by the photosynthetic C3 cycle and the process seems to be the most effective
limiting factor for hydrocarbon production. Gene expression level for fatty acid synthesis is
relatively higher in race A (fatty hydrocarbon) than race B (terpenoid hydrocarbon) in B.
braunii while the expression of isoprene synthetic genes showed opposite trend (Ioki et al.,
2012c). Transcriptional regulation network of fatty acid metabolism is well studied in E. coli
(Fujita et al., 2007) but not yet in the other organisms. Carbon allocation into lipids is known
to be affected by environmental change via metabolic regulation; e.g. wax ester fermentation
in E. gracilis under anaerobic conditions (Tucci et al., 2010), TG accumulation in algae under
nutrient deficiency such as nitrogen (Hu et al., 2008; Miao & Wu, 2006) and under cold-stress
(Li et al., 2011; Renaud et al., 1995). On the other hand, such environmental changes do not
affect carbon allocation into hydrocarbon in B. braunii (Baba et al., 2012b; Metzger & Largeau,
2005; Sakamoto et al., 2012).
Supply of inorganic and organic carbon sources, nutrient deficiency and low-temperature are
empirically known to be stimulating factors for lipid biosynthesis. Enrichment of CO2 as
inorganic carbon source stimulated lipid biosynthesis and cell growth by accelerating photo‐
synthetic carbon fixation in microalgae (Kumar et al., 2010). Neutral lipid production and
accumulation was strongly accelerated in the presence of exogenous organic carbon source by
accompanying with abolishing chlorophylls in a unicellular green alga Chlorella protothe‐
coides (Miao & Wu, 2006). Nitrogen is the most effective factor for changing carbon/nitrogen
metabolism and stimulates neutral lipid accumulation under N-deficient conditions (Hu et al.,
2008). However, nitrogen deficiency diminishes whole cellular productivity and therefore the
metabolic regulation to stimulating lipid biosynthesis does not always result in the increase in
gross productivity of lipids. Lipid accumulation under cold (Li et al., 2011; Renaud et al.,
1995) or other stress conditions (e.g., nutrient limitation at the stationary growth phase) also
induce change in metabolisms. Either cold or high-salinity stress (Lu et al., 2009) stimulates
lipid desaturation catalyzed by various lipid desaturases. Desaturation degree influences
properties of lipids such as melting point, reactivity, odor, degradability and so on. Lipid
biosynthesis by microalgae was shown to be affected by changing wavelength, namely
stimulation of lipid production by red light, via the modulation of nitrogen and carbon
metabolism in the cells (Miyachi et al., 1978).
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Name Reactions Products Notes
Carbon chain biosynthesis
Fatty acid biosynthesis (C2) acyl(n)-ACP + acetyl-CoA (+ CO2) + ATP + 2NADPH + 2H+→ acyl(n





Fatty acid biosynthesis (C2) acyl(n)-CoA + acetyl-CoA + 2NADPH + 2H+→ acyl(n+2)-CoA + H2O





Fatty acid biosynthesis (C2) acyl(n)-CoA + acetyl-CoA + 2NADPH + 2H+→ acyl(n+2)-CoA + H2O





MVApathway (C5) 3acetyl-CoA + H2O + 3ATP + 2NADPH + 2H+→ IPP + 3CoA + CO2 +
3ADP +Pi + 2NADP+ ; IPP ⇌ DMAPP
Isoprene Reference
pathway
MEP pathway (C5) pyruvate + GAP + ATP + CTP + NADPH + 4e- + 5H+→ IPP (DMAPP) +




Fatty acid elongation (C2) acyl(n)-CoA + acetyl-CoA (+ CO2) + ATP + 2NADPH + 2H+→ acyl(n





Fatty acid elongation (C2) acyl(n)-CoA + acetyl-CoA + 2NADPH + 2H+→ acyl(n+2)-CoA + H2O












2 isoprene + NADPH




Fatty acid (ACP/CoA) reduction
Fatty aldehyde formation acyl-CoA + NADPH + H+




Fatty aldehyde formation acyl-ACP + NADPH + H+




Alcohol formation acyl-CoA + 2NADPH + 2H+




Alcohol formation fatty aldehyde + NADPH + H+






Aldehyde decarbonylation fatty aldehyde(n)






Alcohol reduction fatty alcohol (n)















Fatty acid/alcohole sterification fatty acyl-CoA(X) + fatty alcohol(Y)
→ wax ester (X+Y) + CoA
Wax ester Reference reaction
Table 3. Carbon flow, consumption of ATP and reducing power in lipid and hydrocarbon biosynthetic pathways
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aRepresentative localization of pathways in algae and plants.
bC10, mono-terpene is indicated as a model product which is typically synthesized via GPP in vivo.
Figure 2. Carbon flow, consumption of ATP and reducing power in lipid biosynthetic pathways. Black- or blue-chained
spheres indicate C-C chain. Orange- or Yellow-colored circles indicate Pi in various compounds including IPP, DMAPP,
ATP and so on. Difference in color of box-frames indicates difference in localization of pathways. Fatty acid biosynthe‐
sis in engineered E. coli and fatty acid (~C4) elongation in human mitochondria are not shown here since those reac‐
tions are same as those in mitochondria of E. gracilis; namely, reversal pathway of β-oxidation. Detailed information is
written in the text. GPP, geranyl diphosphate.
5. Future perspective of algal lipid biosynthetic pathways
Recent in silico analysis suggested the presence of some unique lipid-metabolic pathways in
algae although those are not characterized yet (e.g., see Table3 and 3. Hydrocarbon biosynthesis
in algae). Therefore, research on algal lipid biosynthetic pathways should be unavoidably
worthy task to increase industrial algal-oil production. Study on lipid metabolism is also
beneficial for useful and biologically active organic material production to achieve the
invention of manufactural lipid synthesis. One of such good examples is the manipulation of
β-oxidation to proceed for reversal direction in E. coli (Dellomonaco et al., 2011), the construc‐
tion of recursive “+1” pathway by genetic engineering in contrast to “+2” fatty acid and “+5”
isoprene pathways (Marcheschi et al., 2012). Increase in lipid production by eukaryotic algae
strongly can be achieved by metabolic manipulation by controlling strict redox status and
subcellular compartment of metabolisms.
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aRepresentative localization of pathways in algae and plants.
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tions are same as those in mitochondria of E. gracilis; namely, reversal pathway of β-oxidation. Detailed information is
written in the text. GPP, geranyl diphosphate.
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Recent in silico analysis suggested the presence of some unique lipid-metabolic pathways in
algae although those are not characterized yet (e.g., see Table3 and 3. Hydrocarbon biosynthesis
in algae). Therefore, research on algal lipid biosynthetic pathways should be unavoidably
worthy task to increase industrial algal-oil production. Study on lipid metabolism is also
beneficial for useful and biologically active organic material production to achieve the
invention of manufactural lipid synthesis. One of such good examples is the manipulation of
β-oxidation to proceed for reversal direction in E. coli (Dellomonaco et al., 2011), the construc‐
tion of recursive “+1” pathway by genetic engineering in contrast to “+2” fatty acid and “+5”
isoprene pathways (Marcheschi et al., 2012). Increase in lipid production by eukaryotic algae
strongly can be achieved by metabolic manipulation by controlling strict redox status and
subcellular compartment of metabolisms.
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Genetic engineering in eukaryotic algae is important technology to be established although it
still is quite challenging (Gong et al., 2011; Radakovits et al., 2010). It is highly expected that
algal oil is efficiently produced with high purity since it is produced by enzymatic reactions
in homogenous productive cells. So, characteristics of products, such as chain length and
number of double bond in the molecule, can be modified by genetic engineering (Gong & Jiang,
2011; Radakovits et al., 2010). Further, facilitation of lipid extraction (e.g. lipid auto-secretion
from cells to the medium) (Cho & Cronan, 1995; Liu et al., 2010; Michinaka et al., 2003; Nojima
et al., 1999) and cell precipitation control (Kawano et al., 2011)) are important to be improved
since such processes consume vast energy at industrial process of production. It is noteworthy
that direct extraction of oil from B. braunii was already achieved to reduce energy and cost
(Frenz et al., 1989; Kanda et al., in press). In cyanobacteria, trial to generate hydrocarbon
tolerant species was just started (Liu et al., 2012).
Finding of limiting step in whole photosynthetic CO2 fixation process is also important to
increase lipid productivity. Algae have evolved by developing ability to facilitate the utiliza‐
tion of ambient level of CO2 by the action of innate CO2 concentrating mechanisms (Giordano
et al., 2005; Raven, 2010). Exogenous CO2 supplementation recovers cells from CO2-limitation
when cells are exposed such conditions within few hours. However, the photosynthetic
activity quickly changes to optimize their ability to exposed conditions since algal cells possess
ability to adapt/acclimate to environmental change. The maximal carbon fixation rate and high-
CO2 tolerance are highly depend on microalgal species/strain and therefore CO2-enrichment
is not so beneficial for the improvement of cost and energy performance of microalgal
production (Baba & Shiraiwa, 2012). Further investigation is necessary to produce newly-
engineered algal cells which exhibit high and efficient CO2-utilization and -fixation ability with
enhanced photosynthesis and lipid productivity.
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in homogenous productive cells. So, characteristics of products, such as chain length and
number of double bond in the molecule, can be modified by genetic engineering (Gong & Jiang,
2011; Radakovits et al., 2010). Further, facilitation of lipid extraction (e.g. lipid auto-secretion
from cells to the medium) (Cho & Cronan, 1995; Liu et al., 2010; Michinaka et al., 2003; Nojima
et al., 1999) and cell precipitation control (Kawano et al., 2011)) are important to be improved
since such processes consume vast energy at industrial process of production. It is noteworthy
that direct extraction of oil from B. braunii was already achieved to reduce energy and cost
(Frenz et al., 1989; Kanda et al., in press). In cyanobacteria, trial to generate hydrocarbon
tolerant species was just started (Liu et al., 2012).
Finding of limiting step in whole photosynthetic CO2 fixation process is also important to
increase lipid productivity. Algae have evolved by developing ability to facilitate the utiliza‐
tion of ambient level of CO2 by the action of innate CO2 concentrating mechanisms (Giordano
et al., 2005; Raven, 2010). Exogenous CO2 supplementation recovers cells from CO2-limitation
when cells are exposed such conditions within few hours. However, the photosynthetic
activity quickly changes to optimize their ability to exposed conditions since algal cells possess
ability to adapt/acclimate to environmental change. The maximal carbon fixation rate and high-
CO2 tolerance are highly depend on microalgal species/strain and therefore CO2-enrichment
is not so beneficial for the improvement of cost and energy performance of microalgal
production (Baba & Shiraiwa, 2012). Further investigation is necessary to produce newly-
engineered algal cells which exhibit high and efficient CO2-utilization and -fixation ability with
enhanced photosynthesis and lipid productivity.
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1. Introduction
Microalgae have been studied in the laboratory and in mass outdoor cultures for more than a
century and our initial understanding of photosynthesis became unravelled in the laboratories
of Otto Warburg. The breakthrough in his laboratories came when he started using Chlorella
as model organism [1]. As Grobbelaar [2] pointed out, applied phycology and the mass
production of microalgae, became a reality in the 1940’s. Since then, microalgae have been
grown for a variety of potential applications, such as the production of lipids for energy using
flue-gasses, anti-microbial substances, cheap proteins for human nutrition and the production
of various bio-chemicals. At present the focus is on bioenergy [3], however, their only real
success has been in wastewater treatment. A major frustration for microalgal biotechnologists
has been the realization of much lower yields than what is potentially possible from laboratory
measurements. The inability to operate photo-bioreactors including raceway ponds, at
maximal photosynthetic efficiencies, impacts directly on the economies of scale. Because of
this many large-scale projects have not delivered what was predicted and many investors have
lost their investments. Richmond’s [4] observation that “Microalga culture however is yet very
far from supplying any basic human needs..” is as true today as then and he concluded that
“the major reason for this stems from the failure to develop production systems which utilize
solar energy efficiently”. A consequence of low yields is high production costs rendering this
technology only suited for exclusive high-priced products.
With the above in mind one can pose the question “whether this technology is a mere dream
for cheap mass production of biomass or whether it is only suited for high valued compo‐
nents?” A container is required for the growth of microalgae and to date a distinction is made
between open pond systems and photo-bioreactors. Grobbelaar [5] argued that open pond
systems where microalgae are grown at high densities are in fact also photo-bioreactors.
© 2013 Grobbelaar; licensee InTech. This is an open access article distributed under the terms of the Creative
Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
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However, photo-bioreactors are generally considered to be systems in which the culture has
no or minimal contact with the atmosphere and they can be of a variety of designs, such as
tubes, plates, coils, bags, etc. [6]. Open ponds, on the other hand, have a large area that is in
contact with the atmosphere, but they can be enclosed in e.g. plastic covered greenhouse
tunnels. Richmond [4] stated that the major weaknesses of open ponds are the absence of
temperature control and the long light-path of about 15 cm. The latter results in large culture
volumes and consequently low cell mass densities. The question of temperature control is
debatable since the temperature fluctuations will be less in large culture volumes, compared
to short light-path cultures with small areal volumes.
Grobbelaar [5] analysed the factors governing microalgal growth in “open” and “closed”
systems and concluded that the culture depth (optical-depth/light-path) is the single most
important factor that determines microalgal growth and photo-bioreactor productivity. Here
we analyse the various variables that could impact on microalgal photosynthesis, especially
in large commercial scale production systems, with the aim to develop high yielding micro‐
algal production systems that could be scaled-up. Results generated in small high density
laboratory cultures have little value when mega ton production plants are required and it is
generally agreed that open raceway ponds would be the means of large commercial outdoor
cultivation. For this reason, this paper will focus mainly on open raceway production systems
for the intensive production of microalgal biomass.
2. Open raceway ponds
A number of microalgal species have successfully been grown in open raceway ponds, such
as Chlorella, Scenedesmus, Spirulina, Heamatococcus and Nannochloropsis. Commercial outdoor
cultivation is mostly restricted to warm tropical and sub-tropical areas, preferably with low
rainfall and cloud cover. Detailed construction details are not readily available because of
commercial sensitivity, however, basic information can be found for open raceway systems in
e.g. [7-9], centre pivot circular ponds have been used in Japan and Taiwan [10], and sloping
cascade ponds in the Czech Republic [11]. Raceway ponds are by far the industrial choice,
followed by horizontally stacked tubular systems.
The basic components of open raceway ponds are an oval basin with a central island around
which the cultures are stirred. The basins could be excavated or constructed above ground.
An impermeable PVC liner is commonly used to seal the ponds. However, open raceway
ponds have been constructed using concrete and cement, fibre-glass and even epoxy-coated
concrete. Determining factors that dictate the materials used are costs and the requirements of
the specific application. For example Spirulina and Dunaliella are grown in high saline growth
media that corrodes concrete over time. Another important consideration is the potential
toxicity of the materials used, either for the microalgae as such or the quality of the products
produced. Since the basins need to be cleaned from time to time, the materials used should be
rigid enough to withstand some abrasive actions and repairs should be simple.
Photosynthesis358
Culture depth varies from 10 to 50 cm with 15 cm as the most common [7]. Culture depth
(optical depth/light-path) is an important factor because it influences pond construction,
biomass density, harvesting costs and pond operation. Culture depths of <15 cm becomes an
engineering challenge, especially when pond areas are > 500 m2. Any variances can influence
the areal density and light penetration, as well as flow and mixing (see below). The deeper the
ponds the more dilute the algal suspension becomes because of the larger culture volumes and
consequently the higher the harvesting costs. Larger culture volumes imply handling and
moving large quantities of liquid, which in itself becomes an engineering challenge.
Various devices have been proposed to circulate and mix the cultures, such as low shear force
pumps, air-lifts and paddle wheels [12]. Paddle wheels have become the industrial standard
and although various designs and concepts have been used the basic requirement is to circulate
the culture and not to lift or aerate it [13]. Flow velocities of 15 to 35 cm s-1 are common and
Borowitzka [9] calculated that a 2 kW motor is sufficient to produce speeds of 30 cm s-1 in a
1000 m2 raceway pond.
In the design of open ponds, a deeper portion is used as a sump for harvesting and cleaning.
Also high photosynthetic rates require the addition of CO2 and depending upon the size of the
ponds, carbonation should be applied through pH-controlled sparging at various points to
maintain a pre-determined pH range [14].
3. Growing microalgae in open outdoor raceway ponds
Growing microalgae in large outdoor open raceway ponds is very different to growing them
under controlled optimal conditions in the laboratory and according to Grobbelaar [5], the
questions applied phycologists need to resolve are:
1. How to improve the capture of light energy, uptake of nutrients and CO2?
2. The role of excreted metabolites and auto-inhibition?
3. The differences/advantages/disadvantages between ‘‘open’’ and ‘‘closed’’ photo-bioreac‐
tors, if any?
4. The requirements of the specific application and the resources at hand.
Growing microalgae at their optimum temperature, light intensity, nutrient levels and CO2
will result in high yields, but the growth rates may be low. The aim for applied phycologists,
therefore, is to improve the rates or to realize the highest yields in the shortest possible time
[5]. When growing algae the numbers of variables that can be controlled are limited. These are:
1. Culture depth or optical cross section. In open ponds light is attenuated with depth (Fig.
1), while the light attenuation and distribution become more complicated in closed
vertically placed and transparent tube reactors.
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2. Mixing and the resultant turbulence. This differs markedly between open and closed
systems, where much higher rates of turbulence can be achieved in closed tubular reactors,
while laminar flow is often a problem in open raceway ponds.
3. Supply of nutrients and CO2, and the prevention of deficit zones.
4. The biomass concentration or areal density. This determines the in-culture light climate,
where a higher biomass will attenuate light energy more and vice versa. This also deter‐
mines the light acclimated state of the microalgae.
5. The culture operation being either batch, semi-continuous or continuous.
6. Temperature within limits as well as the dissolved O2 build-up in closed reactors.
4. Light
The production of mega-tons of biomass implicitly means that natural sunlight must be the
source of light. Ironically only about 20 to 25 % of photosynthetically active radiation (PAR)
from the sun saturates photosynthesis. Furthermore, the action spectrum of photosynthesis
has a peak in the blue and red light regions [15], meaning that the green wavelengths have
little photosynthetic value. In mass algal cultures light energy and its capture through
photosynthesis is complex and it is governed by;
1. The intensity of the light.
2. The quality of the light and the selective absorption of specific wavelengths by the
microalgal biomass.
Figure 1. Productivity (solid line) and light attenuation (small dashed) depth profiles (A) in a microalgal culture show‐
ing photo-inhibition at the surface, maximum production (Pmax) and a decrease in production with depth. The produc‐
tivity profile is normalized with the chlorophyll a (Chl a) content (PB) to give the Chl a specific productivity (long dashed
line in B) and this gives the quantum efficiency (Φ) when normalized with the light intensity (dot dash line in B). Also
shown in B is Ik the transition light intensity from light limited to light saturated growth and the photosynthetic effi‐
ciency (α) at light limited photosynthesis.
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3. The angle of the light impinging on the culture surface.
4. The condition of the culture surface, e.g. being smooth or rippled.
5. The optical density of the culture (assuming that only algal mass attenuates light energy).
6. The movement of individual cells through a light gradient caused by light attenuation in
an optically dense culture (turbulence).
7. The light acclimated state of the culture.
Figure 2. The photosynthetic irradiance (P/I) response of microalgae, where the open arrows indicate the high light
acclimated response direction and the filled arrows the low light acclimated direction (figure after [15]). Rd is dark res‐
piration Pmax the maximum photosynthetic rate, Ic the maintenance light energy, α the maximum photosynthetic effi‐
ciency, Ik the transition light intensity from light limited to light saturated photosynthesis, and Ii the light intensity
above which photosynthesis is photo-inhibited.
The photosynthetic versus irradiance response curve (P/I) also applies to microalgae and it has
been used extensively to describe the response of algae to light energy. Three distinct regions
are discernible; i.e. an initial light limited region at low light intensities where photosynthetic
rates increase with increasing irradiance, a light saturated region where photosynthetic rates
are independent on irradiance, and a region of photo-inhibition in which photosynthetic rates
decreases with an increase in irradiance. In the light limited region the rate of photon absorp‐
tion is correlated with the absorption of light energy and thus the rate of electron transport
from water to CO2, with the liberation of O2. This initial slope or alpha (α) [16] when normalized
with chlorophyll a or biomass is the maximum quantum efficiency of photosynthesis. The
transition between light limited and light saturated photosynthesis could be gradual or abrupt
[17], implying a non-linearity between absorbed light and photosynthetic rates. At light
saturation photosynthetic rates reach a maximum (Pmax, Fig. 1B and 2) irrespective of an
increase in light intensity. The transition between light limited and light saturated photosyn‐
thesis is donated by Ik and it is defined as:
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At light saturation, the rate of photon absorption exceeds the rate of electron turnover in
photosystem II (PS II), without damaging PSII. However, at even higher irradiancies light-
induced depression of photosynthesis occurs commonly referred to as photo-inhibition. Over
short term time scales, light induced photo-inactivation of PS II could be viewed as a survival
strategy by reducing the number of redundant PS II units. If PS II reaction centres are not
repaired through the continuous replacement of the D1 protein, then the damage would
become permanent resulting in PS II inactivation [18]. Thus the light-dependent inactivation
may be reversible or irreversible. An important finding is that Pmax was unaffected when PSII
reaction centres were reduced by almost 50 % [19]. The reason for this is that the acceptor side
of photosynthesis is limited by the capacity of the Calvin-cycle, and the impact of photo-
inhibition would only become apparent when the numbers of reaction centres are reduced to
such a level that the capacity of the Calvin-cycle cannot be met.
Algae (and for that matter all plants) have developed several mechanisms to cope with changes
in the quality and intensity of light. In essence the aim of a plant is to acclimate to the prevailing
light climate by ensuring that the light reactions exceed the dark photosynthetic reactions.
According to Sukenik et al. [20] the Rubisco levels remained relatively constant under varying
light regimes, suggesting that the major regulation occurs in the light reactions, especially of
PS II. This could be achieved through modulation of the light-harvesting capacity (various
photosynthetic pigments) and/or changes in the number and sizes of PS II reaction centres
(light harvesting units).
Photo-acclimation affects all components of the P/I curve (Fig. 2), where the open arrows show
the direction of the response due to high light and the solid arrows the response due to low
light acclimation [15]. The acclimation can take place in time-scales from seconds to hours,
depending on the parameters measured [21]. It is important to realize that the microalgae
present in a high density algal culture have acclimated to the average light intensity over the
entire optical cross section. Furthermore, the microalgae will acclimate during the production
cycle in batch cultures, being high light acclimated soon after inoculation of a new culture, to
low-light acclimated at the end of the batch process when the cell density is high [22].
There is little that can be done with the above when the scales of mega-mass microalgal
production systems are taken into consideration. It may be possible to maintain the biomass
in a low light acclimated state by keeping the biomass concentration high. Such acclimated
microalgae have high α, low Pmax at saturating light intensities and low concentration of
auxiliary photosynthetic pigments [22]. However, in small-scale production systems, it is
possible to utilize the photo-acclimated state of microalgae to achieve very high areal yields.
Grobbelaar and Kurano [23] tested a multi-layered flat plate photo-bioreactor, where the
microalgae were acclimated to high light in the first layer facing the light source, followed by
a layer where the microalgae became progressively more low light acclimated. In this reactor
the properties of high and low light acclimated microalgae could simultaneously be exploited
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and productivities were almost 40 % higher compared to a single layer flat plate reactor of
similar optical cross section.
5. Light/dark cycles
Grobbelaar [14] proposed that the key to high productivities lies in turbulence induced short
L/D cycles. The three major effects of mixing are:
1. Prevention of the cells settling to the bottom of the pond. Should this happen, so-called
“dead zones” occur where the accumulated of organic material leads to anaerobic
decomposition and the release of unwanted substances and metabolites.
2. To prevent the formation of nutritional and gaseous gradients. Over and above the
obvious lowering of oxygen super saturation, mixing would decrease the boundary layer
around the cells [23-24]. This would increase the mass transfer rates between the cells and
the culture medium for both nutrient uptake and exudation of metabolites. Grobbelaar
[26] went on to show that a synergistic enhancement of productivity takes place between
decreasing the boundary layer and L/D cycles, with increasing turbulence (see next point).
3. To move the cells through an optically dense gradient, with variations in the quantity and
quality of light energy. In outdoor mass cultures the algae are subjected to the dynamic
natural environment, with its variations in the quantity and quality of the light, both
diurnally and seasonally, as well as through the mechanical means of mixing.
Kok [27] showed that photosynthesis is influenced by the intensity of light, L/D fluctuations
and the ratio of dark time to light time. He used the term ‘flashing light’ to indicate the light
time and it has often been confused with single turnover flashes. He concluded that the light
time should be less than 4 ms in order to achieve ‘full’ efficiency and that the dark time should
be at least ten times as long as the light time. For many decades, the enhancement of photo‐
synthesis in intermittent light was interpreted as some residual light energy that was captured
during the light time and then utilised in the dark until the next light flash is received. Today
we know that this is not possible, because the time-scales for electron turnover in PSII and PSI
range from femto- to milli-seconds [14].
Kok [27] also found that the pattern of intermittent light required, for high yields of Chlorella
was dependent on turbulence manifested in a flowing culture. The increased production of
biomass as a result of increased turbulence was eloquently demonstrated by Laws et al. [28]
who placed aerofoil type of devices in the channels with flowing cultures. These caused
vortices of 0.5–1 Hz at a flow rate of 30 cm/s, which resulted in photosynthetic conversion
efficiencies increasing from an average of 3.7 to up to 10%.
Increasing photosynthetic rates and efficiencies in intermittent light has been shown by several
authors, e.g. [21, 26] and Grobbelaar [2] found that the increase in specific production rates
were consistently exponential with increasing L/D frequencies. The observed increases in
productivities with increasing L/D frequencies are directly linked to electron turnover rates in
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the electron transport chains of photosynthesis. As the L/D frequencies approach the turnover
rates, productivities and photosynthetic efficiencies increase until the L/D frequencies match
the turnover rates, where production and photosynthetic efficiencies would be at their highest.
These rates are in the millisecond range and in practical terms this should form part of the
operational considerations when designing photo-bioreactors.
Grobbelaar [14] showed that the photosynthetic rates increased on average 2.1 times at equal
L/D cycles when the frequencies were increased from 0.1 to 10 Hz and that the enhancement
of photosynthetic rates only becomes significant at cycles > 0.1 Hz. In practical terms this
should be achievable in SLP (short light path) reactors [14]. However, special devices would
be needed in open raceway ponds, such as aerofoils [28], rippled floors and sides, and
curvilinear end geometries.
6. Photo-inhibition
As discussed above, photo-inhibition is the light-induced depression of photosynthesis when
the rate of photon absorption exceeds the rate of electron turnover in PS II. Over the short term,
light-induced photo-inactivation of PS II is a survival strategy, whereby the number of
redundant PS II units is reduced. Prolonged exposure to high light intensities eventually
results in PS II reaction centres not being repaired, through the continuous replacement of the
D1 protein. The damage then becomes permanent resulting in PS II inactivation [18]. Whether
photo-inhibition occurs in dense mass algal cultures is open for debate, especially in turbulent
tubular and plate photo-bioreactors. Congming and Vonshak [29] reported a midday maxi‐
mum quantum efficiency (Φmax) depression of dark adapted Spirulina platensis as a result of
reaction centre inactivation, which they ascribed to photo-inhibition. Grobbelaar [30] meas‐
ured a similar midday depression of Φmax on open outdoor raceway Spirulina platensis cultures
but concluded that it was as a result of light energy being lost as heat dissipation. This was
particularly evident in low density cultures where more than 60 % of the reaction centres
became “silent”, meaning that they neither reduced QA, nor returned their excitation energy
to the antenna.
Laminar flow is common in large open raceway ponds and Laws et al. [28] found that they
had to space their foil arrays 1.2 m apart, because of the rapid dissipation of mixing in the
raceway channels. Since raceway channels can be >100 m, it is reasonable to expect photo-
inhibition to be a factor in the surface layers of the cultures. Grobbelaar et al. [31] modelled
microalgal productivity in large outdoor raceway ponds. The model was calibrated against
two years of data collected from five raceway ponds differing in surface area from 71 – 263
m2. In a generalized form the model is written as:
PROD(mg  (dw)m -2h -1)= PRD - RES - INB (2)
Where PROD = net production, PRD = productivity, RES = respiration, and INB = photo-
inhibition.
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PRD is calculated from inputs of the biomass concentration in the culture, culture temperature
and light impinging on the surface of the culture. The equation for PRD is:
PRD =(A1.X1(A2T )).( I z .Is(A3T )I z + Is(A3T ) ) (3)
where A1 – A3 are constants, X1 is the biomass concentration in mg (dw) L-1, Iz the irradiance
in mol quanta m-2 h-1 at depth z in meters, Is the light half saturation constant and T a temper‐
ature factor. Equation (3) has temperature/biomass and temperature/light energy terms. A1 is
the light utilization efficiency, A2 the Q10 of photosynthesis and A3 the Q10 for the light half
saturation.
The component RES includes all losses due to respiration and exudation of organic compounds
from the cells and is calculated from the following equation:
RES = X1(( 1.5T -0.54
)
100 ) (4)
Photo-inhibition (INB) was included in the model and the equation was constructed such that
it only took new production (PRD) into account, that it increases linearly with an increase in
irradiance above a threshold irradiance of 1 mol quanta m-2 h-1, and that temperature affected
the overall rate. Photo-inhibition was calculated from:
INB = PRD(( 2.5T75 ).Iz) (5)
Shown in Fig. 3 are the outcomes (predictions) for the day time interval of 12:00 to 13:00, in a
15 cm culture depth open raceway pond, with a daily irradiance of 60 mol quanta m-2 d-1,
minimum and maximum temperatures of 10 oC and 30 oC, 12 hour day-light length and culture
biomass concentrations of 200 (Fig 3A), 400 (Fig. 3B), 600 (Fig. 3C), and 800 mg (dw) L-1 (Fig.
3D). The exponential decrease in irradiance with increasing depth is seen where all the light
energy is absorbed at different depths, depending on the biomass concentration and the
resultant attenuation of light energy. Grobbelaar et al. [31] defined the condition where all the
light energy is absorbed over the depth profile (optical cross section) as the optimal areal
density for maximum productivity (Fig. 2 B). Net productivity typically showed photo-
inhibition at the surface, where the depth of Pmax depended on the areal biomass density,
ranging from 6 cm at an areal density of 30 g m-2 to 2 cm at an areal density of 120 g m-2. Below
Pmax productivity decreased as the light energy was attenuated. The impact of photo-inhibition
is seen at optical depths deeper than that at Pmax when the plots of net production (PROD) are
compared to the plots where photo-inhibition is excluded (PRD – RES, the dot dot dash lines
in Fig. 3).
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Figure 3. Modelled response of irradiance, PROD, INB and PRD-RES at four areal densities.
The significant impact that photo-inhibition has on the overall productivity is evident in all
four examples (Figs. 3A – 3D), when the depth integrated rates are compared (Table 1). Losses
due to photo-inhibition are clearly dependent on areal density and light attenuation where it
is the lowest at the optimal areal density. At an areal density of 120 g m-2 losses due to photo-
inhibition can be as high as 66 % (Table 1). Respiratory losses are also dependent on areal
density and increases linearly with an increase in areal density. However, as the “dark” zone
increases with an increase in areal density a larger percentage of the biomass is lost due to RES
(Fig. 3 and Table 1). For example the total RES loss at a biomass concentration of 200 mg L-1 is
9.6 %, whereas at 800 mg L-1 it is 28 % (Table 1).
With such losses, it is surprising that very little research has gone into eliminating or limiting
the losses due to photo-inhibition. Several authors, e.g. [25, 27 and 31], have already reported
significant increases in volumetric and areal productivities where mixing was increased. As
mentioned above, Laws et al. [28] attributed an increase of up to 10 % in photosynthetic
efficiencies in their systems where foils created vortices with rotation rates of about 0.5–1 Hz.
However, Grobbelaar et al. [22] showed minimal enhancement at light/dark cycles ≤1 Hz. This
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was acknowledged by Laws and Berning [33] and they attributed the increased productivity
in flumes with foils, rather to the re-suspension of settled cells and breaking down of nutrient
gradients. As stated before, Grobbelaar [26] clearly showed how increased turbulence
enhanced the exchange rates of nutrients and metabolites between the cells and the growth
medium, and this, together with increased light/dark frequencies, synergistically increases
productivity and photosynthetic efficiency.
It is thus suggested that mixing microalgal cells in dense cultures other than the obvious re-
suspension of the cells are important for:
1. Moving the cells in a light energy attenuating medium resulting in various L/D cycles and
patterns.
2. Altering the boundary layers on the cells and thus the uptake and release of substances.
3. Shortening the exposure time allowing above saturating light intensities to be utilized. It
is suggested that as the L/D frequencies approach the electron turnover rate full sunlight
could be captured through photosynthesis, if the areal density of the cultures are high
enough.
4. Ensuring an “average” photo-acclimated state of the entire culture. Grobbelaar et al. [34]
clearly demonstrated how the photo-acclimated state of an outdoor culture changes
depending on the cell density and how this affects the culture productivity.
7. Conclusions
The success or failure of producing mega-quantities of microalgal biomass will depend on
culture systems where high photosynthetic rates are maintained. Although conditions in
closed photo-bioreactors (vertical tubular, helical tubular, vertical flat plate or horizontal flat
panel) are generally conducive for high photosynthetic rates; fowling, hydrodynamic stress
and scale-up limitations [35], essentially rule these kinds of systems out, for mega-scale
production microalgal biomass.
Biomass in mg (dw) L-1 200 400 600 800
PRD 2167 2719 2860 2966
RES 209 419 628 837
INB 613 665 752 848
PROD 1345 1635 1481 1280
PRD – RES 1958 2300 2232 2128
% loss due to INB 45 40 50 66
Table 1. Predicted depth Integrated results in mg (dw) m-2 h-1 in four cultures all, 15 cm deep, minimum and
maximum temperatures of 10 oC and 30 oC, irradiance from 12:00 to 13:00 of 8.2 mol quanta m-2 h-1, and at biomass
concentrations of 200, 400, 600 and 800 mg (dw) L-1. The abbreviations are as defined in equations 2 to 5.
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It is clear that features of growth reactors that would have to be considered are:
1. the surface/volume (S/V) ratio where the aim should be to operate systems with the highest
possible S/V ratio,
2. mixing and not only the devices used, e.g. paddle wheels, airlift or impellers, but critically
the prevention of laminar flow,
3. mass transfer rates of nutrients and metabolites, where this is dependent on mixing,
4. the light exposure patterns, especially with the introduction of mixing devices to manifest
L/D cycles of > 0.1 Hz and limiting of photo-inhibition losses,
5. nutrient supply and modes of dosing (see [36])
6. the scalability of the systems and potential of automation, and
7. the ease of operation.
Producing the quantities required for, e.g. bioenergy [3] production, would only become a
reality when the above factors are systematically researched, analysed and optimized.
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It is clear that features of growth reactors that would have to be considered are:
1. the surface/volume (S/V) ratio where the aim should be to operate systems with the highest
possible S/V ratio,
2. mixing and not only the devices used, e.g. paddle wheels, airlift or impellers, but critically
the prevention of laminar flow,
3. mass transfer rates of nutrients and metabolites, where this is dependent on mixing,
4. the light exposure patterns, especially with the introduction of mixing devices to manifest
L/D cycles of > 0.1 Hz and limiting of photo-inhibition losses,
5. nutrient supply and modes of dosing (see [36])
6. the scalability of the systems and potential of automation, and
7. the ease of operation.
Producing the quantities required for, e.g. bioenergy [3] production, would only become a
reality when the above factors are systematically researched, analysed and optimized.
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